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Preface

The mechanical properties of cells can be used to distinguish pathological from nor-
mal cells and tissues in many diseases, not only those where the relation between
mechanics and physiology of the disease is obvious, like infarcted heart tissue, but
also those where this relation is less obvious or still unknown, like cancer. This book
outlines the physics behind cell and tissue mechanics, describes the methods, which
can be used to determine the mechanical properties of single cells and tissues, and
presents various diseases, in which a mechanical fingerprint could be established.
Cell mechanics has the potential to serve as an assay, which could be widely used in
the future. This book aims to introduce this topic to researchers from backgrounds as
varied as biophysics, biomedical engineering, biotechnology, as well as graduate stu-
dents from biology to medicine to introduce this novel and exciting concept to the
community. In this book, we introduce to several aspects of cell biology, emphasizing
the importance of the cytoskeleton, the cell membrane and glycocalyx, and the extra-
cellular matrix. One chapter introduces the physics of continuum mechanics and its
application to cells, including viscoelastic measurements. Then, various methods for
measuring the mechanical properties of cells and tissues are discussed. Finally, evi-
dence on the mechanical fingerprint of diseases is presented, discussing the proper-
ties of pathological cells from cancer, muscular dystrophy to diabetes, to name just a
few here.

The first volume presents a comprehensive description of the basic concepts of
soft matter mechanics and of the nano- and microscale biomedical methods that
characterize the mechanical properties of cells and tissues.

The second volume is dedicated to discussing several biomedical applications
of the mechanical phenotyping of cells and tissues to specific disease models. The
topical chapters on mechanics in disease are preceded by chapters describing cell
and tissue structure and their relationship with the biomechanical properties, as
well as by describing dedicated sample preparation methods for the nano- and mi-
croscale mechanical measurements.

This book has been written for the primary benefit of young researchers but
also of senior scientists, involved in interdisciplinary studies at the boundary of
Physics, Biology and Medicine, and committed to transforming academic scientific
and technological knowledge into useful diagnostic tools in the clinic.

We like to thank all authors of the various chapters for their valuable contribu-
tions. We appreciate very much your efforts and your continuing support over the
time needed to create this work.

https://doi.org/10.1515/9783110989380-202
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Cell and Tissue Structure





Małgorzata Lekka

4.1 Cell Structure: An Overview

In living organisms, molecules subject to all the physical laws form spatial complex
(bio)chemical structures capable of extracting energy from their environment and
using it to build and maintain their internal structure. Each component of a living
organism has specific functions at organ and cell levels that maintain cells in a
steady state of internal physical and chemical conditions (homeostasis). Diseases
occur due to many reasons. Some of them are linked with spontaneous alterations
in the ability of a cell to proliferate, while others result from changes generated by
external stimuli from the cell microenvironment. Regardless of the cause of dis-
eases, cellular homeostasis undergoes severe alterations to which cells must adapt
to survive. Otherwise, they can die. Recent studies on the role of biomechanics in
maintaining cells and tissue homeostasis in various pathologies show that it is ex-
tremely important to link physical and chemical phenomena with the alterations in
the structure of living cells or tissue. Accordingly, in this chapter, basic structural
elements are described.

A cell is an individual unit containing various organelles used to maintain all
living functions (Lodish et al., 2004). An example of the simplest cell is a bacterium.
In bacteria, all cellular processes are carried out within a single cell body. In multi-
cellular organisms, different kinds of cells perform different functions. Cells embed-
ded within their microenvironment (the extracellular matrix, or ECM) assemble in
highly specialized tissues (connective, muscle, nervous, and epithelial) as the basis
for organ formation. Despite the high level of cellular specialization, most of the
animal cells possess similar cellular structures (Figure 4.1.1).

A major component of the cell is the nucleus. The nucleus is a highly specialized
organelle that contains genetic information encoded in DNA strands. It is surrounded
by a double-layer phospholipidic membrane (called the nuclear envelope) that sepa-
rates it from other regions present inside the cells. The nuclear membrane contains
holes (called nuclear pores) that regulate the passage of molecules to and from the
nucleus. A semifluid matrix found inside the nucleus is called nucleoplasm. Within it,
most of the nuclear material consists of chromatin, the less condensed form of the
cell’s DNA that organizes to form chromosomes during mitosis or cell division. The nu-
cleus also contains one or more nucleoli, which are membraneless organelles that
manufacture ribosomes – the cell’s protein-producing structures.

Close to the cell nucleus, an endoplasmic reticulum with associated ribosomes is
located. This organelle is responsible for protein and lipid synthesis. Newly synthesized
proteins and lipids are sorted in the Golgi apparatus, from which they are distributed
to other cellular compartments or membranes.

Małgorzata Lekka, Institute of Nuclear Physics, Polish Academy of Sciences, Kraków, Poland
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The mitochondria are organelles where energy is stored. They contain two major
membranes: the outer and the inner membranes. The inner membrane has restricted
permeability, and it is loaded with proteins involved in electron transport and ATP
(adenosine triphosphate) synthesis, used for energy production. The outer membrane
has many protein-based pores that enable the transport of ions and small molecules.

The lysosomes are specialized organelles that function as the digestive system
inside cells and are responsible for the degradation of material taken in from out-
side the cell and for the digestion of obsolete cellular components. Lysosomes con-
tain arrays of enzymes capable of breaking down any type of biological polymers –
proteins, nucleic acids, carbohydrates, and lipids.

Within the cellular space, multiple types of various vesicles (e.g., endosomes)
are required for the molecular transport within the cell and between the cell and its
environment.

Each cell is surrounded by a cell membrane that separates the cell interior from
the surrounding microenvironment. It is not only a structural scaffold within which
cells are embedded but also contains various proteins, proteoglycans, and other
molecules that participate in distinct cellular functions like adhesion or migration.
The cell membrane consists of a double layer of phospholipids in which proteins
are embedded. The interaction of the cell with the ECM mainly happens through
the action of integral (going across the cell membrane) and peripheral (attached to

Figure 4.1.1: Schematic structure of an animal cell.
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the outer side of the cell membrane) proteins regulating the transport of substances
to and from the cell.

All intracellular organelles are embedded in the cytoplasm filling the cell inte-
rior. The cytoplasm contains two elements, that is, the cytosol (a liquid fraction)
and the cytoskeleton (a network of protein filaments).

The cytosol is the intracellular fluid comprised of water, dissolved ions, large
water-soluble molecules, smaller molecules, and proteins. Within it, multiple levels
of organization can be found. These include concentration gradients of small mole-
cules such as calcium, large complexes of enzymes that act together to carry out
metabolic pathways, and protein complexes such as proteasomes that enclose and
separate parts of the cytosol.

The cytoskeleton is a mesh-like structure composed of various filamentous pro-
teins. Apart from its structural functions related to maintaining cellular shape and
providing the tool for organelles’ arrangements, the cytoskeleton participates in vari-
ous processes through interactions with other proteins, such as muscle contraction,
cell division, migration, adhesion, and intracellular transport. The cytoskeleton helps
establish regularity within the cytoplasm and, together with the plasma membrane,
determines the mechanical stability of the cell. The cytoskeleton comprises three
main elements – actin, intermediate filaments, and microtubules. A mesh-like struc-
ture composed of actin filaments is located beneath the cell membrane. Intermediate
filaments form a ring around the cell nucleus and span over the whole cell volume.
Microtubules have one end located at the microtubule-organizing center (a centro-
some) close to the cell nucleus and the other in the cell membrane.

In the following chapters, detailed descriptions of cell structural components are
presented.

Reference
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4.2 The Cytoskeleton

Adherent cells are anchored via focal adhesions to the extracellular matrix, which
is essential for force transduction, cell spreading, and migration. Focal adhesions
consist of clusters of transmembrane adhesion proteins of the integrin family and
numerous intracellular proteins, including talin and vinculin. They link integrins to
actin filaments and are key players of focal adhesions that build up a strong physical
connection for transmitting forces between the cytoskeleton and the extracellular
matrix. These proteins consist of a globular head and a tail domain that undergo con-
formational changes from a closed, autoinhibited conformation in the cytoplasm to an
open, active conformation in focal adhesions, which is regulated by phosphorylation.

4.2.1 Actin Cytoskeleton

Over the years, much research has provided information on the cellular function of
the cytoskeleton, which has helped in understanding the many aspects of cell be-
havior. Components of the cytoskeletal network are major regulators of processes
as diverse as establishing and maintaining gross cell morphology, polarity, trans-
duction of force, motility, and adhesion to matrix components and cells. The cyto-
skeleton has long been proposed to be involved in the organization/reorganization
of reporters in the plasma membrane. It is, therefore, critical to cell recognition
mechanisms for many types of associations. These can range from tissue formation
to the immune killing of foreign cells. Hence, the association of cytoskeletal ele-
ments with membrane components became a paradigm for signal transduction to
the cytoplasm from the cell surface and vice versa. Interaction sites for membrane
proteins with the interior of the cell are also key integration sites for transmitting
signals to several pathways, eliciting pleiotypic responses of cells to signals. Thus,
membrane–cytoskeletal complexes are mediators of crosstalk between receptors.
Cell surface receptors for diverse ligands, including growth factors and hormones,
and cell–matrix and cell–cell adhesion proteins, are transmembrane linked to mi-
crofilaments, which in turn interact with both microtubules and intermediate fila-
ments (IFs). These interactive systems of membranes, with all of the cytoskeletal
arrays, can elicit the global responses of cells to ligands such as mitogens, which
evoke major morphological perturbations (Carraway and Carraway, 2000).
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The cytoskeleton is a highly dynamic, multifunctional network that connects all
compartments of the cell in a three-dimensional space. This intracellular network pro-
vides eukaryotic cells with structural support to maintain cell shape and directional
locomotion. At the same time, it provides the opportunity for active, directed transport,
such as organelles or the separation of chromosomes in mitosis. In addition to actin
fibers, the cytoskeleton consists of two other types of protein filaments, microtubules,
and intermediate filaments (IFs). All three comprise dynamic protein components that
polymerize into spiral-shaped fiber bundles (Figure 4.2.1).

Actin filaments (F-actin), with their flexible, double-helical structure of polymerized
globular monomers (G-actin) have a diameter of 7–9 nm. They are found below the
plasma membrane as a network (cortical actin) and also in the cytoplasm as discrete
fiber bundles (stress fibers) starting from adhesion complexes to the membrane. This
type of filament also shows orientation, as polymerization takes place at both ends,
but at different rates. The slower growing pointed end (minus end) points toward the
interior of the cell and the barbed end (plus end) polymerizes faster toward the plasma
membrane. The actin monomers follow the so-called treadmillmechanism (Pollard and
Mooseker, 1981), as ATP-bound G-actin attaches preferentially to the plus end through
weak non-covalent bonds, while monomers bound to dephosphorylated ADP detach
at the minus end of the filament (Carlier and Pantaloni, 1997). At constant G-actin
concentrations in the cell, dynamic restructuring of filaments takes place by this

Figure 4.2.1: Filament types of the cell cytoskeleton. (A) HUVEC (human umbilical vein endothelial
cells) taken by an 60x oil immersion objective. Green, F-actin (LifeAct-TagGFP2 protein); Red,
Tubulin (Monoclonal anti-alpha-Tubulin); Blue, Nuclei (DAPI staining using ibidi mounting medium)
adapted and taken from www.ibidi.com with permission. (B) Electron micrograph of the three
filament types from a permeabilized cell. After freezing and sublimation of water, the structures
were coated with platinum. Microtubules were highlighted in red (adapted and taken from Pollard
and Cooper (2009) with permission).
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mechanism, while the length remains constant. However, some toxins found in
sponges and fungi affect the dynamics of actin fibers and are therefore very useful in
the study of cellular functions of the actin cytoskeleton. For example, phalloidin,
which is commonly used for immunofluorescence, binds and stabilizes F-actin (Coo-
per, 1987). Substances such as latrunculin A and cytochalasin D, on the other hand,
promote depolymerization of the filaments, either by forming a complex with actin
monomers or by blocking the barbed end of the filament through their attachment.
Both the growth and branching of F-actin are precisely regulated by several actin bind-
ing proteins (Revenu et al., 2004). Capping proteins bind filament ends and thereby
vary the length of the filament (e.g., tropomodulin binds and blocks the minus end) by
promoting depolymerization (e.g., cofilin binds G-actin), preventing repolymerization
(e.g., gelsolin binds to the plus end), or promoting polymerization (e.g., profilin cata-
lyzes the exchange of actin-bound ADP to ATP) (Paavilainen et al., 2004). Other
actin-binding proteins, such as filamin, generate flexible actin gels by linking multi-
ple filaments (van der Flier and Sonnenberg, 2001). An important role in cross-
linking F-actin is played by the Arp2/3 complex, which binds laterally to an existing
filament and serves as a starting point for the polymerization of another filament at a
70° angle (Krause and Gautreau, 2014). Parallel actin fibers, in comparison, are formed
into rigid bundles by binding proteins such as α-actinin or fascin (Sjoblom et al.,
2008). Over 50 classes of different actin-binding proteins are now known (Edwards
et al., 2014). The dynamic structure of actin filaments is regulated by a large number
of factors and can, therefore, be quickly adapted to respective cellular needs (Tseng
et al., 2005). As a result, some actin structures are the same in all cell types, while
others fulfill a very specific function only in individual cell types. In tissues, for exam-
ple, actin structures are responsible for the polarity of the cells and the cohesion of the
epithelial cells or serve as mechanical support for microvilli on the cell surface. During
cell division, actin is used in the form of contractile rings to cut off daughter cells from
each other. Apart from the contractile apparatus in muscle cells, the actin cytoskeleton
plays a major role in cell movement. The assembly and disassembly of actin regulate
filopodia and lamellipodia at the cell front of migrating cells, and forces are generated
by ATP hydrolysis of the myosin motor proteins at actin fibers.

As the name suggests, microtubules form a hollow, tubelike structure, with a di-
ameter of approx. 25 nm, consisting of 12–17 laterally attached protofilaments. The
protofilaments are composed of dimers, which, in turn, are formed of globular α- and
β-tubulins. Microtubules originate from the centrosome and grow by polymerization
at the plus end toward the cell periphery. During mitosis, they form the spindle appa-
ratus through which the chromosomes are distributed in the daughter cells. In addi-
tion, the transport of organelles or vesicles along the microtubules takes place with
the help of motor proteins (kinesin, dynein, etc.). The microtubules are among the
most rigid elements in animal cells and contribute to the cell’s resistance to shear
forces through their structural design (Nogales, 2000).
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IFs are flexible, stable, and durable protein fibers with a diameter of 10–12 nm,
and, in contrast to the other fiber types, do not exhibit polarity. They additionally con-
nect actin filaments and microtubules with each other, whereby their main purpose is
the support function; and through the associated protofilaments, the IFs offer high
tensile strength. Therefore, they are mainly found in areas of high mechanical force,
such as epithelial cells and long-living structures such as hair. They also line the inner
nuclear envelope and stabilize the axons of nerve cells. IFs comprise a heterogeneous
group of proteins as the fibers are composed of different proteins, depending on the
cell type. A distinction is made between type 1 IF made of acidic and type 2 IF made of
basic keratins in epithelial cells, and type 3 IF made of vimentin in mesenchymal cells
or desmin in muscle cells. Type 4 IF are the neurofilaments of nerve cells, and type 5
IF are the lamins of the cell nuclear envelope (Herrmann et al., 2007).

4.2.2 Integrins: Adhesion Receptor
for the Cytoskeleton

Integrins belong to a family of transmembrane glycoproteins and are each com-
posed of an α-subunit and a β-subunit. In vertebrates, 24 different αβ-heterodimers
are found, consisting of one of 18 known α- and one of 8 β-subunits (Hynes, 2002).
Figure 4.2.2 gives an overview of the possible combinations of α- and β-subunits
and their ligands. Each subunit of the heterodimer has a large extracellular, single
transmembrane and small intracellular domain (except for β4-integrin).

The possible combinations of the two extracellular domains specify ligand bind-
ing; these are primarily extracellular matrix proteins. Despite the presence of large li-
gand proteins such as collagen, laminin, and fibronectin, many integrins recognize
only short peptide sequences, such as the three amino acids RGD (Arg–Gly–Asp)
found in fibronectin and vitronectin. While some integrins recognize only one specific
protein (e.g., α5β1 as fibronectin receptor), others have a variety of different binding
partners (e.g., αvβ3 with laminin, collagen, fibronectin, von Willebrand factor, and fi-
brinogen) (Kuhn and Eble, 1994). In addition to the expression of different integrin
subunits, the specificity can be further increased by alternative splicing of the cyto-
plasmic domains; thus, the intracellular function of the integrins can be adapted to
the respective tissue (Aplin et al., 1998). Both cytoplasmic domains fulfill important
tasks with regard to cytoskeletal attachment and signal transduction. Conserved se-
quences near the plasma membrane keep the two subunits together and in an inactive
state, presumably via salt bridges (Wegener and Campbell, 2008). Ligand binding in
the cytoplasm (inside-out signaling) or from the extracellular domains (outside-in sig-
naling) can cause a conformational change so that the two subunits swing apart, and
the heterodimer is activated. In this process, the angled, closed conformation of the
extracellular domain changes to an upright, open form (Xiong et al., 2001). Signal
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transduction by integrin molecules can occur in both directions across the plasma
membrane. Activation by extracellular ligands often leads to a conformational change
that allows cytoplasmic proteins to bind to the intracellular part of the transmem-
brane proteins, triggering local restructuring of the actin cytoskeleton or activating
signaling cascades (Campbell and Humphries, 2011). In contrast, when integrin heter-
odimers are activated by the interaction of cytoplasmic proteins (e.g., talin), the con-
formational change of the extracellular domains stimulate binding to matrix proteins
and “clustering,” that is, a local accumulation of integrin molecules in the membrane
can occur. This opens up binding sites for extracellular ligands and increases cell ad-
hesion (Liddington and Ginsberg, 2002). Clustering is supported by the lateral homo-
oligomerization of the activated α- and β-subunits (Li et al., 2003).

4.2.3 Integrin-Associated Focal Protein Complex

To fulfill the function of chemical and mechanical signal transmission in focal adhe-
sions, the integrins are linked to a multimolecular protein complex on the intracellular
side (Calderwood et al., 2003). Over 50 different proteins have already been identified
in focal adhesions, which is partly due to cell-specific integrin interactions and partly
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Figure 4.2.2: The integrin family with the various combinations of α- and β-subunits. Large ligand
diversity is shown by the frequently occurring integrin heterodimers with β1- and β3-subunits.
They form receptors for the RGD sequence in fibronectin and vitronectin. β1Dimers also connect to
collagen and laminin. In the basement membrane, α6β4 integrins couple the laminin to intermediate
filaments, and heterodimers with β2- or β7-subunits are found in cell–cell adhesions of leukocytes.
Drawn by Lovis Schween (MSc); Information taken from Hynes (2002).
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due to the complexity of the control processes of these numerous proteins (Bershadsky
et al., 2003) (Figure 4.2.3).

The obligatory cytoplasmic focal contact proteins include talin, paxillin, vinculin,
FAK, p130Cas, and α-actinin. In this process, individual proteins such as talin and
α-actinin bind directly to integrins and link to other focal proteins such as paxillin and
vinculin, ultimately resulting in the recruitment of actin filaments (Brakebusch and
Fässler, 2003). The linkage of ECM proteins to the actin cytoskeleton via the integrins
and the focal adhesion complex enable bidirectional force transmission (Hynes, 2002).
Talin is one of the first proteins involved in the formation of focal contacts and can
initiate the activation of integrins. It consists of two polypeptides that form an antipar-
allel homodimer (Rees et al., 1990). With the N-terminal head domain, talin binds to
β1- or β3-integrins, as well as to focal adhesion proteins such as FAK or PIP2 (Seelig
et al., 2000). PIP2-dependent binding of the FERM domain of talin to an NPXY motif of
the β-subunit is a critical step in integrin activation (Nayal et al., 2004). Meanwhile,

Figure 4.2.3: Proteins involved in the assembly and function of focal adhesions. Through their
cytoplasmic domain, integrin heterodimers bind to proteins, such as talin (orange), which, in turn,
interact with other focal adhesion proteins (e.g., FAK and vinculin). The entire protein complex then
interacts with the actin network. The focal adhesions regulate the actin network via mechanical
and biochemical signaling cascades to control the morphodynamics and gene expression of the
cell. Taken from Harburger and Calderwood (2009) with permission.
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the larger domain at the C-terminus of talin interacts with F-actin, as well as with
other cytoplasmic binding partners, such as vinculin (Bass et al., 1999). For vinculin,
there are three known binding sites (VBS) in the talin protein (VBS1: AS 498–636;
VBS2: AS 727–965; VBS3: AS 1943–2157), all of which associate with the same region
in the vinculin head domain. Vinculin stabilizes the binding of talin to the actin cyto-
skeleton, providing a direct mechanical coupling of the force-generating apparatus to
the integrins (Giannone et al., 2003). Auernheimer et al. (2015) examined the structure
and function of vinculin in focal adhesion protein. Calpain-induced proteolysis of talin
can restore the connection between integrins and actin fibers and promotes the disso-
ciation of focal adhesions. Like talin, α-actinin also binds to integrins as well as to
actin filaments, thus fulfilling a force-transmitting function (Otey and Carpen, 2004).
The actin-bundling protein localizes mainly in mature focal adhesions at the attach-
ment site of contractile stress fibers. That integrins not only serve for attachment to
the substrate but are significantly involved in signal transduction is shown, for exam-
ple, by the integrin-specific increase in phosphorylated proteins in cells adhering to
the fibronectin-coated surface. In the focal adhesions, in addition to the stabilizing
adapter proteins, numerous proteins involved in signaling are found, such as paxillin,
FAK, and p130Cas (Schlaepfer and Hunter, 1998). Phosphorylation (MAP kinases, PKC,
Src, FAK) and the concomitant recruitment of paxillin to the focal adhesion complex,
in turn, activate additional groups of signaling proteins (Brown and Turner, 2004). As
a result, Rho-GTPases are mobilized, and the actin cytoskeleton is reorganized. RhoA,
in particular, regulates myosin II activity, whereupon, the motor protein, together with
actin filaments, can generate intracellular contractile forces in response to mechanical
stimuli (Chrzanowska-Wodnicka and Burridge, 1996). Signaling proteins such as the
GTPases Rho and Rac also regulate the kinases that control phosphorylation and thus
the function of various focal adhesion proteins. When considering a large number of
proteins involved and their different tasks, which are as yet poorly understood and
may vary from cell type to cell type, it becomes obvious that focal adhesions are dy-
namic structures with changing size and composition. Due to mechanical coupling
and signaling, focal adhesions regulate the structure of the cytoskeleton, mechano-
transduction, migration, proliferation, differentiation, and apoptosis of the cell (Gold-
mann, 2014).

4.2.4 Phosphorylation

Reversible phosphorylation of proteins is one of the most important post-translational
modifications and the most common mechanism for regulating protein function and
signal transduction. Approximately one-third of the human proteome is phosphory-
lated at any one time, and it contains an estimated 500 kinases (Manning et al., 2002).
Protein kinases are enzymes that catalyze the transfer of the terminal phosphate
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group from adenosine triphosphate (ATP) to the hydroxyl group of one of the amino
acids: serine, threonine, or tyrosine. The opposite reaction, that is, the hydrolysis and
release of phosphate, is carried out by protein phosphatases. Since kinases recognize
not only the target amino acid of their substrate but also the surrounding consensus
sequence, some kinases act very specifically on individual proteins, while others
phosphorylate multiple substrates (Pawson and Nash, 2003). The effect of phosphory-
lation on the respective protein is very diverse; for example, the three-dimensional
protein conformation can be changed, an enzyme activity can be regulated, or the in-
teraction of proteins with each other can be enabled. Tyrosine kinases are important
components of cell proliferation, differentiation, and migration. Many signal transduc-
tion cascades rely on the recruitment of cytoplasmic proteins to the membrane, where
they bind to phosphorylated receptors or become phosphorylated, themselves. The
class of receptor tyrosine kinases (e.g., EGF or insulin receptors) has a transmembrane
domain with an extracellular ligand-binding site (receptor) and the intracellular cata-
lytic center (tyrosine kinase). Receptor kinases are activated by ligand binding; they
form dimers and can stabilize their active form by autophosphorylation of cytoplasmic
tyrosines as well as providing binding sites for other proteins in the signaling chain.
The recruited proteins have conserved binding domains for specific amino acids. For
example, the domains, SH2 (Src homology 2) and PTB (phosphotyrosine binding) rec-
ognize specific phosphotyrosine motifs (pY). Tyrosine kinases without an extracellular
ligand-binding receptor domain include the Src, Abl, and FAK kinase families. These
cytoplasmic kinases are activated by hormones, neurotransmitters, cytokines, or
growth factors. This activation often begins with the phosphorylation of a tyrosine res-
idue. The c-Src kinase is one of nine members of the Src family, which is found in
many different cell types and different cell areas. The protein structure of Src kinases,
for example, comprises four domains: a catalytic domain SH1, a SH2, and a SH3
domain, a N-terminal membrane localization sequence with a myristic acid residue,
and a subsequent specific region for the respective kinase (Boggon and Eck, 2004).
Also important is the short C-terminal tail of Src kinase, with the tyrosine residue it
contains at position 527. The kinase can be regulated by multiple extracellular signals,
including ECM-integrin contacts and, for example, growth factors such as EGF (Pa-
rsons and Parsons, 1997). Transient activation occurs through a conformational change
by releasing the intramolecular binding of the SH2 domain to pY527 in the C-terminus
and exposing the kinase domain. In addition, autophosphorylation of Y416 in the ki-
nase domain is required to achieve full functionality. During the adhesion of fibro-
blasts to fibronectin, c-Src is dephosphorylated and localizes in focal adhesions
(Kaplan et al., 1994). The binding of the SH2 and SH3 domains to p130CAS might play
a role in localization or stabilize the open, active conformation of c-Src. Through the
same domains, Src kinase can also bind phosphorylated paxillin or focal adhesion ki-
nase. The tyrosine kinase FAK (focal adhesion kinase) is a 125 kDa protein with a cen-
tral kinase domain and two proline-rich sequences in the C-terminus. Through the
FAT sequence, FAK localizes to focal adhesions (Polte and Hanks, 1995). In adherent
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cells, integrin signaling and the presence of Src kinase cause an increase in phosphory-
lated tyrosines in the FAK protein, resulting in increased activity of the kinase,
whereas, in detached cells, the protein is again dephosphorylated (Calalb et al., 1995).
Src kinase binds to the autophosphorylated FAK protein and thereby, in turn, pro-
motes the association of the adaptor protein p130Cas into the complex, as well as
its phosphorylation by FAK (Schlaepfer et al., 1997). The extent of phosphorylation
regulates various interactions of FAK, which, in addition to p130Cas, paxillin and
talin, binds to a variety of proteins containing an SH2 or SH3 domain (Chen et al.,
1995). Thus, FAK also functions as a cross-linking binding partner in the assembly of
focal adhesions.

It is clear that the focal adhesion components Src, FAK, p130Cas, and paxillin
form a functional unit and are essential for the structure and signaling in adhesions.
The activation of tyrosine kinases represents a crucial process of the integrin-mediated
signaling cascade, even though it is still unclear how their activation actually occurs.
Src, FAK, and other kinases, as well as the antagonistic phosphatases, play an impor-
tant role in numerous cellular processes, that is, cell growth, migration, apoptosis,
gene transcription, the immune response, or neuronal development (Burke, 1994). Re-
versible phosphorylation, thus, transmits and amplifies signals, so that the cell is able
to respond quickly to intra- or extracellular stimuli.

4.2.5 Dynamics and Force Generation via Focal
Adhesions

Reversible phosphorylation of proteins is one of the most important post-translational
modifications, and the most common mechanism for regulating dynamic cell move-
ment takes place not only in the course of embryogenesis but also in the adult organ-
ism, within the tissues. Migration is particularly evident in wound healing, when
fibroblasts migrate in, or in metastasis, when individual cells migrate out of the pri-
mary tumor and resettle in another part of the body. Although cells are in vivo sur-
rounded by a three-dimensional network of ECM proteins that strongly influence their
migration behavior, the basic processes of adhesion and cytoskeleton dynamics can
be studied well on two-dimensional substrates. Only the coordinated interplay of
force generation and force transmission to the substrate enables the movement and,
thus, the response of the cell to external stimuli. For a cell to migrate, it must first
adopt a polarized shape, which determines the direction of migration (Figure 4.2.4).

From the actin network at the cell front, broad lamellipodia or single filopodia
with long parallel actin fiber bundles are projected toward the membrane by polymeri-
zation (Pollard and Borisy, 2003). By protrusion, that is, pushing the membrane for-
ward by local actin polymerization, the cell opens up new territory. The assembly and
disassembly of filopodia take place within a few minutes. In order to stabilize a formed
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filopodium, the actin filaments must be anchored to the extracellular matrix via focal
contacts. Tensile forces are established via these new anchors in the cell front by
actin-myosin contraction (controlled by Rho kinases) (Beningo et al., 2001). The forces
transmitted to the substrate stabilize the new focal adhesions and place the cell under
tension (Pasapera et al., 2010). To transform the contraction forces into an efficient for-
ward movement, the adhesions in the posterior part of the cell must detach from the
substrate. Once the adhesive structures in the cell rear end have been dissolved (me-
chanically or biochemically), the cell body moves toward the cell according to the trac-
tion forces. Consequently, the spatial distribution of the protrusions and adhesions of
different strengths defines the direction of migration of a cell. It is known that cells
migrate along gradients of chemical or structure-bound signaling substances (e.g.,
chemotaxis, haptotaxis). Consequently, signal transduction of the external stimuli and
translation into coordinated control of the contractile and adhesive structures must
take place. The adhesion process begins with small, punctate, highly dynamic attach-
ments to the substrate, in which, initially, talin establishes a connection between the
integrins and the actin filaments (Möhl et al., 2009). This early stage in the cell periph-
ery is also referred to as nascent focal contact. Focal contacts are thought to play a
role in the mechanical sensing of the cell as it senses stiffness, geometry, and its
environment (Discher et al., 2005, Vogel and Sheetz, 2006, Geiger et al., 2009);
their number and size are highly dependent on the properties of the substrate.

Many of these early contacts dissolve within a short time, while others mature
into so-called focal adhesions through the recruitment of further proteins and the
bundling of actin fibers into stress fibers and accompanying force generation (Rive-
line et al., 2001). The applied forces from the environment, as well as the tensile
forces exerted by the actin cytoskeleton from inside the cell, cause a locally enhanced
accumulation of integrins in the membrane (clustering) (Choquet et al., 1997) and the
accumulation of further proteins, especially vinculin, in the focal complex (Galbraith
et al., 2002). In this way, the junction is further stabilized, and there is a growth in
the size of the focal adhesions (Golji et al., 2011). In addition to the composition of

1)

2)

3)

4)

Figure 4.2.4: Four stages of cell migration. (1) Actin
polymerization (green) causes the cell to form dynamic
protrusions. (2) Certain protrusions are anchored to the
substrate by new focal contacts (red). (3) By contraction of the
actin cytoskeleton the focal contacts are stabilized. (4) After
detachment of existing focal adhesions in the posterior part of
the cell, contraction shifts the cell body toward the new
adhesions. Taken from commons.wikimedia.org with
permission.
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the protein complex, the degree of phosphorylation of the proteins also changes. This
means that kinases are among the first recruited or activated proteins in the complex
(Obergfell et al., 2002). Phosphorylation and dephosphorylation can control the dy-
namics and maturation stage of focal adhesions (Lele et al., 2008). It is conceivable
that an increase in dynamics may lead to destabilization and, in combination with
the applied actin traction forces, eventually to the dissolution of the focal adhesion
(Wolfenson et al., 2011). The dissociation of focal adhesions must be regulated by di-
verse signaling pathways in addition to the force exerted, which are thought to in-
volve diverse GTPases, FAK, and also Src kinases (Carragher and Frame, 2004). The
tensile forces of the cytoskeleton arise from the interaction of myosin motor proteins
and actin filaments. Myosin II induces contraction forces through the lateral displace-
ment of actin fibers relative to each other, similar to the sarcomere of muscle cells.

In general, mechanical signaling pathways rely on a signal being transmitted
to biomolecules in the form of mechanical forces, such as tensile forces or shear
stress. Often, the applied force induces a conformational change in the protein, ex-
posing functional domains (Del Rio et al., 2009). This can be the trigger for cytoskel-
etal remodeling, cell shape, or modified gene expression (Chiquet et al., 2009).
Mechanical stimuli are often transmitted more rapidly than is the case with the per-
ception of chemical signals (Na et al., 2008). As another example, mechanical trac-
tion forces acting externally on the cell have been observed to cause calcium influx
across the membrane, which, in turn, causes intracellular force generation and pro-
tein recruitment to focal adhesions. Stabilization of focal adhesions and force trans-
mission to the substrate are significantly regulated by proteins such as vinculin
(Gallant et al., 2005). Consequently, it is essential to decipher the regulatory mecha-
nisms of vinculin recruitment to understand the signaling pathways and control of
focal adhesion formation and dynamics (Goldmann et al., 2013).

4.2.6 Conclusions

Adherent cells are in contact with the extracellular matrix via focal adhesions, a
connection that is crucial for many cellular processes. To understand how cells
perceive their environment and respond to different stimuli, it is essential to learn
more about the regulation and functioning of focal adhesions and the proteins in-
volved. Proteins such as vinculin and talin play a central role in the assembly and
disassembly of focal complexes; they stabilize the binding of transmembrane in-
tegrins to the actin cytoskeleton of the cell and are, thus, crucial in cellular force
transmission. Although intensive research has been conducted for years on focal
adhesion proteins and many details about the protein structure and interaction
partners are now known, it is still unclear exactly how the activation of the mole-
cules and, thus, their exact function are regulated.
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4.3 Cell Membrane and Glycocalyx

The cell membrane is a thin self-organized structure surrounding every living cell. In
eukaryotic and prokaryotic cells that are built out of the same kind of chemical compo-
nents, the physicochemical interactions at the membrane are also similar. The differ-
ences are due to specific lipid, protein, and carbohydrate components. Together with
the cytoskeleton, the membrane gives the cell its structure and protects the integrity
of its interior by selective transport systems, allowing the movement of specific mole-
cules from one side to the other. Cell membrane serves as a base of attachment for the
cytoskeleton in some organisms and the cell wall in others.

Knowledge of cell membrane structure has evolved based on evidence from physi-
cochemical, biochemical, and electron microscopic investigations. Lipids and proteins
are two major components of all biological membranes. The fundamental structure of
the membrane is the phospholipid bilayer, which is responsible for its basic function
as a barrier between two aqueous compartments, so the membrane is impermeable to
water-soluble molecules, including ions and most of the polar/hydrophilic solutes.
Proteins embedded within the phospholipid bilayer are responsible for the dynamic
function of membranes, including selective transport of molecules and cell–cell recog-
nition; they serve as receptors for various signaling molecules (Singer and Nicolson,
1972, Alberts et al., 2002).

4.3.1 Lipids as Components of Cell Membrane

Phospholipids are the most abundant lipids of the cell membrane. There are basi-
cally five major phospholipids, four of which are based on glycerol (phosphatidyl-
choline, phosphatidylethanolamine, phosphatidylserine, and phosphatidylinositol)
and one based on sphingosine (sphingomyelin).

Glycerophospholipids are complex lipid molecules made up of glycerol esterified
with two fatty acids, one saturated and one usually polyunsaturated, and phosphate
that is also esterified with aminoalcohol or alcohol (choline, serine, ethanolamine,
and inositol). The latter molecule composes the so-called head groups, which are
highly hydrophilic, while fatty acid chains, called tails, are hydrophobic.

Sphingomyelins are built of sphingosine with fatty acid bound by amide bond
and phosphocholine. Phospholipid molecules are amphipathic structures, with clearly
separated hydrophobic and hydrophilic groups, and sometimes even polar groups;
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for these reasons, they spontaneously form in water a double-layered membrane.
When in water or an aqueous solution, the hydrophilic heads of phospholipids orient
themselves to be on the outside, facing the ligands, while the hydrophobic tails are
on the inside of membrane (Figure 4.3.1).

Figure 4.3.1: The schematic view of a biological membrane and chemical structures of selected,
most common components.
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The phospholipids are asymmetrically distributed between the two halves of
the membrane bilayer. The outer leaflet of the plasma membrane consists mainly of
phosphatidylcholine and sphingomyelin, whereas phosphatidylethanolamine and
phosphatidylserine are the predominant phospholipids of the inner leaflet. A fifth
phospholipid, phosphatidylinositol, is also localized on the intracellular side of the
plasma membrane. Although phosphatidylinositol is a quantitatively minor mem-
brane component, it plays an important role in cell signaling. The head groups of
both phosphatidylserine and phosphatidylinositol are negatively charged, so their
predominance in the inner leaflet results in a net negative charge on the cytosolic
side of the plasma membrane.

In addition to the phospholipids, the plasma membranes of animal cells contain
glycolipids and cholesterol. Glycolipids are located on the outer leaflet of the cell mem-
brane, with their carbohydrate portions exposed at the cell surface. They are relatively
minor membrane components, constituting only about 2% of the lipids of most plasma
membranes, but often determine the antigenic properties of a cell. On the other hand,
cholesterol is an appreciable membrane constituent of animal cells, being present in
about the same molar amounts as the phospholipids.

With four fused rings and a branched hydrocarbon chain, cholesterol is a com-
pact, rigid, hydrophobic molecule which plays a distinct role in membrane structure.
Cholesterol molecules are dispersed between membrane phospholipids. Cholesterol
contains one hydrophilic hydroxyl group facing the extracellular surrounding, while
the rest of its rigid, planar hydrophobic structure is embedded in the sea of phospho-
lipid fatty acids. Due to its rigidity and lack of structural elasticity, cholesterol alters
the fluidity of the membrane and participates in controlling its microstructure. De-
pending on the temperature, cholesterol has distinct effects on membrane fluidity. At
high temperatures, cholesterol interferes with the movement of the phospholipid
fatty acid chains, making the outer part of the membrane-less fluid and reducing its
permeability to small molecules. However, at low temperatures, cholesterol has the
opposite effect by interfering with interactions between fatty acid chains and prevent-
ing membranes from freezing and maintaining membrane fluidity. Membrane fluidity
controls membrane-bound enzyme activity and functions such as phagocytosis or
cell signaling. Cholesterol is not found in the membranes of plant cells.

4.3.2 Cell Membrane Proteins

Singer and Nicolson (1972) identified two classes of membrane-associated proteins
called peripheral and integral membrane proteins, respectively. This classification
is based on the ease of removal of a specific protein from an isolated membrane.

Peripheral proteins dissociate from the membrane following treatments with
polar reagents, such as solutions of extreme pH or high salt concentration, which do
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not disrupt the phospholipid bilayer. The names imply a physical localization on the
membrane. These proteins are not inserted into the hydrophobic interior of the lipid
bilayer, they are rather loosely attached to membranes, some bound to integral pro-
teins. Negatively charged phospholipids interact with the positively charged region of
proteins by electrostatic bonds. Some peripheral proteins have hydrophobic sequen-
ces at one end of polypeptide chain that serve as an anchor in the membrane lipids.
Other kinds of peripheral membrane proteins are anchored only in the inner leaflet of
the plasma membrane by covalently attached lipids and play important roles as medi-
ators in transmitting signals from cell surface receptors to intracellular targets. Iso-
lated peripheral proteins are water soluble, and many of them are enzymes.

Isolation of integral protein requires rather drastic treatments, which disrupt the
phospholipid bilayer, such as use of detergents or organic solvents. Many integral
proteins are transmembrane proteins, which contain sequences of hydrophobic ami-
noacids in the lipid bilayer and hydrophilic parts exposed on both sides of the mem-
brane. Integral proteins usually contain tightly bound lipids to their hydrophobic
domains. The disruption of protein–lipid interaction leads to denaturation of protein
and loss of its biological function. Most enzymes that are integral membrane proteins
require a membrane lipid for activity. Integral proteins contain different specific do-
mains, for ligand binding, for catalytic activity, and for attachment of lipids or carbo-
hydrates. Most transmembrane proteins of the plasma membrane are glycoproteins,
with their oligosaccharides (glycans) exposed at the surface of the cell. These proteins
in the cell membrane have many different functions. Some are enzymes that catalyze
biochemical reactions, and some are involved in the transport of substances across
the membrane. Integral proteins, which contain specific domains, one for external li-
gand binding and another for catalytic activity, can function as receptors. They can
bind corresponding ligands to initiate cellular signaling pathways.

4.3.3 Proteins and Lipids Diffuse in the Membrane

Interaction among lipids and between lipids and proteins is very complex and dy-
namic. There is a degree of fluidity in the lipid portion of membranes, so both proteins
and lipids are able to diffuse laterally through the membrane. In some cases, the mo-
bility of membrane proteins is restricted by their association with the cytoskeleton,
but in other cases, the mobility of membrane proteins may be restricted by their asso-
ciations with other membrane proteins, including proteins on the surface of adjacent
cells, or with the extracellular matrix.

Proteins do not move across the membrane. Lipid displacement from one side of
the membrane to the other (flip-flop) is a very slow process. The plasma membrane is
a mechanosensing structure that transmits environmental stimuli and triggers intra-
cellular mechanisms, therefore mediating in the cellular response to mechanical
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stimuli and the subsequent biochemical responses. Upon applying external stress,
cells have multiple ways of supplying lipids to the plasma membrane, buffering the
increase of tension, forming curved structures, or supporting lipid reorganization.

4.3.4 Glycocalyx

The extracellular portions of the plasma membrane proteins are generally glycosylated.
Likewise, the carbohydrate portions of glycolipids are exposed on the outer surface of
the plasma membrane. Due to their presence, the cell interacts with the environment
through numerous glycan–protein structures, characterized by the various proportion
of glycan and protein components called proteoglycans and basically acidic polysac-
charide glycosaminoglycans (GAG). Therefore, the surface of the cell is covered by a
carbohydrate multifunctional coat, known as the glycocalyx, formed by the oligosac-
charides of glycolipids, transmembrane glycoproteins, and various associated with
them, highly hydrophilic protein–carbohydrate complexes. Proteoglycans and glyco-
proteins are generic structural components of a glycocalyx, but the precise biochemical
composition and structure is determined by the specific cell type and the prevailing
mechanical and physicochemical conditions (Lahir, 2016).

The glycocalyx is a highly hydrated fibrous meshwork of carbohydrates, which
projects out and covers the outside of many eukaryotic and prokaryotic cells, partic-
ularly bacteria.

Plant and bacterial cell possess a stiff layer, and this structural property has
protective, functional, and supportive nature. For example, the bacterial glycocalyx
mediates cell attachment, retains humidity during exposure to dry environments,
protects against molecular and cellular antibacterial agents (antibiotics, surfac-
tants, bacteriophages, phagocytes), and is associated with the ability of the bacteria
to initiate an infection.

In animal cells, the glycocalyx is a unique carbohydrate-rich boundary, and this
layer functions as a barrier between a cell and its surrounding (Tarbell and Cancel,
2016). The glycocalyx also serves as a mediator for cell–cell interactions, regulates the
cell’s permeability, and protects a cell membrane from the direct action of physical
forces and stresses allowing the membrane to maintain its integrity as well as trans-
mits physical forces to the cytoskeleton. Weinbaum et al. (2003) proposed a model in
which core proteins in the glycocalyx serve as lever arms that strengthen and trans-
form physical forces and stresses in the glycocalyx to transfer them to the cytoskeleton
(Figure 4.3.2).
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Figure 4.3.2: The localization and interactions of glycocalyx components with membrane
counterparts.
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4.3.4.1 Structure of Glycocalyx

4.3.4.1.1 Glycoproteins

Backbone molecules connect glycocalyx to the cell membrane. They are glycoconju-
gates with relatively small (5–12 sugar residues) and branched carbohydrate side
chains. The most abundant, functionally important glycoproteins are selectins, integ-
rins, and other adhesion molecules with immunoglobulin domains.

Selectins are transmembrane proteins that recognize specific carbohydrates on
the cell surface. There are three subsets of selectins: E – in endothelial cells, P – in
platelets and endothelial cells, and L – in granulocytes and monocytes and on most
lymphocytes. All three known members of the selectin family (L-, E-, and P-selectin)
contain a small cytoplasmic tail, a transmembrane domain, several consensus repeats
(2, 6, and 9 for L-, E-, and P-selectin, respectively), epidermal growth factor-like do-
main, and lectin-like calcium-dependent domain at the N-terminus. Each selectin has
a carbohydrate recognition domain that mediates binding to specific glycans on other
cells. In a multicellular organism, some oligosaccharides act as antigens. This feature
is very common during adhesive interaction important in inflammation and progres-
sion of cancer.

Integrins are transmembrane receptors that link the extracellular matrix to the
cell. Integrins are heterodimers composed of two noncovalently associated trans-
membrane glycoprotein subunits called α and β. Both of them have large extracellu-
lar domains, single-spanning transmembrane domains, and a short cytoplasmic
tail. Integrins function as transmembrane linkers between the extracellular matrix
and the actin cytoskeleton and also function as signal transducers, activating vari-
ous intracellular signaling pathways when activated by matrix components binding
(Alberts et al., 2002).

Other glycoproteins forming the glycocalyx are adhesion molecules like inter-
cellular adhesion molecules (endothelial, plate, vascular), glycoproteins acting in
coagulation, fibrinolysis, and homeostasis.

4.3.4.1.2 Proteoglycans

The proteoglycan core proteins may be incorporated into the cell membrane by a
glycosylphosphatidylinositol anchor (glypicans) or a transmembrane domain that
links to the cytoskeleton (syndecans). Proteoglycans are formed by the covalent at-
tachment of a core protein with one or more GAG chains through serine residues
(Couchman and Pataki, 2012).

Syndecans are single transmembrane domain proteins capable of carrying
three to five heparan sulfate (HS) and chondroitin sulfate (CS) chains. They interact
with a large variety of ligands, growth factors including fibroblast growth factors,
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vascular endothelial growth factor, transforming growth factor-beta, integrins, ex-
tracellular proteins such as fibronectin and collagens I, III, V, or thrombospondin,
and tenascin. There are four types of syndecans in human cells, namely syndecan-1
to syndecan-4. They are composed of three distinct domains, an N‐terminal variable
extracellular domain with GAG attachment sites, a single-conserved transmem-
brane domain, and a short C‐terminal cytoplasmic domain with two conserved re-
gions flanking a variable region unique for each syndecans (Couchman and Pataki,
2012). Syndecan ectodomains can be shed from cells and compete for cell surface
binding (Tarbell and Cancel, 2016).

Glypicans belong to the family of heparan sulfate proteoglycans, which are
linked to the cell surface via glycosylphosphatidylinositol, thus, can be released by
phospholipase activity. The modular structure of the glypicans has been highly con-
served throughout evolution: N-terminal signal sequence, a likely globular domain
containing a characteristic pattern of 14 cysteine residues, a domain with the GAG
attachment sites and hydrophobic C-terminal sequence involved in the formation of
the anchor. Six glypicans have been identified so far in vertebrates. In general, gly-
picans are expressed predominantly during development. Their expression levels
change in a stage- and tissue-specific manner, suggesting that glypicans are in-
volved in the regulation of morphogenesis (De Cat and David, 2001, Filmus, 2001).

4.3.4.1.3 Glycosaminoglycan

GAGs are long linear, acidic heteropolysaccharides with repeating disaccharide
units: D-glucuronic acid, L-iduronic acid, D-galactose or D-N-acetyloglucosamine,
D-N-acetylogalactosamine. GAGs differ in length and are modified by sulfation and/or
(de)acetylation to a variable extent. GAGs can be divided into the following four
major categories: HS /heparin (HP), CS/dermatan sulfate (DS), keratan sulfate (KS),
and hyaluronic acid or hyaluronan (HA). Glycocalyx GAGs except HA are covalently
linked to core proteoglycans. The point of attachment is a serine (Ser) residue to
which the GAG is covalently bound by O-glycosidic bond.

HS is the most abundant in the glycocalyx, accounting for 50–90% of the total
GAGs. HS is composed from 50 to 150 unbranched negatively charged disaccharide
units consisting of (D-glucuronic or L-iduronic acid) and D-glucosamine or N-acetyl-
D-glucosamine. Various degrees of sulfation occur (at the oxygen and/or nitrogen
containing groups) on each monosaccharide unit ranging from zero to tri-sulfation.
Heparan sulfate is less sulfated than HP. HS facilitates several important biological
processes in health and disease, including cell adhesion, regulation of cell growth
and proliferation, developmental processes, cell surface binding of lipoprotein li-
pase and other proteins, angiogenesis, viral invasion, and tumor metastasis (Raben-
stein, 2002).
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HA is unique among the GAGs; it is an unbranched, non-sulfated GAG that con-
sists of repeating disaccharide units of N-acetyl glucosamine and D-glucuronic acid.
HA polymers are very large (with molecular weights of 100,000–10,000,000 D). HA is
highly hygroscopic, and its aqueous state is highly viscous and elastic. Indeed, the hy-
aluronans are the largest polysaccharides produced by vertebrate cells. It forms non-
covalently linked complexes with proteoglycans in the ECM and it can be bound to the
cell membrane by, for example, CD44 antigen, cell-surface glycoprotein involved in
cell–cell interactions, cell adhesion, and migration (Tarbell and Cancel, 2016).

CS chains are unbranched polysaccharides of variable length containing two al-
ternating monosaccharides: D-glucuronic acid (GlcA) and N-acetyl-D-galactosamine
(GalNAc). CS chains are linked to hydroxyl groups on serine residues of certain pro-
teins. CS is an important structural component of cartilage and provides much of its
resistance to compression (Baeurle et al., 2009).

DS, also known as CS-B, is composed of linear polysaccharides assembled as
disaccharide units containing a hexosamine N-acetyl galactosamine (GalNAc) or
glucuronic acid (GlcA). DS is defined as a CS by the presence of GalNAc, but GlcA
residues are epimerized into L-iduronic acid.

KS is a linear polymer of lactosamine, 3Galβ1-4GlcNacβ1, sulfated at the C6 of
both hexoses. Cell types that secrete KS are neuronal cells, chondrocytes, and kera-
tinocytes. The class designations are based upon these protein linkage differences.
KSI is N-linked to specific asparagine residues via N-acetylglucosamine, and KSII is
O-linked to specific serine or threonine residues via N-acetyl galactosamine. The
third type of KS (KSIII) has also been isolated from brain tissue that is O-linked to
specific serine or threonine residues via mannose (Funderburgh, 2000).

The glycocalyx covers the cellular structure and is closely associated with cell
biology and cellular structure. The disorders in the structure or composition of the
glycocalyx play a major role in disease mechanisms. Diseases related to vascular
system (hypertension, stroke, atherosclerosis, kidney disease, and sepsis) are asso-
ciated with a degraded glycocalyx (Weinbaum et al., 2003). Disruption of glycocalyx
can lead to the loss of permeability barrier and the decrease in the protection of
cells against damage by various biological and chemical factors. By contrast, the
glycocalyx on cancer cells is found to be more “robust,” promoting a clustering of
intergins and increased signaling of growth factor. Also, elevated level of HS and
HA is associated with tumor growth and metastasis.

The glycocalyx plays an important role in mechanotransduction. Glycocalyx
structures transduce biochemical and mechanical forces into signals leading to cel-
lular responses (Lahir, 2016, Tarbell and Cancel, 2016).
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Ellen Zelinsky, Charles T. Anderson

4.4 Functions of Plant Cell Walls in Root
Growth and Environmental Interactions

4.4.1 Plant Roots

The roots of plants are less visible than their shoots but are nonetheless just as im-
portant. They anchor plants to enable upright growth and allow them to collect
vital water and nutrients from the soil. Shoots contain photosynthetic tissues,
which generate the energy-rich molecules that drive plant growth and develop-
ment, but photosynthesis would not be possible without the water, magnesium,
iron, sulfur, potassium, and other nutrients that are captured by roots. Roots (see
Figure 4.4.1) grow at their tips by the continuous production of new cells from an
apical meristem, and these cells elongate and then differentiate into distinct tissue
layers. Unlike shoots, which are covered in a waxy cuticle that provides protection
from pathogens and excess water loss but also prevents the absorption of water and
nutrients, the roots of plants typically lack a cuticle. This feature facilitates the ab-
sorption of water and nutrients from the soil but leaves roots open to attacks by
herbivores and pathogens and subjects them to physical stresses such as drought.
The only barriers between root tissues and the soil are the outer walls of root epi-
dermal cells. These cell walls lend strength to penetrate the soil, provide flexibility
for rapid growth, and protect against unwanted stresses.

4.4.2 Plant Cell Walls

Plant cell walls are extracellular matrices made of interacting networks of biopoly-
mers and are categorized into primary walls, which are laid down before and during
cell expansion, and secondary walls, which are deposited mainly after growth has
ceased. The primary cell wall is composed of three major classes of polysaccharides:
cellulose, pectins, and hemicelluloses, plus smaller amounts of structural proteins,
enzymes, small molecules, and water. Together, these components act centrally in
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the coordinated growth of plant cells. The main driving force of growth comes from
turgor pressure that accumulates within the plant cell. The internal environment of a
plant cell often has a larger negative osmotic potential due to high solute concentra-
tions within the cell. This promotes transport of water into the vacuole of the cell, in-
creasing turgor pressure. Without the presence of the cell wall, the cell would expand
in response to this increase in pressure until it reached the maximum volume allowed
by the plasma membrane and then burst. To prevent this, the cell wall must have high
tensile strength to withstand the turgor pressure generated in the cell. However, if the
primary cell wall were merely a rigid cage that stopped cell expansion, then the plant
would never be able to grow. This is where the cell wall’s second major physical attri-
bute comes in to play. A high-enough turgor pressure within the cell can cause cellu-
lose microfibrils to slip past each other, allowing the wall to yield and the cell to
expand irreversibly (Cosgrove, 2018). Not all deformations are irreversible in cell
walls. Cross-linking of matrix polysaccharides, pectins and hemicelluloses, are vital to
the elasticity of the cell wall, allowing it to expand temporarily and then return to its
previous state (Abasolo et al., 2009). This gives plants the flexibility to bend without
breaking, a vital trait for organisms that cannot move to take shelter from wind and
rain, for example. In primary walls, hemicelluloses (primarily xyloglucan in eudicots
or xylans in grasses) and pectins (primarily homogalacturonan (HG)) interact closely
with cellulose to maintain the integrity of the cell wall. The points at which cell wall
components come together are called biomechanical hotspots, from which the major-
ity of the strength of the wall arises (Cosgrove, 2018).

4.4.3 Cellulose

Cellulose in plants takes the form of microfibrils, which are long, thin structures con-
taining 18–24 hydrogen-bonded chains of β-1,4-linked glucose (Fernandes et al.,
2011, Thomas et al., 2013). Cellulose is synthesized by a complex of proteins called
cellulose synthases (CESAs). For example, there are ten different genes in Arabidopsis
thaliana that code for CESAs (Carroll and Specht, 2011). Some CESA genes are re-
quired for the synthesis of primary cell walls, whereas others are specific to the syn-
thesis of secondary cell walls (Taylor et al., 2003, Desprez et al., 2007, Watanabe
et al., 2018). Each CESA protein polymerizes a single glucan chain by forming a re-
peating unit of two glucose rings with a glycosidic linkage in a beta conformation
through the first and fourth carbons of adjacent glucoses. This repeating unit is called
cellobiose, and long chains of cellobiose make up the glucan chains of cellulose
(Brown Jr, Saxena et al., 1996). CESAs work in conjunction with each other, forming
complexes (CESA complexes, CSCs) that appear as six-lobed rosettes. The current
model of CSC conformation is as a hexamer of trimers, which would generate 18 glu-
can chains simultaneously (Nixon et al., 2016). These chains can then interact through
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van der Waals associations and hydrogen bonds, forming the microfibrils that are a
major source of rigidity in the cell wall. Cellulose microfibrils can also bundle together
to create even larger fibers in the cell wall, presumably providing extra strength.
The synthesis of cellulose appears to take place only at the cell surface. CSCs are
integralmembrane complexes and are guided along cortical microtubules, and the
physical action of generating cellulose pushes them along the plane of the cell
face (Diotallevi and Mulder, 2007, McFarlane et al., 2014). Additional deposition
of cellulose reinforces the walls in the direction of cellulose orientation. Cellulose
microfibrils have very high tensile strength along the axis of the fibril, but bun-
dles of fibrils can be pulled apart when off-axis forces are applied. Anisotropic
cell expansion, or expansion in one direction to a higher degree than another, re-
lies on these physical properties of cellulose microfibrils (Slabaugh et al., 2016). As
parallel microfibrils are laid down across the cell face, the turgor pressure in the cell
causes the cell to expand in the direction perpendicular to the direction of microfibrils.
In this way, plant cells can control their direction of expansion and thus their shape. In
cells of the root, where the direction of growth is along the root axis and rapid elonga-
tion is important, most of the cellulose is deposited in a transverse orientation (Ander-
son et al., 2010).

4.4.4 Pectins

Pectins can reversibly form gels in the cell wall and are part of the matrix polysacchar-
ides that surround and interconnect cellulose microfibrils. Pectins may be familiar in
everyday use, as they are often used to make jellies and jams. Without the addition of
pectins, the jelly would not be able to hold together. In plants, pectins have similar
functions, in that they help maintain wall integrity and adhere adjacent cells together.
Disrupting the synthesis of pectin can cause major defects in cell–cell adhesion
(Daher and Braybrook, 2015). This is important since part of how plant cells coordi-
nate their growth is by maintaining tight physical associations between adjacent cells.
Pectins are also thought to help determine wall porosity, which is limited to a few
nanometers in many cases (Baron-Epel et al., 1988), and wall hydration status.

There are several types of pectins, the most common of which in primary cell
walls is homogalacturonan (HG). All pectins are polymers with backbones containing
galacturonic acids (Atmodjo et al., 2013). Additional forms of pectins include rhamno-
galacturonan I (RG I) and RG II. These rhamnogalacturonans can contain arabinoga-
lactan and other side chains and are more branched than HG, which is a simple
chain of α-1,4-linked galacturonic acids. Pectins are synthesized in the Golgi, like
most glycans in the secretory pathway, and delivered to the cell wall via post-Golgi
vesicle trafficking. When they are first synthesized, the carboxyl groups of most of
the galacturonic acid residues in HG are methyl-esterified. This keeps the chains
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neutral, so they do not repel each other, and also prevents ionic crosslinking between
chains. Proteins called pectin methyl esterases (PMEs) have the ability to remove
these methyl ester groups. This action reveals a negatively charged carboxyl group
on the galacturonic acid. Calcium ions (Ca2+) present in the cell wall can interact with
a galacturonic acid residue from each of two chains, binding them together. This
cross-linking of pectin chains makes it so that they cannot move apart from each
other easily and is thought to cause the cell wall to become stiffer (Peaucelle et al.,
2015, Zhang et al., 2019). Some pectin domains can also be covalently linked to one
another, forming a large network of linked pectins throughout the cell wall (Ander-
son, 2019). Another way pectins can be modified in the cell wall is by pectin/pectate
lyases and polygalacturonases (Yang et al., 2018). These are enzymes that can cleave
demethyl-esterified HG. Pectin-degrading enzymes often act on pectin that has been
randomly demethyl-esterified. Large sections of demethyl-esterified pectins are usu-
ally cross-linked with Ca2+ and are therefore lessaccessible to degrading enzymes.

4.4.5 Hemicelluloses

Hemicelluloses are a highly varying group of polysaccharides. The exact definition
of what constitutes a hemicellulose is also somewhat contested since polysacchar-
ides such as arabinogalactan can be considered to be hemicelluloses despite being
part of pectin molecules (Scheller and Ulvskov, 2010). More broadly, some people
use “hemicellulose” to refer to any cell wall polysaccharide that is not cellulose or
pectin. It has been proposed that only polysaccharides with backbones comprising
β-1,4-linked glycans in an equatorial configuration can be considered hemicellulo-
ses (Scheller and Ulvskov, 2010). This includes xyloglucans, xylans, mannans, glu-
comannans, and β-1-3,1-4-linked glucans.

The functions of hemicelluloses in the cell wall are varied and incompletely un-
derstood. The most abundant hemicellulose in the primary cell walls of eudicots is
xyloglucan, which was once thought to tether cellulose microfibrils together, pre-
venting them from separating and thus constraining wall expansion (Pauly et al.,
1999). This was supported by the observation that auxin-induced elongation of pea
shoots also results in an increase in xyloglucan metabolism, as well as other data
(Labavitch and Ray, 1974, Park and Cosgrove, 2015). Further work, however, has
suggested that xyloglucans may not actually tether microfibrils together since di-
gestion of xyloglucan in the cell wall does not increase expansion (Park and Cos-
grove, 2012). It is hypothesized that xyloglucan instead interacts with cellulose at
specific biomechanical hotspots that are the targets of expansins, proteins that en-
hance wall expansion (Wang et al., 2013). In addition, the removal of xyloglucans
from the wall has been shown to increase the rate of cellulose tagging by nanogold
particles, suggesting that xyloglucan may actually coat cellulose microfibrils (Zheng
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et al., 2018). Xylans are the most abundant hemicellulose in grass cell walls, but are
also prevalent in the secondary walls of eudicots (Rennie and Scheller, 2014). Evi-
dence for a function in secondary walls is seen in mutants affecting xylan function
that result in collapsed xylem cells (Yuan et al., 2016). Mannans are much less abun-
dant than either xyloglucan or xylan but are found in both the primary and second-
ary cell walls of grasses and eudicots (Scheller and Ulvskov, 2010). Mannans have a
role in seed storage as evidenced by an embryo lethal mutant in a mannan synthase,
but otherwise not much is known about their function (Goubet et al., 2003).

Secondary cell walls contain cellulose and hemicelluloses, but very little
pectin. In addition, they often contain lignin, a polyphenolic compound that provides
hydrophobicity and mechanical strength to the cell wall. Lignin is the last major com-
ponent of the cell wall to appear during wall development and polymerizes directly
in the apoplast via free radical reactions between monolignols, which can be deliv-
ered from the lignifying cell or from neighboring cells (Smith et al., 2013).

4.4.6 Root Growth and Anatomy

Roots are necessary for the uptake of water and nutrients in most plants. For this
reason, they need to be very plastic to adjust to varying conditions in the soil or to
accommodate for growth of the shoot. In eudicots, root structure consists of a single
primary root with lateral roots branching off from it as well as root hairs protruding
from the epidermis. Root hairs are important for increasing the surface area of the
root to facilitate the uptake of nutrients and water as well as for interacting with
microbial symbionts. Depending on the plant species and soil environment, the pri-
mary root and lateral roots can be organized in different ways. Some nutrients,
such as phosphorous, are more abundant in shallower regions of the soil, whereas
water and more soluble nutrients tend to be found deeper in soil, especially in
water-limited conditions. Plants that can tolerate soils with low phosphorous con-
tent often have large networks of lateral roots close to the soil surface to maximize
phosphorus uptake. Drought-tolerant plants, on the other hand, often focus their
root growth vertically to explore deeper soil layers and potentially find more water.
The ability to control the degree and direction of growth in roots is dependent on
the cell wall, which determines the rates at which cells can expand in different re-
gions of the root.

At the tip of the root, both primary and lateral, there is a structure called the
root cap. This is a collection of cells which are progressively generated and shed
from the root tip by controlled wall degradation (Mravec et al., 2017). The root cap
secretes a cuticle that protects the root apical meristem as it moves through the soil
and aids in lateral root emergence (Berhin et al., 2019).
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The cells of the root are organized radially into distinct cell rows, which make
up the different tissue layers of the root. Going inward from the surface, these con-
sist of the epidermis, cortex, endodermis, and stele (Figure 4.4.1). The stele is com-
posed of vascular tissues, xylem and phloem, as well as the pericycle, which is
responsible for the initiation of lateral roots (Péret et al., 2009). Each of these tissue
layers is initially generated by a group of cells called the root apical meristem lo-
cated just below the root cap at the tip of the root. Within the meristem, a subset of
cells form a quiescent center that is maintained in an indeterminate state and di-
vides slowly. The quiescent center and the cells surrounding it make up the first
zone of growth in the root called the meristematic zone. This zone is characterized
by undifferentiated cells that arise from the quiescent center and divide rapidly,
maintaining a very small cell size. As more cells are generated through these cell
divisions, the older cells begin to move into the elongation zone. Here, cell division
mostly stops, although some cells may still divide in the younger parts of the elon-
gation zone closer to the root tip. At the same time, elongation drastically increases
until the cells reach their final size, many times larger than where they started. This
leads into the final growth zone, the maturation zone, in which the majority of root
cells reside. At this point, division has ceased, and cells finalize their differentiation
into specific cell types. The early maturation zone is most often characterized by
the initiation of root hairs although some cells will continue to elongate even after
forming root hairs, so the actual definition of this boundary is not always clear. At
this stage in development, secondary cell walls may be deposited, and a structure
called the Casparian strip forms. Secondary walls begin to be laid down in protoxy-
lem and metaxylem cells in the stele and can adopt helical configurations that
allow for continued cell elongation even after they begin to be deposited (Schuetz
et al., 2014). The Casparian strip is a specialized layer of cell wall that is deposited
in the endodermis and contains suberin and lignin. It restricts the passage of water
between the cortex and pericycle to a symplastic route, allowing for the regulated
entry and exit of water to and from the stele. Peroxidases have been identified that
drive the localized deposition of lignin in the Casparian strip (Naseer et al., 2012).

As the primary regulator of anisotropic growth, the cell wall is vital to maintain-
ing the shape of both the cells and the organs as a whole. The cell wall must be
able to expand rapidly in the elongation zone and then cease expansion in the mat-
uration zone. This can be accomplished by a change in cell wall patterning and
composition. Part of this is accomplished through passive reorientation of cellulose
as the cells progress through the elongation zone (Anderson et al., 2010). In the
early elongation zone, cellulose is oriented in a transverse direction, perpendicular
to the axis of growth. Due to the expansion of the cell, the same transverse microfi-
bril bundles are reoriented so that their angle relative to the growth axis decreases.
This change in angle is hypothesized to increase the mechanical tension of the cell
wall in the axial direction, slowing elongation of the cells (Anderson et al., 2010).
Other changes in cell wall composition could also take place to cause the slowing
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of growth toward the maturation zone, such as pectin demethyl-esterification and
calcium cross-linking (McCartney et al., 2003).

Auxin has been shown to promote growth in shoots and is involved in the initi-
ation of lateral roots and root hairs. Contradictory to this is its clear inhibition, at
physiological concentrations, of growth in the primary root. Auxin-mediated shoot
elongation is an action requiring the loosening of the cell wall, and it has been hy-
pothesized that auxin might induce tightening in the cell wall of roots to inhibit
growth (Liszkay et al., 2004). This appears not to be the case however because the
application of auxin to roots causes a reduction in the size of the elongation zone
without an effect on the elemental elongation rate of the root cells (Rahman et al.,
2007). This modulation of elongation zone size is likely related to auxin’s role in
determining developmental patterning in root tissues. Auxin is produced in the qui-
escent center and moves through polar auxin transporters to different tissues in the
root. Gradients of auxin concentration in the root tissues help determine the devel-
opmental zones in the root (Di Mambro et al., 2017). Changes in auxin concentration
not only cause the transition from the elongation zone to the maturation zone but
also the transition from the meristematic zone to the elongation zone. This process
involves the same kind of auxin-mediated cell-wall loosening as in shoots. Promo-
tion of wall loosening allows cells to expand, marking the beginning of the elonga-
tion zone (Barbez et al., 2017). However, the cell- and tissue-scale effects of auxin
and other growth regulatory hormones remain incompletely understood in roots.

4.4.7 Root Cell Walls and Stress

Plants, being mostly sessile organisms, must have ways of coping with changes in
their environment, whether good or bad. There are two categories of stresses that
plants can experience: abiotic and biotic. Abiotic stress refers to any stress caused
by a nonliving part of the environment, including drought, extreme temperature,
salinity, and extreme pH. Biotic stress is caused by living organisms and refers
mainly to damage by herbivory, pathogens, or parasites.

Among abiotic stresses, drought and soil salinity have a significant impact on
the osmotic status of root cells, and since internal turgor pressure is the driving force
of cell expansion, stresses that cause a reduction in turgor pressure also damage the
plant’s ability to grow. In some plant species, drought causes changes in wall compo-
sition, potentially modulating the expansibility of the wall and its ability to hold
water (Zhu et al., 2007, Leucci et al., 2008). Temperature can be a stress factor at
both extreme highs and lows: high temperatures can cause excess water loss via tran-
spiration while the stomata are open, depleting soil water (Wu et al., 2018). The oppo-
site situation is true for low temperatures, where plasma membrane fluidity is altered
and reactions slow down. Freezing temperatures are problematic in particular since
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plant cells are mostly water. If ice crystals form inside or enter cells, their structure
can be disrupted, and they will no longer be able to function properly. To avoid dam-
age by low temperatures, cell walls thicken, which slows growth as a result (Takaha-
shi et al., 2019). This is characterized by an increase in pectin content as well as PME
activity, both of which lead to a decrease in the cell wall pore size to prevent the
spread of ice crystals (Yamada et al., 2002, Sasidharan et al., 2011).

Nutrient toxicity can have subtler effects on root growth and wall composition.
While plants require many nutrients to survive, some of these are harmful at high
concentrations. Aluminum toxicity is the most common case of this, but iron can also
have toxic effects in certain soils. Although iron is essential for processes such as the
electron transport chain, too much iron can result in the formation of hydroxyl radi-
cals which are very damaging to the plant. For this reason, plants have mechanisms
that limit the uptake of iron and other nutrients (Vigani et al., 2019). Aluminum, on
the other hand, has the ability to bind to pectins in the cell wall, replacing Ca2+ cross-
links and decreasing cell wall extensibility (Schmohl et al., 2000). To alleviate this
effect, xyloglucan endotransglucosylase/hydrolases (XTHs) aid in loosening the cell
wall to sustain root growth (Osato et al., 2006). Nutrient deficiencies can be another
problem for root growth. Boron is important for cell wall structure, as it has been
shown to cross-link RG II molecules (O’Neill et al., 2004). Through cross-linking, pec-
tins can form a hydrating gel that helps to protect the root from drought and salinity.
This has been shown by studies that found cultivars with increased drought and sa-
linity tolerance also had higher levels of pectins in their walls (Larsen et al., 2011,
Tenhaken, 2015). In cases of boron deficiency, ethylene and auxin work in conjunc-
tion to inhibit root growth (Růžička et al., 2007, Camacho-Cristóbal et al., 2015).

As mentioned above, plants are anchored in one spot by their roots. They cannot
flee from herbivores or pathogens, but this does not mean they are defenseless. Upon
encountering a host, pathogens must first contend with the plant cell wall. The same
properties that allow the cell wall to withstand internal turgor pressure also act as a
barrier to invaders such as nematodes, pathogenic fungi, and parasitic plants. All of
these use lytic enzymes to some degree to break down cell wall components. One
species of nematode in particular,Meloidogyne incognita, has 61 genes encoding cell-
wall-degrading enzymes, including cellulases, polygalacturonases, pectate lyases,
and arabinanases. In addition, the genome also contains genes encoding expansins,
which can be used to loosen interactions between cell wall polymers to allow easier
degradation (Abad et al., 2008). Pathogenic fungi also make use of lytic enzymes, al-
though the degree to which they use them depends on the lifestyle of the particular
fungus. Necrotrophic fungi survive by destroying the cell wall and taking up nu-
trients from the remains of the dead plant cells. Unlike most other pathogens, ne-
crotrophic fungi do not need their host to survive and so can use highly damaging
methods to break through the cell wall before the plant can activate defense re-
sponses (Campion et al., 1997). Biotrophic fungi, on the other hand, infect plants
through subtler means and so only do minimal damage to the cell wall so as not to
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alert the plant to the invasion. Parasitic plants have a similar strategy, and both bio-
trophic fungi and parasitic plants often form a specialized structure called a hausto-
rium which connects the parasite directly to the vasculature of the host. Formation of

Figure 4.4.1: Anatomy of an Arabidopsis thaliana root. Organization of tissue layers and growth
zones in a growing root are shown as well as changing cellulose orientations as cells expand
(right). Box (left) shows a transverse section from the maturation zone of the root, where secondary
cell wall deposition has begun in the vascular cells of the stele and the Casparian strip has formed
(red line). Cell cartoons on the right show orientations of cellulose in different zones (adapted from
Overvoorde et al., 2010, Somssich et al., 2016).
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the haustorium requires the parasite tissue to grow into the host’s root, penetrating
multiple cell layers until it reaches the vascular tissues (Losner-Goshen et al., 1998,
Bleischwitz et al., 2010, Yoshida and Shirasu, 2012).

In addition to being a physical barrier to pathogen invasion, the cell wall has
sensing mechanisms that signal to the immune response pathways of the plant.
These are triggered when the pathogen’s cell-wall-degrading enzymes cause an in-
crease in the amounts of oligosaccharides in the apoplast. For example, it is believed
that FERONIA, a receptor-like kinase involved in many cellular processes including
mechanical responses in roots (Shih et al., 2014), can bind pectin fragments that are
released upon degradation by fungal polygalacturonases (Feng et al., 2018, Voxeur
et al., 2019). Pectate lyases and polygalacturonases can only degrade pectins which
have been demethyl-esterified and so cell walls with highly methylated pectins will
be difficult for a pathogen to degrade. For this reason, many pathogens encode
PMEs. Fungal PMEs are more likely to demethyl esterify pectins in a more random
manner, conducive to degradation by polygalacturonases and pectate lyases as re-
viewed in (Lionetti et al., 2012).

4.4.8 Conclusions

The cell walls of root cells change over developmental gradients and are intimately
tied to root morphogenesis and tissue differentiation. Cellulose, pectins, and hemicel-
luloses interact closely to determine wall mechanics and control the rate of growth.
The plasticity of root systems allows them to adapt to changing environments and
stresses by altering the composition of their cell walls, resulting in altered growth
and permeability. Modification of cell wall components results in a change of root
growth, either positive or negative. Such modifications can help the roots to defend
against environmental stresses, but pathogens can also take advantage of these
mechanisms when invading. Responses to such invasions involve a highly complex
system of signaling pathways that depend on the integrity of the cell wall.
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4.5 Extracellular Matrix

The extracellular matrix (ECM) is an essential part of the microenvironment in which
cells live and function. ECM is a non-cellular constituent present in all tissues and
organs composed of macromolecules that are synthesized and secreted by cells of a
tissue and are arranged into an organized network. The animal ECM includes the in-
terstitial matrix and the basal membrane. The interstitial matrix is present in various
animal cells (i.e., in the intercellular spaces). A gelatinous mixture of polysaccharides
and fibrous proteins fills the interstitial space. The basement membrane, laying at
the same side of all epithelial cells in the layer, separates epithelial cells from connec-
tive tissue (Theocharis et al., 2016).

ECM is specialized to perform different functions in different tissues; thus, the
composition and structure of ECM vary. For example, ECM adds strength to tendons
and attachment in the skin or is involved in filtration in the kidney. However, cell ad-
hesion and cell–cell communication are common functions of the ECM. Generally,
ECM is composed of water, space-filling molecules – proteoglycans and fibrous
proteins including collagen, elastin, and adhesive proteins including fibronectin
and laminin, but the physical nature of ECM varies from tissue to tissue (Figure 4.5.1).
ECM provides not only essential physical scaffolds but also regulates many cellular
processes like growth, migration, differentiation, survival, homeostasis, and morpho-
genesis by initiating crucial biomechanical and biochemical pathways. Moreover,
the ECM is a highly dynamic structure that constantly undergoes either enzymatic
or non-enzymatic remodeling (Frantz et al., 2010).

4.5.1 Composition of the ECM

Collagens are the most abundant protein in the human body and also are the most
abundant protein in the ECM. Resistant to shearing forces, these fibrous proteins,
which play not only a structural function but also regulate cell adhesion, support che-
motaxis and migration. Collagen is synthesized and secreted into ECMs mainly by fi-
broblasts as well as by endothelial and epithelial cells. It is mostly present in tendons,
ligaments, bone, and skin. In bone, collagen fibers are oriented at an angle to other
collagen fibers to provide resistance to mechanical shear stress applied from any di-
rection. Bundled collagen in tendons gives strength. In the basement membrane, col-
lagen is dispersed as a gel-like substance and provides support and strength. Thirty
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types of collagens have been identified, described, and classified into several groups
according to the structure they form. However, over 90% of collagen in the human
body is collagen types I, II, III, and IV. Types I, II, and III are fibrillary collagens
whose linear polymers form fibrils but type IV is a network-forming collagen that

Figure 4.5.1: Extracellular matrix components and their interaction with membrane.
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becomes a three-dimensional mesh rather than distinct fibrils. Collagen molecules
are composed of three helical α-type chains of amino acids which differ slightly in
their chemical composition (α1 or α2) and bind around one another forming a right-
handed triple helix called tropocollagen. In each α-chain of tropocollagen, the amino
acid sequence is glycine-proline-X and glycine-X-hydroxyproline, where X is any
amino acid other than glycine, proline, or hydroxyproline. α-Chains have tendency to
form left-handed helices spontaneously due to the presence of high content of proline,
4-hydroxyproline, and glycine and their regular repetitive arrangement. The biosyn-
thesis of collagen is a complex multistep process including a few intermediate forms
as procollagen molecules that undergo posttranslational modifications before they
reach the final form of tropocollagen. Hydroxylation of proline and lysine is possible
in the presence of hydroxylases which require ferrous ions, α-ketoglutarate, O2, and
vitamin C. Hydroxyproline is essential for the formation of intramolecular hydrogen
bonds and contributes to the stability of the triple helical conformation. Hydroxyly-
sine residues and lysine are able to form stable intermolecular cross-links between
tropocollagen molecules in fibrils after oxidation by copper-dependent lysyl oxidase.
These intermolecular cross-links are responsible for the physical and mechanical
properties of collagen fibrils. Some of the hydroxylysines are modified by glycosyla-
tion. Glucose and galactose residues mediate the interaction with proteoglycans
(Marastoni et al., 2008, Frantz et al., 2010, Theocharis et al., 2016). Collagen biosyn-
thesis and structure are markedly modified during aging and are responsible for ECM
remodeling in several pathological processes including tumorigenesis. ECM stiffen-
ing, caused by increased collagen deposition and cross-linking, disrupts tissue mor-
phogenesis and promotes tumor progression. Paradoxically, in aging tissue, collagen
production slows down, but collagen fibers are frequently inappropriately cross-linked
through glycation caused by free radicals. Additionally, over time, collagen fibers be-
come rigid. The combination of elevated or inappropriate collagen cross-linking con-
tributes to tissue stiffening; therefore, an aged tissue is mechanically weaker and less
elastic but also more rigid than a young one (Kular et al., 2014).

Elastin is another major fibrous protein of ECM and is responsible for the elas-
ticity of tissues. It is found mainly in tissues and organs which undergo repeating
stretching forces like skin arteries, lungs, heart, bladder, and elastic cartilage. Elas-
tin gives them the possibility to stretch without unwanted tearing. Elastin is rich in
hydrophobic amino acids such as glycine, alanine, and proline and also contains
lysine and hydroxyproline only in small amounts, but it is not a glycoprotein. Al-
though elastin has no regular secondary structure, it is classified as a fibrous pro-
tein because it contains an unordered coiled structure and is relatively insoluble in
water. Elastin is made by linking together several small soluble precursor tropoelas-
tin molecules to make the insoluble polymer. Tropoelastin has a unique composi-
tion and tendency to self-associate. The most common interchain cross-link in
elastins is the result of the conversion of the amine groups of lysine to reactive alde-
hydes by lysyl oxidase. This results in the spontaneous formation of desmosine
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cross-links. Elastin is synthesized and secreted by fibroblasts, smooth muscle cells,
chondrocytes, or endothelial cells. Elastin is usually associated with other proteins
in elastic fibers. Elastic fibers include scaffold proteins such as elastin or fibrillin
which play a structural role and other associated proteins which perform a regula-
tory role in bridging molecules during the formation of elastic fibers. Fibrillin is a
glycoprotein, which contains calcium-binding EGF-like domains, integrin-binding
Arg–Gly–Asp (RGD) sequences, and heprin-binding domains. These components
suggest that fibrillins are required for binding a specific cell surface receptor and
play a crucial role in cell signaling. Other associated proteins are microfibril-
associated glycoproteins (MAGPs) which bind both tropoelastin and fibrillins and
probably play an important role in linking them during elastic fiber formation. Fi-
bulins, calcium-binding glycoproteins, also participate in the formation of elastic
fibers. They interact with every other elastic fiber component (tropoelastin, fibrillin)
and with numerous ECM components including fibronectin, proteoglycans, or lam-
inins (Kielty et al., 2002).

Elastin is a very long-living protein, very stable with low or missing turnover.
Elastin degradation delivers elastin peptide fragments with significant biological
activity which are especially seen in organs with abundance of elastin. For exam-
ple, elastic peptide fragments, which are chemotactic for monocytes and fibro-
blasts, contribute to the development and formation of plaque in atherosclerosis. In
adults, damaged elastic fibers are often repaired improperly, and in such a case,
the integrity of the elastic network is destroyed (Kular et al., 2014).

Fibronectin (FN) is a high-molecular weight glycoprotein of the ECM that con-
tains 4–5% of N-linked or O-linked carbohydrates. FN is produced by a variety of cell
types with critical function in development, blood clotting, cell migration/adhesion,
and wound healing. FN consists of two nearly identical monomers linked by a pair of
disulfide bonds. FN is produced by one gene, but alternative splicing leads to the for-
mation of multiple variants. Based on its solubility, FN is divided into two types: sol-
uble plasma fibronectin, a major protein component of blood plasma secreted by
hepatocytes, and insoluble cellular molecules as major component of the ECM. The
latter is secreted by various cells, primarily fibroblasts, as a soluble protein dimer
and is then assembled into supramolecular fibers. FN contains three different binding
domains: collagen-binding domain, cell-binding domain, and proteoglycan-binding
domain. The characteristic feature of FN is the peptide sequence RGD present in all
binding domains. These sequences allow FN to recognize and bind to cells and other
components of ECM. FN interacts mainly with two membrane receptors: integrins or
syndecans. Sometimes syndecans are co-receptors with integrins in cell-FN binding
and enhance integrin-mediated cell migration and intracellular signaling pathway.
FN promotes cell cycle progression and proliferation and is also involved in cell sur-
vival and protection from apoptosis of many cell types, including epithelial and en-
dothelial cells and leukocytes (Pankova et al., 2019).
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Laminins (LN) are large cross-shaped glycoproteins, with highly conserved
structure of the long arm terminated with a large globule involved in cellular inter-
action, and short arms, each one consisting of rod-like arrays and globular do-
mains. They are made up of three different chains: α, β, and γ. In humans, 11 genes
code subunits (5α, 3β, and 3γ), and they are located on chromosomes 1, 3, 6, 7, 9,
18, and 20. Laminin molecules can bind with each other and also interact with an-
other ECM protein by short arms, which allow them to form sheets found in the
basement membranes. They can also interact with other components of ECM and
cells. Laminins form independent networks and are associated with type IV colla-
gen networks, fibronectin, and they also bind to cell membranes through integrin
receptors and other plasma membrane molecules (Aumailley, 2013). A fibrillary
laminin matrix is ideally suited to transmit mechanosignals in the form of stretch,
and there is evidence that this occurs in lung cells (Jones et al., 2005). The possibil-
ity of such interactions and the fact that the distribution of LN isoforms is tissue-
specific suggest that laminin is vital for the maintenance and survival of tissues.
They contribute to cell attachment and differentiation, cell shape and movement,
maintenance of tissue phenotype, and promote tissues survival. LN plays a crucial
role in early embryonic development and organogenesis. Similar to fibronectin, LN
promotes tumor growth and metastasis (Aumailley, 2013).

ECM is a dynamic, complex structure which undergoes controlled remodeling
normally by several matrix proteases. The most important proteases responsible for
the catabolism of almost all ECM molecules are metalloproteases. Matrix metallo-
proteinases (MMPs), are calcium-dependent zinc-containing endopeptidases, which
are also known to be involved in the cleavage of cell surface receptors. The MMPs
have a common domain structure and are synthesized as inactive zymogens. MMPs
are classified into six groups according to substrate specificity, sequence similarity,
and domain organization. The breakdown of ECM protein resulting in the formation
of a favorable microenvironment for tissue remodeling is associated with various
physiological or pathological processes such as morphogenesis, angiogenesis, tis-
sue repair, cirrhosis, arthritis, and metastasis. Tissue homeostasis is maintained by
a dynamic dialogue between cells and surrounding ECM. ECM differently modulates
cell growth and migration by binding cell receptors and cells in a controlled feed-
back by the production of ECM proteins and MMPs that regulate ECM structure and
composition. Steady-state perturbations occur in pathological conditions, for in-
stance during cancer progression. ECM transmits its signals to the cells through
specific receptors. Integrins especially bind to RGD sequences presented in proteins
(such as FN, laminin, and vitronectin), and their binding specificity is promoted by
residues close to RGD motif. Integrins by linking to the actin cytoskeleton function
as mechanotransducers transforming mechanical forces created by ECM proteins
such as fibronectin into chemical signals. The syndecan family is another core of
proteins, which facilitate interaction of integrins with ECM proteins. In response,
intracellular signals are transmitted to outside the cell by influencing integrin
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affinity for ECM or expression of integrin and synthesis and deposition of ECM pro-
teins. Therefore, integrins have the possibility to regulate many cellular processes
such as proliferation, survival, migration, and invasion that can be misregulated in
response to changes in the ECM composition. ECM is particularly modified in all pa-
thologies especially in cancer (Marastoni et al., 2008). Growing evidence proves
that a healthy microenvironment prevents the cancerous outgrowth of epithelial
cells, whereas age-related modification of ECM enables initiation and progression
of malignancy. One implication is the increase in stiffness with age. The geometry,
rigidity, and other physical properties of the ECM are sensed by the cells and ulti-
mately direct their responses. It is known that matrix stiffness influences stem-cell
lineage. Increased ECM stiffness activates integrins and promotes focal adhesion
formation and cell motility.

There are several techniques to study ECM architecture in 3D such as atomic
force microscopy, confocal microscopy, transmission electron microscopy/scanning
electron microscopy, or second-harmonic generation. These techniques could simi-
larly be used to study how the mechanical forces, elasticity of ECM, and its architec-
ture regulate cell behavior (Kular et al., 2014).
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4.6 Mechanotransduction

Mechanotransduction refers to the intricate processes and signaling pathways that
connect the biophysical cues of the cellular microenvironment with the cell and me-
diate their reciprocal crosstalk. The (extra)cellular structures described in this chap-
ter, that is, the extracellular matrix (ECM) (see Chapter 4.5), the cell membrane
(with the embedded adhesion receptors) and glycocalyx (see Chapter 4.3), and the
cytoskeleton (see Chapter 4.2), strongly interact with and influence one another
through mechanotransductive actions. The impact of mechanotransduction is not
limited to only direct modulations of the cell morphology and mechanics affected
by the cytoskeleton but also reaches into the nucleus, where it eventually also regu-
lates cellular decision making, program, and fate. Here, we will give an overview
about how the cell senses mechanical and structural cues of its microenvironment
and how the events in the cell/microenvironment interface translate the perceived
information into appropriate cellular responses by the mechanotransductive ma-
chinery and signaling. Also, we will introduce the contribution of aberrations in
mechanotransduction and the (extra)cellular structures involved in diseases.

4.6.1 Mechanosensing of Biophysical Cues
in the Cell/Microenvironment Interface
by Integrin Adhesion Complexes

As outlined in detail in Chapter 4.5, the ECM is built up by self-assembling nanometric
building blocks secreted by the cells themselves, often macromolecules consisting of
protein and sugar components (called proteoglycans or glycoproteins, depending on
the relation between these two components). These building blocks are furthermore
highly interlinked with each other, forming a combination of fibrillar (e.g., collagen
type I or fibronectin) or meshwork (e.g., collagen type IV, laminins) structures that
determine the mechanical and topographical properties of the ECM. The rigidity and
structural configuration of ECM of different tissues vary substantially, from the very
soft brain matrix with a high content of glycosaminoglycans and water to the very
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rigid, mineralized bone matrix constituted predominantly by collagen type I fibers
(Gasiorowski et al., 2013, Young et al., 2016, Leclech et al., 2020, Chighizola et al., 2019).

These mechanical and structural/topographical features are critical biophysical
parameters that the cell can perceive and interpret by mechanosensing in the cell/
microenvironment interface and subsequent mechanotransductive processes, which
will be described in the following. The cellular capacity of microenvironmental me-
chanosensing is primarily realized by the principal adhesive structures of the cell,
the integrin adhesion complexes (IAC) (Gauthier and Roca-Cusachs, 2018, Sun et al.,
2019, Kechagia et al., 2019) (Figure 4.6.1). The name for the eponymous integrins was
initially chosen because, in 1986, integrins were identified as “integral membrane
complex involved in the transmembrane association between the extracellular matrix
and the cytoskeleton” (Tamkun et al., 1986). Integrins are heterodimeric receptors
that are embedded in the cell membrane, assembling noncovalently in one of 24 pos-
sible combinations of always one α- (18 types) and one β-subunit (eight types). De-
pending on the subunit combination, their extracellular domain can recognize and
bind to ligands present in ECM proteins (two prominent examples are the RGD and
LDV motifs). The intracellular tails are usually very short (except for the β4-subunit)
and can be bound by different IAC proteins under appropriate circumstances, which
will be detailed in the following (Gauthier and Roca-Cusachs, 2018, Sun et al., 2019,
Kechagia et al., 2019, Chighizola et al., 2019) (Figure 4.6.1A).

How accurate and well-chosen the name “integrin” actually was, became mani-
fest in the decades after its discovery; especially in recent years, it has been dis-
closed that a major role of IAC is the integration of information coming from
microenvironmental biophysical cues into the cell (Gauthier and Roca-Cusachs,
2018, Sun et al., 2019, Kechagia et al., 2019, Chighizola et al., 2019). In 1993, with
the help of magnetic tweezer experiments, it was discovered by Wang et al. that in-
tegrins are mechanosensitive and capable of transducing mechanical signals to the
actin cytoskeleton (Wang et al., 1993). To do so, integrins have to be activated, that
is, they change from a bent and closed conformation with low ligand affinity to an
extended and open conformation with high affinity for their ligands and separated
cytoplasmic tails. This integrin activation can be induced from outside the cell by
actual integrin/ligand binding (outside-in signaling), but it can also be triggered in-
tracellularly, for example, by signaling originating from G-protein coupled recep-
tors (inside-out signaling) (Gauthier and Roca-Cusachs, 2018, Sun et al., 2019,
Kechagia et al., 2019, Chighizola et al., 2019). Also, other important cell surface re-
ceptors can cross-talk with and influence integrin activation and signaling, such as
GPI-anchored proteins (Ferraris et al., 2014, Schulte et al., 2016a, Kalappurakkal
et al., 2019), receptor tyrosine kinases (Yang et al., 2016), syndecans (Bass et al.,
2007, Morgan et al., 2013), and CD44 (Seidlits et al., 2010, Kim and Kumar, 2014).
The activated integrin conformation is energetically less favorable than the bent
one; however, there are several stabilizing events that can occur to maintain this
transition and to increase its lifetime (Sun et al., 2019). Talin (Figure 4.6.1A) and
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kindlin binding to the integrin tails is a first step and also crucial for integrin activa-
tion (Jiang et al., 2003, Theodosiou et al., 2016). The talin rod can furthermore link
the integrin to actin filaments (F-actin) and the forces of the retrograde flow gener-
ated by actin polymerization and actomyosin contraction (Figure 4.6.1B). This en-
gages the so-called molecular clutch (first hypothesized in 1988 by Mitchison and
Kirschner (1988)) in the nascent adhesions enabling force transmission and load-
ing. The extent of force loading in the molecular clutch is determined by critical
biophysical parameters of the ECM, in particular, by the rigidity and the spatial or-
ganization and dimensionality of the adhesion sites (Oria et al., 2017, Gauthier and
Roca-Cusachs, 2018, Sun et al., 2019, Kechagia et al., 2019, Chighizola et al., 2019,
Chighizola et al., 2020) (Figure 4.6.1D).

The more rigid the substrate, the stronger is the force transmission and the faster
the force loading in the molecular clutch (Elosegui-Artola et al., 2016). Forces in the
range of a few pN keep integrins in their open and extended configuration (Stroh-
meyer et al., 2017, Li and Springer, 2017) and forces in the order of tens of pN can
furthermore lead to a catch bond formation between integrin and ligand (demon-
strated for α5β1 and αVβ3 integrin) (Kong et al., 2009, Chen et al., 2017). Both events
increase the lifetime of the integrin activation and the molecular clutch (Gauthier
and Roca-Cusachs, 2018, Sun et al., 2019, Kechagia et al., 2019, Chighizola et al.,
2019). In addition, forces from >5 to 25 pN activate talin by stretching the helix bundle
domains of its rod domain, which sequentially reveals cryptic binding sites for vincu-
lin. Vinculin, therefore, binds to these disclosed binding sites of the activated talin,
first near the integrin and then at higher forces closer to the F-actin (Del Rio et al.,
2009, Grashoff et al., 2010, Ciobanasu et al., 2014, Yao et al., 2014, Case et al., 2015a,
Elosegui-Artola et al., 2016). During this process, vinculin becomes activated by itself,
binds the F-actin, and forms a catch bond with it (Huang et al., 2017), which leads to
strong reinforcement of the molecular clutch and the nascent adhesion (Carisey
et al., 2013, Case et al., 2015a). Insufficient and very slow force loading causes, in-
stead, a disassembly of the ECM/integrin/talin/F-actin linkage, before the force
thresholds that permit reinforcement can be surpassed (Gauthier and Roca-Cusachs,
2018, Sun et al., 2019, Kechagia et al., 2019, Chighizola et al., 2019) (Figure 4.6.1C,D).

The substrate rigidity is not the only factor that regulates force loading and sub-
sequent IAC maturation. The situation is more complex, as there are several spatial
and structural determinants influencing the processes in the molecular clutch in a
decisive manner, as well (Oria et al., 2017, Kechagia et al., 2019, Chighizola et al.,
2019, Chighizola et al., 2020). It is well-established that on rigid substrates too
large ligand spacing distances with the threshold being ~ 60–70 nm (Arnold et al.,
2004, Liu et al., 2014), impede the formation of mature IAC, which led to the hy-
pothesis that there might be a kind of a “molecular ruler” (potentially talin). Curi-
ously, it has been found recently that on soft substrates increasing the ligand
spacing distance instead favors integrin clustering and IAC maturation. This coun-
terintuitive event could again be explained by force loading within the molecular
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clutch. A very strong force loading per integrin as in the case of large ligand spacing
on rigid substrates, leads to an adhesion collapse, probably because of the insuffi-
cient force distribution due to restrictions in integrin recruitment to the adhesion
sites. On the contrary, on soft substrate, the aforementioned deficient force loading
per integrin is increased to levels above the necessary thresholds if the ligand spacing
is augmented, which then enables the stabilizing events and IAC maturation (Liu
et al., 2014, Oria et al., 2017, Kechagia et al., 2019, Chighizola et al., 2019). In addition,
IAC maturation seems to be favored if a minimal adhesion unit consisting of a few in-
tegrins bound to ligands in adjacency of a few tens of nm can be formed as a core
structure that can also attract unligated but activated integrins, forming nanocluster
bridges (Changede and Sheetz, 2017, Changede et al., 2019). In line with these observa-
tions, it has been demonstrated that the topographical configuration of the cell sub-
strate influences IAC formation and the mechanotransductive sequence (Chighizola
et al., 2020, Dalby et al., 2014, Park et al., 2016, Schulte et al., 2016b, Maffioli et al.,
2017, Baek et al., 2018, Park et al., 2018, Chighizola et al., 2019). The combination of
mechanical properties and local spatial organization of the binding sites encountered
by the cell in its microenvironment (also in terms of (dis)order (Huang et al., 2009,
Schvartzman et al., 2011) and (an)isotropy (Ferrari et al., 2010, Ray et al., 2017, Baek
et al., 2018, Park et al., 2018, Chen et al., 2019, Changede et al., 2019)), thus, determines
the mechanotransductive cellular response (Gauthier and Roca-Cusachs, 2018, Sun
et al., 2019, Kechagia et al., 2019, Chighizola et al., 2019) (Figure 4.6.1C,D).

As described in Chapter 4.3, a pericellular sugar coat linked to proteoglycans,
glycoproteins, and glycolipids forming the glycocalyx is present in the cell/micro-
environment interface, and in recent years, its functional involvement in mechano-
transduction-related processes has become increasingly evident. The sugar chains
of the glycocalyx usually reach out much farther into the extracellular space than
the extracellular domains of activated integrins (which have a length of ~20 nm).
This structure influences integrin clustering in several ways. Integrins that succeed
to bind their ligands cause a crowding/compacting of the adjacent glycocalyx. This
creates an upward mechanical loading towards the cell membrane that contributes
to keeping the integrins in their extended activated configuration. The compacted
glycocalyx leads, furthermore, to the formation of a steric kinetic trap that fosters
integrin clustering by restricting the lateral diffusion of integrins (Paszek et al.,
2014, Kuo et al., 2018, Gauthier and Roca-Cusachs, 2018, Sun et al., 2019, Kechagia
et al., 2019, Chighizola et al., 2019, Chighizola et al., 2021).

If the microenvironmental conditions are suitable, integrins cluster into modules
(each module consisting of around 20–50 integrins with a dimension of ~100 nm)
(Changede et al., 2015, Changede and Sheetz, 2017). Other IAC proteins are recruited
to the reinforced initial integrin/talin/vinculin/F-actin axis, leading also to increasing
bundling of actin filaments (up to the formation of stress fibers). This furthers the IAC
maturation into multiprotein assemblies of specific nano architecture with three
layers: an integrin signaling layer, a force transduction layer, and an actin regulatory
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layer (Carisey et al., 2013, Case et al., 2015a). The IAC can grow hierarchically into
structures of increasing dimensions, first into punctate focal complexes, later into
elongated focal adhesions, or, in some cases, even into fibrillary adhesions. There are
numerous proteins that have been identified as potential IAC components (>150 pro-
teins, depending on the cell biological context, of which ~60 proteins (many contain-
ing LIM domains) were defined as a consensus adhesome). Among them, various
adaptor, signaling, and actin cross-linking proteins can be found, such as paxillin,
integrin-linked kinase (ILK), LIMS1 (LIM and senescence cell antigen-like-containing
domain protein 1)/PINCH, focal adhesion kinase (FAK), src family kinases (SFK),
p130Cas, p21 (Rac1)-activated kinase (PAK), zyxin, and α-actinin. These recruitments
turn the IAC into sophisticated signaling platforms that can modulate the cellular be-
havior and state in various ways (Gauthier and Roca-Cusachs, 2018, Sun et al., 2019,
Kechagia et al., 2019, Humphries et al., 2019, Green and Brown, 2019, Chighizola
et al., 2019) (Figure 4.6.1C).

4.6.2 Mechanotransductive Processes
and Signaling in Control of the Cytoskeletal
Organization and Cellular Mechanics

Many of the IAC downstream signaling events (Figure 4.6.2) govern the organization of
the cytoskeleton, and, as a consequence, the cellular mechanics, which eventually af-
fects mechanosensitive transcription factors and nuclear organization (Figure 4.6.2A,
details will be outlined in the following). During IAC lifetime, intricate and intertwined
signaling cascades are set in motion that have, for example, a strong impact on Rho
guanosine triphosphatases (RhoGTPases) activities (in particular, Rac1, Cdc42, and
RhoA, as it was found in 1995 in a seminal work by Nobes and Hall (1995)), which deci-
sively control the spatiotemporal dynamics of the actin cytoskeleton and IAC (dis)as-
sembly (Huveneers and Danen, 2009, Lawson and Ridley, 2018).

RhoGTPases are active when they bind guanosine triphosphate (GTP) and inac-
tive when they bind guanosine diphosphate (GDP). The switch between these two
states is controlled in a complex manner by regulatory proteins (Figure 4.6.2B, spe-
cific examples below). GTPase-activating proteins (GAPs) stimulate GTP hydrolysis of
the RhoGTPases, cycling them to the inactive form. RhoGEFs (guanine nucleotide ex-
change factor) instead exchange the GDP with GTP, thus activating the RhoGTPases.
The inactive form can furthermore be sequestered by Rho guanine nucleotide dissoci-
ation inhibitors (RhoGDIs), which inhibit the nucleotide exchange. Active RhoGT-
Pases will trigger effectors, such as Rho-associated kinases (ROCK), Wiskott-Aldrich
syndrome protein family verprolin-homologous protein (WAVE) or Wiskott-Aldrich
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syndrome family (WASp) complexes, thereby regulating versatile cellular responses,
in particular, by their impact on the cytoskeletal organization (Hodge et al., 2016).

In the early stages of IAC formation (nascent adhesions to focal complex), FAK
recruitment to the IAC (fostered by paxillin (Scheswohl et al., 2008) and talin (Law-
son et al., 2012)) triggers Tyr397-autophosphorylation of FAK, which allows SFK to
bind the Tyr397-phosphorylated FAK. This, in turn, leads to FAK phosphorylation
at other phosphorylation sites by the SFK (Mitra and Schlaepfer, 2006). This acti-
vated FAK/SFK complex is the starting point for many mechanotransductive signal-
ing cascades. It recruits and phosphorylates further proteins, for example, p130Cas
(Chodniewicz and Klemke, 2004). The SFK-mediated phosphorylation and activa-
tion of p130Cas is force-dependent (Sawada et al., 2006) and enables Dock180/
ELMO1 binding, which functions as a RhoGEF for Rac1. This SFK/FAK/p130cas/
Dock180/ELMO1 signaling sequence thus recruits and activates Rac1. The activated
Rac1 then binds the WAVE regulatory complex which, in turn, activates the actin
nucleating Arp2/3 complex, leading to actin polymerization and branching in the
lamellipodia and membrane protrusion. In addition, FAK/SFK-triggered paxillin
phosphorylation enables PAK/GIT-1/β-PIX (the latter is also known as ArhGEF7) re-
cruitment, which activates Cdc42. Activated Cdc42 regulates filopodia formation
through the WASp and Arp2/3 complex (Brugnera et al., 2002, Premont et al., 2004,
Mitra and Schlaepfer, 2006, Huveneers and Danen, 2009, Vicente-Manzanares and
Horwitz, 2011, Lawson and Ridley, 2018) (Figure 4.6.2A).

RhoA activity is instead suppressed in the initial phase of IAC maturation in an
SFK/FAK/p120RasGAP/p190RhoGAP-dependent manner (Ren et al., 1999, Arthur
et al., 2000, Arthur and Burridge, 2001, Tomar et al., 2009). Depending on the phos-
phorylation status of the various FAK and paxillin phosphorylation sites (Hamadi
et al., 2005, Zaidel-Bar et al., 2007, Miller et al., 2013), at later stages of focal adhesion
formation, p115RhoGEF, p190RhoGEF (also known as Rgnef or ArhGEF28), and LARG
(leukemia-associated RhoGEF) are recruited, which results in an increasing RhoA acti-
vation (Dubash et al., 2007, Lim et al., 2008, Guilluy et al., 2011, Vicente-Manzanares
and Horwitz, 2011, Miller et al., 2014, Lawson and Ridley, 2018). RhoA activation leads
to higher actomyosin contractility mediated by ROCK-dependent myosin light-chain
phosphorylation and activation. PAK- and ROCK/LIMK-dependent cofilin (also called
actin depolymerization factor) phosphorylation, and thus inactivation, contributes
further to F-actin stabilization and stress fiber formation (Chrzanowska-Wodnicka
and Burridge, 1996, Lawson and Ridley, 2018). Moreover, Rho signaling-mediated
mechanotransductive processes can lead to a remodeling of the ECM architecture
through cytoskeletal forces that are transmitted to the substrate via IAC (Humphrey
et al., 2014).

IAC are very dynamic structures, and there is a constant turnover of cellular ad-
hesion sites with the microenvironment, for example, near the leading edge during
cell migration or in neuronal growth cones. The IAC life cycle depends on the matu-
ration status they achieve. Nascent adhesions have a short lifetime of less than
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a minute. If they associate with actin filaments and develop into focal complexes,
their lifetime increases to a few minutes. In the case of maturation into focal adhe-
sions, or even fibrillary adhesions, the lifetime of these structures increases up to
tens of minutes or hours, respectively (Webb et al., 2004, Choi et al., 2008, Vicente-
Manzanares and Horwitz, 2011).

The disassembly mechanism(s) (Figure 4.6.2C) of the later, more mature IAC are
not yet completely understood. It involves endo/exocytic processes and probably
also microtubule interaction with the focal adhesions (Stehbens and Wittmann, 2012,
Noordstra and Akhmanova, 2017, Garcin and Straube, 2019), as well as calpain activ-
ity, a proteolytic protein, which has many focal adhesion (such as FAK itself, paxillin,
and talin) and cytoskeletal components as substrates (Franco et al., 2004, Franco
and Huttenlocher, 2005, Cortesio et al., 2011). Focal adhesions are transiently tar-
geted by microtubule plus-ends in a repeated manner, which induces the de-
mounting of focal adhesions (Kaverina et al., 1999). The microtubule capture is
APC (adenomatous polyposis coli)-dependent (Juanes et al., 2019) and realized
by microtubule docking to the plasma membrane in the vicinity of focal adhe-
sions via cortical microtubule stabilization complexes that encompass numerous pro-
teins, such as EB (end-binding protein) 1, CLASPs (cytoplasmic linker-associated
proteins), KIF21A (kinesin-like protein), MICAL3 (microtubule-associated monoxyge-
nase, calponin, and LIM domain containing), ELKS (protein rich in the amino acids
E, L, K, and S), LL5β, and liprins. Liprins link the microtubules to Kank (KN motif
and Ankyrin repeat domain-containing protein), which is bound by talin in the focal
adhesions. Also ILK can contribute to the microtubule stabilization at focal adhesions
via mDia (Diaphanous-related formin)/IQGAP (IQ motif-containing GAPs) (Bouchet
et al., 2016, Noordstra and Akhmanova, 2017, LaFlamme et al., 2018, Garcin and
Straube, 2019). The microtubule capturing leads to a local sequestering of GEF-H1
(called also ArhGEF2) and, therefore, suppression of Rho/ROCK-mediated myosin II
filament assembly (Azoitei et al., 2019, Rafiq et al., 2019). Furthermore, the delivery
of factors (e.g., MAP4K4 and matrix metalloproteases) and autophagosomes takes
place along microtubules, which promote the disassembly of focal adhesions (Yue
et al., 2014, Stehbens et al., 2014, Sharifi et al., 2016, LaFlamme et al., 2018). In addi-
tion, regulated by the state of Tyr397 phosphorylation of FAK, integrins are endocy-
tosed at microtubule/focal adhesion interaction sites in a clathrin/dynamin/Rab5/
Rab21-dependent (Ezratty et al., 2005, Pellinen et al., 2006, Ezratty et al., 2009,
Mendoza et al., 2013) or ILK/caveolin-dependent manner (Shi and Sottile, 2008).
FAK is also involved in the recruitment of calpain to the focal adhesions (Carra-
gher et al., 2003). Interestingly, these focal adhesion disassembly elements, that
is, calpain- and endocytosis-related proteins, become enriched in focal adhesions
upon myosin II activity (Kuo et al., 2011) (Figure 4.6.2C).

The IAC-mediated modulations of the cytoskeletal organization and membrane
tension also influence another important group of mechanosensitive elements, that
is, mechanically activated channels in the cell membrane, for example, Piezo or
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TRP (transient receptor potential) channels. The Ca2+ influx pulses triggered by
these mechanosensitive channels can feedback on focal adhesion dynamics, in par-
ticular, via the Ca2+-dependent calpain (Pathak et al., 2014, Nourse and Pathak,
2017, Canales et al., 2019, Ridone et al., 2019) (Figure 4.6.2A). Through the actin cy-
toskeleton, IAC are furthermore connected to cadherin-mediated cell/cell adhe-
sions, which actually share some constituents (e.g., vinculin, ELMO, Dock, Rac1)
and organizational features (modular cluster assembly) with focal adhesions. The
IAC/cadherin interplay determines the intra- and intercellular forces and tension of
cells, that is, their mechanical landscape, which regulates tissue integrity and ho-
meostasis (Mui et al., 2016, Changede and Sheetz, 2017).

In a nutshell, the impact of mechanotransductive processes on the cytoskeleton
is realized by complex signaling sequences involving RhoGTPases, -GAPs, -GEFs,
and –GDIs, as well as RhoGTPase signaling-related kinases and effectors. Together,
their numerous interconnections, which are not always fully understood in-depth
and often also depend on the specific cell biological context, precisely regulate and
fine-tune the IAC turnover/maturation rates, cytoskeletal organization/mechanics,
and, eventually, cell and tissue structure. The correct coordination of these dynamics
is essential in many cell biological and developmental processes, for example, cell
migration, differentiation, and tissue morphogenesis (Vicente-Manzanares and Hor-
witz, 2011, Changede and Sheetz, 2017, Lawson and Ridley, 2018, Humphries et al.,
2019, Kechagia et al., 2019, Chighizola et al., 2019). Additional details about the cyto-
skeleton and the concept of cell tensegrity, that is, the idea of considering the cell as
a prestressed tensegrity structure (Ingber, 2003b, Ingber, 2003c), can be found in
Chapters 2.1 and 4.2, respectively. Changes in the cytoskeletal configuration and ten-
sion due to modulations of the mechanotransductive sequence and signaling can fur-
thermore propagate into the nucleus, impacting, eventually, also on the cellular
program and fate (Wang et al., 2009, Martino et al., 2018) (Figure 4.6.2A).

4.6.3 Propagation of the Mechanotransductive
Processes and Signals into the Nucleus
and the Impact on the Cellular Program

The extent of F-actin formation and bundling into stress fibers influences the shuttling
of mechanosensitive transcription factors from the cytoplasm into the nucleus, for ex-
ample, YAP (yes-associated protein) and MRTF-A (myocardin-related transcription fac-
tor A). At low F-actin level in the cell, Lats (large tumor suppressor) 1/2 kinase
phosphorylates YAP and the phosphorylated YAP interacts with 14-3-3. The YAP/14-3-3
complexes are retained in the cytoplasm and eventually degraded by proteasomes.
Upon IAC maturation-induced stress fiber formation, β1-integrin/SFK/FAK/PI3K/PDK1
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(Kim and Gumbiner 2015) and β1-integrin/SFK/Rac1/PAK pathways decrease Lats1/2 ac-
tivity, which thus attenuates YAP phosphorylation. This causes YAP release from 14-3-3
and its translocation into the nucleus, where it exerts a co-transcriptional activity (Pan-
ciera et al., 2017, Totaro et al., 2018) (with interacting partners, for example, TEAD1,
RUNX, p73, Smad (Kim et al., 2018), potentially also REST (Nardone et al., 2017)). In
addition, the force generated by actomyosin contraction of stress fiber contributes to
YAP entering the nucleus by acting on the nuclear pores (Elosegui-Artola et al., 2017).
MRTF-A is instead affected by the amount of cytoplasmic G-actin to which it binds. If
the G-actin pool decreases (as in the case of augmented F-actin formation), free MRTF-A
increasingly translocates into the nucleus, where it binds the serum response factor
(SRF), which induces MRTF-A/SRF complex-dependent transcription pathways (Olson
and Nordheim, 2010). Intriguingly, both YAP and MRTF-A control, in an autoregulatory
manner, the expression of many target genes that are members of mechanotransductive
machinery (Sun et al., 2006, Nardone et al., 2017, Foster et al., 2017, Kim et al., 2017)
and ECM protein deposition, which, in turn, provide again a feedback on cell behavior
(Humphrey et al., 2014, Loebel et al., 2019).

Another way in which the mechanotransductive sequence modulates the cellular
state is through a bridge between the cytoskeleton and the nucleus, mediated by the
LINC (linker of nuclear and cytoskeleton) complex. The F-actin of the stress fibers
binds to the LINC complex via nesprin 1 or 2, which itself is embedded in the outer
nuclear membrane. Also, the other components of the cytoskeleton can be connected
to the nucleus, microtubules via dynein and/or kinesin to nesprin 1 and 2, and inter-
mediate filaments through plectin to nesprin 3. The nesprins are connected to SUN
dimers (in case of nesprin 1/2 together with emerin) in the inner nuclear membrane,
which are linked to the nuclear lamina envelope. Many details are still elusive, but it
has been hypothesized that this ECM/IAC/cytoskeleton/LINC/nuclear lamina bridge
allows mechanoregulation of the 3D nuclear morphology and chromatin organiza-
tion, influencing, eventually, gene expression (Osmanagic-Myers et al., 2015, Uhler
and Shivashankar, 2017b, Martino et al., 2018). The connection enables force trans-
mission from the cell/microenvironment interface to the nucleus, leading either to
nuclear relaxation and motility in the case of low forces, or deformation and positional
stability of the nucleus at high forces. Depending on the state of their condensation,
chromatin regions can be associated to the nuclear lamina through lamin-binding pro-
teins (e.g., Lap2α). Changes in the nuclear shape due to mechanotransductive pro-
cesses can, therefore, affect the spatial organization of chromatin regions and lead to
differential chromosome intermingling and gene clustering, as a consequence. This
also causes the enrichment of different RNA polymerase II complexes and alterations
in gene expression patterns (Isermann and Lammerding, 2013, Uhler and Shivashan-
kar, 2017a, Uhler and Shivashankar, 2017b). Furthermore, the nuclear lamina is built
up by lamin A/C and B and determines the structural integrity and stiffness of the nu-
cleus. It has been shown that lamin A/C expression and phosphorylation levels are
regulated by the mechanical state of tissues and cells. Lamin A levels increase with
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tissue stiffness, and in cells on rigid substrates with high actomyosin contractility
lamin A/C is dephosphorylated at Ser22. Dephosphorylated lamin A/C is integrated in
nuclear lamina, whereas Ser22-phosporylated lamin A/C resides in the nucleoplasm.
Nuclear envelope-associated lamin A/C influences the YAP and SRF activity too, and
thus the expression of their target genes, for example, myosin II (Wang et al., 2009,
Swift et al., 2013, Ho et al., 2013, Buxboim et al., 2014, Uhler and Shivashankar, 2017b).

In these different ways, mechanotransductive processes converge into the nu-
cleus and can influence the nuclear morphology and mechanics, as well as the spa-
tial organization/positioning of chromosomes and gene clusters, which eventually
modulates gene expression patterns (Figure 4.6.2A). The overall complexity of the
mechanotransductive machinery is far from being understood in-depth. However,
the insights obtained in recent years provide a fascinating picture of highly intricate
and interlaced processes and signaling pathways with sophisticated autoregulatory
feedback mechanisms that control many aspects of the cellular state and tissue ho-
meostasis (Figure 4.6.2).

4.6.4 Aberrations of Mechanotransductive
Structures and Processes in Diseases

Pathophysiological aberrations in components of the mechanotransductive machinery
are often at the base of the modulations in cell and tissue mechanics related to diseases
and described throughout this book (see Volume 2). In fact, numerous alterations
along the mechanotransductive sequence have been reported that are linked to dis-
eases and that are, despite still existing challenges, interesting in regard to diagnostic
and therapeutic approaches (Ingber, 2003a, Jaalouk and Lammerding, 2009, Vogel,
2018, Guck, 2019, Sheridan, 2019, Tschumperlin and Lagares, 2020, Slack et al., 2021).
In the following, some general examples of irregularities in mechanotransduction-
related structures and processes at different levels that are relevant for diseases will be
introduced.

In many pathologies, abnormal rearrangements in the cell/microenvironment in-
terface affecting compositional, structural, and mechanical features of the ECM
(Humphrey et al., 2014, Bonnans et al., 2014, Cox, 2021) and the glycocalyx (Tarbell
and Cancel, 2016, Kuo et al., 2018) have been observed. This is, in particular, true for
cancers (Montagner and Dupont, 2020, Cox, 2021) (see also Chapter 6.3). The ECM of
solid tumors has been found to be denser and stiffer than its healthy counterparts as
a consequence of locally increased cross-linking and overexpression of ECM proteins,
which impacts tumor growth and metastatic potential through focal adhesion signal-
ing (Erler et al., 2006, Provenzano et al., 2008, Levental et al., 2009, Pickup et al.,
2014, Nebuloni et al., 2016). In cancer cells, the composition and physical properties
(e.g., the bulkiness) of the glycocalyx are also aberrant (Pinho and Reis, 2015, Kuo
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et al., 2018), which can influence, for example, integrin clustering (Paszek et al., 2014).
The potential clinical relevance of the combined ECM and glycocalyx effect on integrin
mechanosignaling has recently been shown for glioblastoma multiforme (Barnes
et al., 2018). Mechanosensing, integrins, and their signaling are indeed involved in ba-
sically all stages of tumor progression and the metastatic cascade (Hamidi and Ivaska,
2018, Papalazarou et al., 2018, Montagner and Dupont, 2020). Congruently, in litera-
ture-based bioinformatics analyses, it was found that dysregulations in many genes
that encode for IAC proteins are associated with various human diseases: in particu-
lar, in cancer/metastasis, but also in many others diseases, such as musculoskeletal,
cardiovascular, neurological, hematological, and blistering disorders (Winograd-Katz
et al., 2014). Also, bacteria and viruses are known to exploit or hijack components of
the IAC and/or the mechanotransductive machinery (Winograd-Katz et al., 2014, Case
and Waterman, 2015), for example, during viral entry (Hussein et al., 2015) or bacterial
infection (Hamiaux et al., 2006, Izard et al., 2006, Hoffmann et al., 2011) of host cells.

Due to their crucial role in the determination of cell shape and tension, as well as
tissue morphogenesis and development, the drastic and manifold consequences of de-
regulations affecting the cytoskeleton and RhoGTPase signaling are long-known,
again, in particular, in many cancers, but also, for example, in immunodeficiency
syndromes (e.g., the Wiskott-Aldrich syndrome, which actually gave WAVE and
WASP their names) or neurodegenerative disorders (Boettner and Van Aelst, 2002,
Mammoto and Ingber, 2009, Newell-Litwa et al., 2015, Olson, 2018). Moreover, mecha-
notransductive pathways (e.g., related to ROCK/Myosin-II) that remodel IAC and the
actin cytoskeleton might be involved in drug sensitivity of cancer cells against chemo-
therapeutic drugs, or even the development of drug resistance(Orgaz et al., 2020,
Young et al., 2020, Kubiak et al., 2021). Also, the best characterized mechanosensitive
transcription factor, that is, YAP/TAZ, has been shown to be implicated in various dis-
eases, such as atherosclerosis and cardiovascular diseases, tissue fibrosis, inflamma-
tory responses, muscular dystrophy, and different cancers (Panciera et al., 2017).

Diseases that are associated with mutations in genes encoding for proteins in
the nuclear envelope have been grouped under the term laminopathies, and linked
to faulty nuclear mechanotransduction. In line with the broad spectrum of functions
of the nuclear lamina, these diseases encompass quite different clinical phenotypes.
Some prominent examples are muscular dystrophies such as Emery-Dreifuss muscu-
lar dystrophy, neuropathies such as the Charcot-Marie-Tooth disease, lipoatrophic
diseases, or progeroid (accelerated aging) disorders, such as the Hutchinson-Gilford
progeria syndrome (Schreiber and Kennedy, 2013, Osmanagic-Myers et al., 2015).

The versatile and broad range of impact that aberrations in mechanotransductive
processes and structures can have on cells and tissues, point out the importance of
approaches aiming at obtaining precise mechanical fingerprints of diseases; further
details can be found in Volume 2. These increasing insights leverage furthermore
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emergent therapeutic approaches targeting essential mechanotransductive compo-
nents (in particular integrins) by so-called mechano-therapeutics in various diseases
(Sheridan, 2019, Tschumperlin and Lagares, 2020, Slack et al., 2021).
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5.1 Cell Culture

5.1.1 Introduction

Cell culture is one of the major techniques used in life science to study biological and
molecular cellular processes, in vitro. In the 1950s, the first cell line, HeLa, was cul-
tured from human cervical cancer (Gey, 1952), but large-scale use of cell culture was
only achieved from the mid-1980s. Since then, the development of cell culture,
in vitro, has led to seminal findings on tissue physiology and pathophysiology out-
side the organism. Decades of cell culture experiments have provided the base for
our interpretation of complex biological phenomena, such as stem cell differentiation
(Jaiswal et al., 1997) or tissue morphogenesis (Schnaper et al., 1993). More recently,
being of pivotal significance in the framework of this book, by employing cell culture
substrates with different structural and biophysical properties (particularly in regards
to rigidity and topography) the fundamental importance of the interplay between cells
and microenvironment has been disclosed (Engler et al., 2006, Dalby et al., 2007, Eng-
ler et al., 2007, Dalby et al., 2014, Crowder et al., 2016, Young et al., 2016). It is now
evident that almost all cells are indeed not solitary entities but that they strongly inter-
act and cross-talk with their native extracellular matrix (ECM). A dynamic interplay of
biochemical and biophysical signals deriving from the microenvironment orchestrates
intricate intracellular signaling cascades that influence the phenotypic and functional
fate by altering gene and protein expression (Birgersdotter et al., 2005).

After decades of performing cell culture on conventional cell culture systems,
based mainly on rigid and flat 2D glass/plastic flasks or dishes, a growing interest
has been shown towards novel methods that reproduce the structural and biophysi-
cal features of the in vivo environment, such as micro/nanostructured substrates or
3D systems with different elastic properties and mesh sizes (Place et al., 2009, Koll-
mannsberger et al., 2011, Mendes, 2013, Chen et al., 2014, Dalby et al., 2014, Crowder
et al., 2016, Duval et al., 2017). This chapter aims to give a short introduction into
common terminologies, concepts, necessities, and practices in cell culture that need
to be considered. It is intended to provide a general impression of cell culture han-
dling and necessities for interested readers of this book. With this goal, we will high-
light the major differences between cell culture types (i.e., cell lines and primary cell
culture), as well as traditional cell culture systems and new systems that take into
account biophysical features.
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5.1.1.1 Cell Lines and Primary Culture

There are different types of cell culture, mainly divided into “culture of established cell
lines” (or simply “cell lines”) and “primary culture” (Wang, 2006, Kaur and Dufour,
2012, Uysal et al., 2018). Cell lines are permanently established cell cultures that will
proliferate indefinitely, given appropriate conditions, such as specific medium, space,
and controlled environment. They are usually derived from cancerous tissues, or have
been immortalized in a specific way (e.g., by overriding of the cell cycle by viral gene,
such as human papilloma virus or SV-40; or by expression of essential proteins in
control of cell senescence, like the telomerase hTERT). However, this tumorous origin
and/or the necessary transformations are the main disadvantage of cell lines. Al-
though they retain characteristics of their non-immortal counterparts, they have in-
curred significant alterations (Wang, 2006, Pan et al., 2009, Pastor et al., 2010, Kaur
and Dufour, 2012, Geraghty et al., 2014b, Uysal et al., 2018).

Primary cells, on the contrary, are cells isolated directly from human or animal
tissues, by using enzymatic or mechanical methods. The advantage of primary cell
culture is that they have been directly removed from the in vivo condition and,
therefore, they more accurately resemble functions and properties of the in vivo
cells and tissues. On the other side, setting up culture conditions for primary cells is
more complicated and their lifespan is limited (Wang, 2006, Uysal et al., 2018).

In both cases, to reproduce the physiological conditions of in vivo environment
and to ensure cell viability, proliferation, and growth, cell culture needs to be per-
formed in a sterile environment at optimal pH, humidity, and temperature, within a
culture medium. The choice of the appropriate cell culture medium or growth medium
is crucial. Different cell types might need different media; however, the typical compo-
sition of culture media is a mixture of components that enhance and facilitate cell via-
bility and growth. Most of these components include amino acids, vitamins, lipids,
glucose, carbohydrates, inorganic salts, and growth factors (Arora, 2013). Addition-
ally, serum is often added to culture media, as a further source of growth factors to
stimulate cell division and growth, and proteins (e.g., fibronectin and vitronectin) to
improve cell adhesion. The most common source of serum is bovine blood. The use of
serum however comes with a relatively high cost and the disadvantage that it is not a
standardized component, with batch-to-batch variability. For the latter reason, in cell
biological experiments, most of the time, the amount of serum in the medium is re-
duced to the bare minimum necessary for the functioning and well-being of the cells.
For some cell types, the exigencies to guarantee cellular proliferation and well-being
have been determined, so that defined serum-free media exist that provide all neces-
sary nutrients and growth factors (Wang, 2006, Uysal et al., 2018).
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What type of cells to choose between cell lines and primary culture depends
pretty much on the type of experiment planned, as well as on the available infra-
structure and expertise available (particularly in the case of primary cells).

5.1.1.2 Conventional 2D Cell Culture Versus ECM-Mimicking
Culture Systems

When performing cell culture in vitro, it is crucial to reproduce the conditions of
in vivo tissues, as much as possible. For decades, the conventional cell culture sys-
tem employed was based on a 2D approach in which cells are grown on a plate,
which is rigid and flat. These cell culture systems, such as flasks or Petri dishes
with plastic or glass bottoms, have been routinely used in thousands of laboratories
worldwide, providing interesting findings that helped to understand better cell
physiology and behavior. However, these conventional 2D systems with basically
featureless surfaces at the nanoscale level are not able to recapitulate important as-
pects of the in vivo context and lack the geometrical, structural, and mechanical
properties of native ECM (Place et al., 2009, Kollmannsberger et al., 2011, Gasiorowski
et al., 2013, Mendes, 2013, Chen et al., 2014, Dalby et al., 2014, Crowder et al., 2016).

Furthermore, in 2D systems, the cell membrane can only partially face the sub-
strates and the neighboring cells. This can lead to unnatural interaction with the
environment and soluble factors (Gieni and Hendzel, 2008). Thanks to the progress
in the field of mechanobiology, it became evident that these biophysical properties
are essentially involved in virtually all cell biological processes (Place et al., 2009,
Kollmannsberger et al., 2011, Gasiorowski et al., 2013, Mendes, 2013, Chen et al.,
2014, Dalby et al., 2014, Crowder et al., 2016, Young et al., 2016). In order to over-
come the limitation of conventional cell culture, in the last few decades, many
techniques and methods have been applied to further the development of biomate-
rial systems that enable the culturing of cells on more biomimetic supports. Exam-
ples are micro/nanostructured surfaces or 3D ECM-like networks, which allow the
cells to interact with a substrate that provide 3D biophysical cues (such as elastic-
ity and/or nanotopography), mimicking those found in natural ECM (Place et al.,
2009, Haycock, 2011, Mendes, 2013, Chen et al., 2014, Dalby et al., 2014, Andersen
et al., 2015, Ravi et al., 2015, Crowder et al., 2016, Young et al., 2016). Differences in
cellular behavior induced by the interaction with biophysical substrate character-
istics depend on the way cells experience their microenvironment and the induced
signaling cascades. These processes have been described under the terms mecha-
nosensing and mechanotransduction, and can influence numerous and versatile
cell biological key processes, such as survival, proliferation, adhesion, migration,
and differentiation, or also on a broader scale, tissue development and homeosta-
sis (Gauthier and Roca-Cusachs, 2018, Kechagia et al., 2019, Sun et al., 2019). Ac-
cordingly, it has been shown that cell behavior and fate are strongly influenced by
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the type of cell culture system used. For example, adhesion of cells to flat and rigid
2D surfaces can alter the cell metabolism and functionality, leading to results that
may not reproduce the in vivo context (Lee et al., 2008). The use of 2D or 3D sys-
tems influences processes such as immune system activation, defense response,
cell adhesion, apoptosis, and tissue formation (Chen et al., 1997, Birgersdotter et al.,
2005, Kenny et al., 2007, Weigelt et al., 2010, Duval et al., 2017, Kapałczyńska et al.,
2018). Further details on mechanotransduction can be found in chapter 4.6.

In nature, many cells are fully embedded in the ECM; 3D systems can therefore
be biologically more relevant than 2D systems (Gevaert, 2012, Duval et al., 2017, Ka-
pałczyńska et al., 2018), because they are able to recapitulate better critical cues
present in the native ECM in three dimensions and facilitate biological processes
such as tissue organization (Lee et al., 2008). 3D cell culture can grow within a scaf-
fold or with a scaffold-free technique. Most used scaffolds are based on natural and
polymer hydrogels (Tibbitt and Anseth, 2009) or matrices (Grinnell, 2003, Lee et al.,
2008). Examples of polymer hydrogels suited to mimic natural ECM are polyethyl-
ene glycol (PEG), poly(hydroxyethyl methacrylate) (polyHEMA), polyvinyl alcohol
(PVA), and polycaprolactone (PCL). Examples of natural polymers (and proteins)
that are able to form hydrogels for 3D cell culture are alginate, chitosan, hyalur-
onan, dextran, collagen, and fibrin (Place et al., 2009). Furthermore, protocols have
been established to decellularize natural ECM, which can then serve as scaffold for
cell culture (Hoshiba, 2017, Taylor et al., 2018).

Examples of scaffold-free methods include cellular spheroids. They are created
with different techniques, such as hanging drop, rotating culture, and concave
plate methods (Kelm et al., 2003, Timmins et al., 2005, Ivascu and Kubbies, 2006,
Pampaloni et al., 2007). 3D spheroid cultures have been largely employed to study
cancer processes, especially because they are able to capture the complexity of
solid tumors. Moreover, their arrangement and migratory features closely mimic
tumor microregions (Desoize, 2000).

5.1.1.3 Cocultures

Apart from the ECM, many cells also interact with other cells (including other cell
types, for example, neurons and astrocytes in the brain). Therefore, it can be of major
interest to study these interactions of cell populations in coculture conditions. Repli-
cating these kinds of interactions in a controlled manner in cell culture is challenging
because, often, it requires achieving a physical separation of the two (or more) cell
types and/or populations that still enable the typical type of communication and/or
interaction of these cells. Various approaches of coculture systems have been devel-
oped, for example, transwell systems (i.e., inserts for cell culture wells that can be
populated by one cell population and introduced into the well of cell culture plates
that host the other cell population; pores in the transwell insert permit the diffusion of
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signaling proteins secreted by the cells), microfluidic systems with separated compart-
ments that are connected by fluid channels, or micropatterning techniques that allow
to control the adhesion of cells in specific areas in the same device (Théry, 2010,
Goers et al., 2014, D’Arcangelo and McGuigan, 2015).

5.1.2 Cell Culture Equipment

Here, we will give a short introduction of standard cell culture equipment and require-
ments, focusing on the exigencies for culturing cells derived from the mammalian
body (Wang, 2006, Geraghty et al., 2014b, Uysal et al., 2018). Equipment and require-
ments for the culture and handling of other cell types from common non-mammalian
animal models such as fish cells (e.g., zebrafish), amphibian cells (e.g., xenopus), in-
sect cells (e.g., drosophila), plant cells (e.g., Arabidopsis), or essentials for work on
pathogens or BSL-4 materials (which require particular training), can differ substan-
tially from the ones mentioned here and will not be covered in this chapter.

5.1.2.1 Laboratory Equipment

The laboratory equipment must ensure the in vitro reproduction of the in vivo physio-
logical conditions in which cells live and grow (e.g., with respect to temperature, pH,
or CO2), as well as the avoidance of stress (chemical or physical) for the cell culture.

Basic equipment and supplies:
– Incubator (incl. CO2 supply and settings).
– Biosafety cabinets (designed for work comprising biosafety levels BSL-1, -2, -3

materials).
Some remarks:
The working area within the biosafety cabinets has to be large enough to permit
easy and comfortable cell culture handling of one person at a time, as also cleaning
procedures (inside and outside). Also, appropriate illumination has to be provided.
Disinfection with UV light and 70% alcohol before and after every use is
mandatory.

– Phase contrast microscope (e.g., to control the well-being of cells or the pro-
ceedings of subculturing procedures).

Furthermore, various other equipment and supplies are necessary to be able to per-
form cell culture:

Centrifuges, vortex, fridge, freezer, cryostorage (cryoboxes, liquid nitrogen, tanks,
etc.), cell culture plasticware (flasks +/– vented caps, plates, pipette tips, centrifuge
tubes, caps, filters, etc.), syringes, needles, pH meter, autoclave, laboratory scale,
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waste containers, media (plus supplements depending on cell types), and cell count-
ing devices (counting chambers, or automated cell counting apparatus).

5.1.2.2 Physical Environment

The physical environment should, if possible, be dedicated only to cell/tissue cul-
ture and should be as aseptic as possible, for example, with air lock. If that is not
possible, there should, at least, be a designated working area for cell/tissue culture
with minimized entry and exit (especially of personnel without cell culture exper-
tise). The cell/tissue culture environment should be under positive pressure and
equipped with HEPA (high-efficiency particulate air) filtered air flowing through.

There should be specific and adequate storage areas for liquids, chemicals, and
cell culture supplies, particularly, if they are sterile.

Always read instructions that come with the products carefully to store them in
the right manner; some reagents are sensitive to light and have to be stored in the
dark; many reagents for cell culture have to be stored in cool places or frozen.

5.1.3 Cell Culture Procedures

Many different continuous cell lines share the same protocols for cell culture. How-
ever, some cells require special treatments, for example, coated flasks, special
media, or growth factors (Meleady and O’Connor, 2006, Geraghty et al., 2014a). In
the following paragraphs, we describe some of the most commonly and routinely
used cell culture protocols in biology, such as subculture, cell cryopreservation,
and thawing.

5.1.3.1 Subculture of Adherent Cells

Subculture is a technique routinely performed during cell culture. In this procedure,
also known as passaging, cells from a previous culture are transferred to fresh growth
medium in a new culture. Adherent cell lines, in fact, will grow in vitro until they are
“confluent,” that is, until they have covered all the surface area available. At this
point, to prevent the culture from dying, cells need to be subcultured. First of all,
cells have to be suspended; therefore, adherent cells are first washed with PBS and
then incubated with a proteolytic enzyme to detach them from the substrate. The en-
zyme most frequently used for this purpose is trypsin, a serine protease acting on the
C-terminal side of lysine or arginine (Rick, 1974, Evnin et al., 1990). The trypsin is
usually of mammalian origin, which means that it has an optimal operating
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temperature at ~ 37 °C. Therefore, the trypsinization is performed in the incubator,
and after a few minutes (depending on the cell type and their adhesion strength), the
cells will be detached from the substrate (due to the cleavage of adhesion-mediating
surface receptors) and suspended. Often, trypsin is used in combination with EDTA
(ethylenediamine tetraacetic acid), which is a metal ion chelator and, as such, it can
chelate divalent cations that are important for the activation and functioning of integ-
rins. For some cell lines, the exposure to proteases is harmful; in this case, EDTA
alone or cell scrapers can be used as alternative to trypsin, to detach the cells.

Once in suspension, the cells can be collected and centrifuged (usually 5 min)
to obtain a cell pellet. The supernatant medium (still containing the trypsin, which,
at longer exposure, could damage the cells) can be discarded by pipetting, so that
the remaining cell pellet can be finally re-suspended in fresh medium. In some
cases, before starting the new culture, a cell counting process will be necessary,
usually performed with a hemocytometer, that is, a counting-chamber device (Tol-
nai, 1975, Phelan and Lawler, 1997), or a cell counting apparatus, in order to control
the amount of cells to be subcultured. Once cells have been subcultured in fresh
medium in tissue culture flasks or Petri dishes, they can be stored in the incubator
and allowed to adhere to the surface overnight. Afterwards, the medium is changed
to remove cell debris or dead/floating cells. The process can be repeated when cells
are confluent again, recording the passage time, every time. The passage time is the
number of times the culture has been subcultured and will help keeping track of
the “age” of a cell culture. This number is particularly important in controlling ex-
periment reproducibility, because cells might change characteristics if they have
been passaged too often (Geraghty et al., 2014b).

5.1.3.2 Cryopreservation and Thawing

Cryopreservation allows storage of cells at low temperatures and avoids having to
keep the cell lines in culture for a long time, if not needed. As with many other cell
culture procedures, every cell line will require a specific protocol for the best results of
cryopreservation. However, some of the criteria that should always be respected are:
– Cells should be 90% viable, ensuring absence of contamination.
– High concentration of serum should be used.
– A cryoprotectant (such as dimethyl sulphoxide, DMSO) should be used to pro-

tect the cells from the formation of ice crystals.
– Cultured cells should be frozen at a high concentration and low passage number.

Overall, the basic principle for successful cryopreservation is based on “slow freez-
ing and quick thawing.” In fact, cells should be frozen slowly, reducing the temper-
ature by approximately 1 °C per minute. Sterile cryovials are used to store frozen
cells at ultra-low temperature, for example, in liquid nitrogen or in the gas phase
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above liquid nitrogen (below −135 °C). During the cryopreservation process, special
care should be taken when storing the cryovials in liquid nitrogen. In fact, liquid
nitrogen is associated with potential hazard, and it is, therefore, important that all
the users wear personal protective equipment and are trained to minimize the risk
of incidents during this process.

In contrast to cryopreservation, the process of thawing cryopreserved cells is
used when cells need to be brought in culture after freezing them. In this case, the
procedure needs to be fast to avoid the cells coming into long contact with DMSO,
which is cytotoxic above 4 °C. The cryovials containing frozen cells are therefore
removed from liquid nitrogen and allowed to thaw at 37 °C (usually in a heated
water bath). Then, cells are rapidly transferred to previously aliquoted medium (to
dilute the DMSO) and centrifuged for 3–5 min, which leads to a formation of a cell
pellet. In this way, the supernatant can be removed (and with it, the DMSO) and the
remaining cell pellet can be resuspended in fresh medium and plated into appropri-
ate cell culture flasks or dishes. If needed, the cells can also be counted at this
stage and added to a culture flask or dish with an appropriate volume of medium.
The cells are allowed to adhere to the surface of the flasks overnight and, after-
wards, the medium can be replaced to remove any dead cells or debris.

5.1.4 Safety Requirements During Cell Culture

A cell culture laboratory has many specific hazards to consider in order to avoid
harming individuals and the environment. Here, we can only give a very short over-
view, but every cell culture facility has specific procedures and training for people
that are working in cell culture. The main hazard is the risk of contact with poten-
tially infective, toxic, or corrosive solvents, which are often required when manipu-
lating human or animal cells or to maintain cell culture as well as during various
experimental procedures. Every time a specific substance is handled, it is important
to read carefully the Safety Data Sheet (SDS) that contains all information regarding
the properties of the substance, such as melting and boiling points, infection and
toxicity information, disposal, and procedure to handle spills.

Safety equipment is also fundamental to protect users; for example, personal pro-
tective equipment (PPE) and primary barriers like biosafety cabinet (or cell culture
hood). PPE represents a barrier between the user and hazardous agents, and includes
items for personal protection such as gloves, coats, safety glasses, goggles, and face
shields. Biosafety cabinet prevents contamination in both users and cell culture.

Simple safe laboratory practices can also help protect persons and cell culture,
and include the following:
– The work surfaces need to be decontaminated and cleaned before and after any

experiments.
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– Appropriate PPE needs to be used.
– Gloves need to be changed if contaminated.
– All the materials (i.e., needles, broken glasses, pipettes, and so on) need to be

disposed of according to the institutional policies.
– Hands need to be washed before leaving the laboratory.

5.1.5 Conclusions

Since its introduction, cell culture has proved to be a valuable tool in studying bio-
logical and molecular processes and functions, in vitro. Advances in technology
have also provided tools to overcome the limitations of conventional cell culture
systems, which insufficiently recapitulate biophysical and biochemical properties
of the natural ECM. Overall, despite the fact that in vitro culture represents only an
approximation of the in vivo context, if consciously practiced, it can provide a pow-
erful tool to answer fundamental biological questions.

In this chapter, we proposed a brief overview on different cell types, the equip-
ment required to perform cell culture, some of the most commonly used procedures,
and safety requirements. The procedures described in this chapter are meant to be
of general introduction and can largely differ for some cell types and often need to
be adapted according to the planned experiments. We, therefore, suggest to always
seek information on the specific cell type intended to be used and following guid-
ance from experts in biology, before starting a cell culture, in vitro.
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5.2 Tissue Preparation

5.2.1 Fresh Native Tissue

The authors refer “fresh tissue samples” as those that come directly from the patient or
animal after surgery without being submitted to any freezing and chemical process.

Fresh tissue samples are always a challenge for AFM analysis since they have to
be adherent and completely immobilized onto the sample plate over long periods of
time, sometimes hours, as in mechanical properties assessment tests. If the immobiliza-
tion is poor, the AFM measurements cannot be performed or the results may present
some artifacts. An example can be the measurement of mechanical properties on fi-
bers; if there are even the slightest movements (vertical or horizontal) during the acqui-
sition of force-distance curves, they may lead to an incorrect interpretation of Young’s
modulus, and the elasticity maps will be unusable (Kammoun et al., 2019). Fresh tissue
samples can be very different with regard to roughness, thickness, and consistence
(stiffer or “fluffier”). These parameters depend on the type of tissue (epithelium, mus-
cle, connective, or nervous tissue). Different tissues may be present in the same organ,
such as the brain, heart, or colon. Taking into consideration the organ functionalities,
some tissues may produce substances, such as the mucosa epithelia of uterus, esopha-
gus, gastric, intestinal, nasal, and vaginal. The preparation of these samples can be
even more demanding due to the eventual contamination of the AFM tip.

After excision, fresh tissue samples are immersed in a liquid, such as feeding
medium or cell culture medium, and transferred from the surgery room to the AFM
room. If human cancer samples are the object of further AFM examination, it is im-
portant to have the tumor sample investigated by a pathomorphologist at first, who
identifies the cancerous tissue sections and healthy margins. It also has to be kept
in mind that every human tissue is always potentially biohazardous; thus, adequate
safety protocols must be followed (Deptuła et al., 2020).

The first step for a successful AFM analysis is an efficient but gentle tissue
cleaning. Some tissues produce mucous, requiring a very careful cleaning process
for its observation by AFM; since the mucous is always a source of contamination
for the AFM cantilever tips.
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The operator must use polymer tweezers without teeth to avoid tissue damage
and use PBS or other biological liquids to wash the tissues carefully, preserving all
the structures and layers as much as possible. There are some tissues that require
measurement as they come from the surgery room, due to their size and/ or low
stiffness cannot be cut for the AFM analysis. Other tissues, due to their size and/ or
stiffness, can be easily cut before being analyzed.

Use of vibratomes is a common practice to obtain fresh tissue slices that are cut
with a very high precision. Another advantage of using this equipment is that the
sample can be hydrated, when needed, during the cutting process. This equipment
does not require tissue fixation, meaning that cells viability and native tissue struc-
tures are preserved (Mattei et al., 2015). Tissues just need to be embedded in an aga-
rose gel, with a melting point up to 37 °C, to maintain their structure and viability.
Vibratomes present some disadvantages as a consequence of the lack of standard
protocols, specifically regarding cutting parameters, such as thickness, speed, oscil-
lation amplitude, and blade angle, for certain applications. The main difficulty is to
optimize the cutting speed, partly because it depends too much on the tissue type
(Zimmermann et al., 2009). In spite of the above mentioned reasons, vibratomes
continue to be an option, still highly used in this biological field.

Several works have been published regarding the study of mechanical proper-
ties of fresh animal and human tissues. Jorba et al., used the AFM to measure the
stiffness of mice brains to assess if the obstructive sleep apnea could contribute to
increased risk of Alzheimer’s disease, inducing alterations in brain stiffness (Jorba
et al., 2017). After animal euthanasia, mice brains were placed in ice-cold Krebs-
Henseleit buffer and 200 µm slices were obtained with a vibratome. The fixing of
the brain piece is assured by placing it inside a Petri dish under a special compliant
mesh (2 mm spacing) of silicone thread (0.25 mm in diameter) that does not com-
press the sample (Jorba et al., 2017). Antonovaite et al., also used the vibratome to
study the correlation between viscoelasticity of the hippocampus of the mouse
brain slices in the development of neurological diseases (Antonovaite et al., 2018).
Murine embryonic of murine forelimbs or bovine cartilage plugs from bovine femo-
ral condyles were sectioned with the vibratome and AFM force mapping was used
to assess the compressive modulus (Xin et al., 2016).

Cui and colleagues studied the nanomechanical properties of cervical cancer and
intraepithelial neoplasia tissues by AFM. The samples were collected from the pa-
tients and preserved in a precooled lactated Ringer’s solution containing a protease
inhibitor cocktail and stored at 4 °C for no more than 72 h until the AFM measure-
ments (Cui et al., 2017). The samples were analyzed as if they were without any reduc-
tion in size, and immobilized on a 35-mm dish using a 1-minute™ biocompatible
epoxy gel. To avoid interfering with the sample’s mechanical properties, the manipu-
lation was performed as gently as possible immediately after the specimens were
glued to the dishes (1–1.5 min). Lekka and colleagues also studied the mechanical
properties of the endometrium. Tissues were harvested and transported in DMEM till
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the AFM room. Thick slices of normal and tumor tissues were cut using two razors in
a liquid (6 mm × 2 mm × 2 mm). Sections were kept in DMEM at 4 °C for AFM meas-
urements. The slice was removed from the medium and glued onto a glass coverslip
using two 0.5 μL droplets of cyanoacrylate adhesive (AXIA, Kitta, Korea) placed at
both extremities of the sample. Special care was taken to preserve the media on a
surface devoted to AFM measurements. After gluing (2–3 min), the slice was immedi-
ately immersed in DMEM and AFM measurements were carried out within the next
2–3 h at room temperature (Lekka et al., 2012).

Di Mundo et al., studied the mechanical properties of human corneal Descemet’s
membrane (DM) by AFM nanoindentation. After the patient’s death, the tissues were
preserved in a storage/ transport medium for 20 days on average (Di Mundo et al.,
2017). The corneas were centered on the base of a trephine punch using the periph-
eral holes of the suction area as the reference. The corneal tissue, with endothelium
facing the air, was secured on the base using vacuum. A 9.5 mm diameter punch
(Moria, Antony, France) was used to create a superficial cut. The endothelium was
covered with the medium to create a thin film of fluid. The membrane was lifted
using a cleavage hook throughout the circumference to limit the peripheral tearing of
this delicate tissue. A critical issue for the AFM analysis in liquid was to keep the
membrane well opened and firmly adhered to the ground of the AFM liquid cell as
the DM folds spontaneously in the liquid environment (Di mundo et al., 2017).

Lambordo et al., obtained corneas from patients (6 and 10 h after death) and im-
mediately preserved them at 4 °C in a corneal storage medium (Eusol-C; Alchimia Srl,
Padova, Italy) enriched with 15% dextran. Each cornea was trephined to a size of
8.0 mm diameter with a hand trephine (MicroKeratron, Geuder AG, Heidelberg, Ger-
many) after gently removing the epithelium with a sponge (Merocel; Medtronic, Min-
neapolis, MN) soaked in deionized water. The whole cornea, devoid of epithelium,
was preserved in a corneal storage medium enriched with 15% dextran and used for
experiments within 12 h (Lombardo et al., 2012)

Lui et al., studied lung tissue. This tissue is highly compliant and elastic, being
difficult to cut into strips for AFM characterization. To stabilize the lung structure for
cutting, isolated mouse lungs must be inflated intra tracheal with 50 mL/kg body
weight of 2% low gel point agarose (prepared in PBS), warmed to 37 °C. The agarose
will gelify and stiffen in the airspaces to gently stabilize the lung structure (Lui et al.,
2011).

Some tissues can have a cadaveric source. Gouveia and coworkers assessed the
biomechanics by AFM of corneal substrates and their effects on stem cell mainte-
nance and differentiation. Human corneas were obtained from cadaveric donors
using a scleral ring. In order to maintain the hydration, thickness, and transparency,
the samples were kept at dextran containing Carry-C preservative medium in refriger-
ation conditions during transportation, and analyzed not later than 2 weeks (Gouveia
et al., 2019).
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Fresh sample tissues could be difficult to obtain since they do not always have
sufficient size (mainly regarding the tumor/not healthy tissue) for diagnostic and
research purposes. In terms of handling, preparation, and analysis, they are more
demanding (mainly if they are soft) when compared to frozen and/or stiff tissues.
The analysis of fresh tissues has several advantages once they are closer to the na-
tive tissue conditions.

5.2.2 Preserved Native Tissue Samples

In any type of tissue samples examination, the time between the sample excision
and measurement/analysis, as well as sample preservation conditions are crucial
since, quite often, the samples have to be transported from one institution to an-
other as it is in the case of AFM studies. The availability of equipment and qualified
human operators at the exact time may be limited; thus, tissue samples preserva-
tion protocols must be established.

The common biospecimens processing methods involve snap freezing, paraffin
embedding, or formalin/paraformaldehyde (PFA)/glutaraldehyde (GA) fixation (Mendy
et al., 2018, Taylor et al., 2019). All three approaches allow for a long-term storage of
biological material. Formalin, PFA, and GA fixation methods preserve the morphologi-
cal structure of the sample well, which is efficient for histological observations. How-
ever, they change the sample’s molecular structure via protein crosslinking, which
results in changes of physical-chemical properties of the specimen. Paraffin fixation
method keeps the morphological structure of the tissue untouched, and additionally, it
does not compromise proteins or the nucleic acids structure. The fixed biospecimens
are kept at room temperature (25 °C), which is an advantage, making these techniques
commonly used. The third way for biological samples storage is freezing. The biobank-
ing protocols state that human tissues should be cut into 0.5 cm3 pieces, prior quick
freezing (Mendy et al., 2018). In addition, an optimal cutting temperature (OCT) com-
pound can be used to allow for future cryosections (Sicard et al., 2017, Sicard et al.,
2018). The freezing procedure itself may be performed either by snap freezing, that is,
by immersing the sample in liquid nitrogen (LN2) (van Zwieten et al., 2014), followed
by transferring the sample in cold ice to a −80 °C freezer or directly to an LN2 dewar
(Lindner et al., 2019). The above listed protocols are commonly practiced in biobanks
or biological resource centers, where tissue samples (e.g., blood, cancer tissues, and
urine) are stored. These institutions play an important role in the study of infectious
and noncommunicable disease etiology and identification of new potential diagnostic
markers. They are crucial to the development of personalized drug treatment and trans-
lational research as well (Mendy et al., 2018).

Biospecimens of higher volume require a slow freezing procedure. For the slow
freezing process, a sample is transferred to the freezing medium, which consists of
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cell culture medium supplemented with 10% FBS and n% of a cryoprotectant agent.
The most common cryoprotectant agents are dimethyl sulfoxide* (DMSO), Propane-
1,2-diol* (PrOH), ethane-1,2-diol* (EtOH), or Propane-1,2,3-triol*. The amount of the
cryoprotectant agent depends on the tissue type, although it usually does not ex-
ceed 15% v/v. Hence, tissue samples are placed in cryovials and embedded in a
freezing medium. After 15–30 min, they are placed in a CoolCell box (Cell Freezing
Container) and stored for 8–12 h in a −80 °C freezer for slow freezing. Subsequently,
the cryovials are transferred to a −150 °C mechanical freezer or liquid nitrogen
freezer (submersion or vapor at −96 or −132 °C, respectively) for a long-term storage.
The efficiency of freezing protocols is usually evaluated by specimen morphology
observation (Isildar et al., 2019) or histological examination (Castro et al., 2011,
Mendy et al., 2018, Porter et al., 2019).

The thawing process is conducted at room temperature just before the sample
examination. Tissue sectioning, prior freezing, is performed in order to reduce
freezing and thawing cycles, which might negatively influence the biospecimen.

Recently, the influence of GA fixing and slow freezing (DMEM with 10% DMSO)
on the mechanical properties of bronchial tissue samples has been studied (Zemla
et al., 2018b) Fresh tissue samples were investigated as well. AFM-force spectroscopy
was used to investigate the influence of sample preservation techniques on healthy
and asthmatic tissue specimens. Pulmonary diseases often cause tissue remodeling,
which involves fibrosis, changes in ECM, hyperplasia and so on; thus, variation of tis-
sue elasticity can be expected. It was found that fresh healthy tissues are more rigid
than asthmatic ones. The same behavior was observed for thawed samples, and addi-
tionally, there was no statistically significant difference between the E values obtained
for fresh and frozen tissues (Figure 5.2.1, left). GA fixing method resulted in the re-
versed dependency of elasticity parameter value E. Additionally, relative tissue stiff-
ness index (RTSI) has been defined as the ratio of Easthma to Ehealthy, and compared for
different indentation depths as well as sample preparation protocols (Figure 5.2.1,
right). It was shown that freezing did not affect the mechanical properties of tissues,
and in both cases, the values of RTSI did not depend on the indentation depths.
Contrary to these, GA fixation changed the mechanical properties of the tissue sam-
ples. Additionally, the RTSI was found to vary depending on the indentation depth
(Figure 5.2.1 right). At 200 nm indentation depth, the RTSI of GA fixed samples is
close to 1, while at 600 nm indentation, it shows that asthmatic tissue is almost twice
stiffer than the healthy fixed samples. This inconsistency discriminates GA-fixing as
an efficient method of tissue sample storage.

A few years earlier, Van Zwieten compared the elasticity parameters obtained for
fresh human gluteus maximus muscles and also snap-freezed in LN2 or LN2-cooled iso-
pentane. DMD muscles have also been studied. It has been shown that AFM measure-
ments allow distinguishing healthy and DMD tissues, regardless of the tested sample
preparation protocols (van Zwieten et al., 2014). These results as well as control experi-
ments (DNA and biochemical characteristics, histology tests) performed in biobanks
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confirm that slow freezing as well as snap freezing are harmless tissue preservation
methods (Groelz et al., 2018, Lindner et al., 2019).

5.2.3 Decellularized Tissues

Mechanical assessment of native tissue samples, either fresh or preserved, provides
information on the viscoelastic properties of the 3D structure present on the differ-
ent types of cells in the tissue and extracellular matrix (ECM). Whereas this informa-
tion on native tissue is of high interest to know the mechanical properties of tissues
in their natural configuration, to determine the specific contribution of ECM in tis-
sue viscoelasticity is also of considerable importance. This is particularly relevant
considering that in prevalent diseases, ECM mechanics plays a substantial role in
characterizing the severity of the disease (e.g., collagen accumulation in different
organ fibrosis) or determining the risk of disease progression (e.g., tumor infiltra-
tion and cancer metastasis).

Preparation of ECM tissue samples for mechanical assessment requires perform-
ing a decellularization process to separate the ECM scaffold and the tissue cells.
Ideally, decellularization must completely eliminate all cells in the tissue and leave
the ECM scaffold absolutely intact. Hence, the process should be considerably ag-
gressive to extract all cells and cell debris (e.g., small membrane fragments at-
tached to the ECM by focal adhesions) and at the same the time should be smooth
enough to avoid any alteration of the ECM. Obviously, such an ideal process does
not exist in real life, and thus selection of the optimal decellularization protocol

Figure 5.2.1: Medians of the Young’s modulus determined for airways tissue samples at
indentation depth 600 nm. Tissues were compared depending on the applied preparation protocol
(i.e., fresh, frozen, and GA fixed samples). Data are presented as a median ±median deviation
(left). Relative tissue stiffness index at different indentation depths as a function of sample
preservation protocol (right) (reprinted with permission from Zemła et al. (2018b)).
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requires a good balance to achieve a satisfactory trade-off using the different decel-
lularization methods, which should be combined into carefully selected and tested
protocols. For instance, regarding the effectiveness of decellularization, it is usually
considered acceptable to reduce the concentration of DNA to less than 50 ng dou-
ble-stranded DNA (dsDNA) per mg ECM dry weight, to have less than 200 bp DNA
fragment length, and observing no visible nuclear material by 4′,6-diamidino-2-
phenylindole (DAPI) staining (Crapo et al., 2011).

The specific decellularization technique must be chosen depending of the in-
tended ECM final scope, for instance to preserve the original mechanical properties as
much as possible. As the ECM features vary depending on the tissues and organs, the
optimal decellularization protocol should also be tissue-dependent. There are three
main different mechanisms/agents to decellularize an organ or tissue: physical, bio-
logical (enzymatic), and chemical (Badylak et al., 2011). Physical procedures (freezing,
mechanical forces, and sonication) can enhance tissue decellularization through in-
tracellular ice crystals formation, tissue layer delamination, and ultrasonic cell dis-
ruption, respectively. However, these procedures are not sufficient to perform total
decellularization and an efficient removal of cell residues. Biological agents, such as
enzymes, can be used as decellularization agents in order to degrade specific biologi-
cal components. Proteases, lipase, glycosidases, and nucleases can be used to help
chemical cell lysis and to foster target molecules removal. However, these enzymes
can damage the ECM to different extents; so a titration of their activity must be tested
for each tissue and organ. Chemical agents (detergents and acid/base buffers) are
also used to decellularize tissue and organs. Different compounds and their combina-
tions promote cellular lysis through membrane permeabilization, protein denatural-
ization, and nucleic acid disruption. Chemical agents also affect the ECM structure
and biochemical properties; so their use must be well characterized. Furthermore,
after their use, extensive washes are required in order to clean the ECM sample.

The several potential decellularization processes that are available have different
effects on the ECM properties (Gilbert et al., 2006), which can be critical for assessing
the preserved mechanical properties in the natural scaffold. Thus, some issues should
be taken into account before choosing the decellularization method. If the 3D struc-
ture and its stiffness are important, collagens must be preserved. In this case, ionic
detergents would be the optimal choice, and enzymatic or alkaline-acid methods
should be avoided. This consideration is valid if any protein preservation is important.
Osmotic buffers are a more conservative solution to obtain a decellularized ECM, but
are slower and cannot penetrate in thicker compact organs; for example, the heart. In
dense tissues or organs, detergents can help buffers to penetrate but they affect the
proteic ultra-structure due to the disruption of the protein-protein interactions. Alco-
hols and other solvents are very efficient to remove lipids from tissues, but they can
cross-link proteins and modify the ECM ultrastructure, and hence the mechanics. Enzy-
matic treatments guarantee a specific removal of the determined proteins with a certain
grade of unintended targets, and they are not sufficient for a complete decellularization
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of the whole tissue. Therefore, they must be used in combination with other methods.
Physical methods, such as temperature, force, pressure, and electricity, can be applied
but they have limited efficacy and a high probability to damage the ECM components
and structure, and thereby the mechanical properties.

There are different techniques to apply the decellularization agents, each one with
its advantages and drawbacks. The effectiveness of tissue and organ decellularization
depends on the intrinsic tissue properties as the specific cell density, thickness and
compaction, lipid content, as well on the selected decellularization agents (Crapo
et al., 2011). However, the existence of an inverse correlation between the decellulariza-
tion efficiency and the ECM quality preservation must be considered. Whole organ per-
fusion, which is achieved by the administration of decellularization agents through the
organ or tissue vasculature, has shown high efficiency. Antegrade or retrograde perfu-
sion preserves organ structures, reaches densely packed cell areas, and simultaneously
allows the removal of cell debris. Whereas, the vasculature is the only ubiquitous cir-
cuit for applying decellularization, in some organs, there are additional routes. For in-
stance, the lung can also be decellularized through the trachea (Melo et al., 2014).
Application of pressure gradient during decellularization increases the contact and
forces decellularization agents to pass across the tissues. This method, designated as
convective flow, can also help cell residues’ removal, with less impact to ECM architec-
ture. Supercritical fluids application of an inert gas for decellularization promotes cell
debris removal and minimal alteration of ECM mechanical properties. Organs and tis-
sues can be decellularized by immersion in chemical and biological agents, while
being subjected to mechanical agitation. Cellular density of the tissue and compaction,
together with the selected decellularization buffer, determines the protocol dura-
tion. It is remarkable that this procedure is particularly useful to directly decellu-
larize thin pieces of native tissue, which is of relevance, for instance, when trying to
compare the mechanical properties of a native tissue and ECM in the very same sam-
ple (Farre et al., 2018). As a general rule, a specific combination of mild physical, bio-
logical, and chemical methods, together with the type of administration should be
tested for each tissue/organ and the type of application, to obtain the best result
(Keane et al., 2015). However, it is advisable to specifically test how different variants
of decellularization procedures affect the mechanical properties of the obtained ECM
(Nonaka et al., 2014, da Palma et al., 2015, da Palma et al., 2016).

Given that the ECM obtained by decellularizing the different organs/tissues may
be used for tissue engineering or regenerative medicine applications, they can be
subjected to sterilization processes to comply with the regulations in force for each
application and country. It is therefore important to assess the potential effect of
such a sample preparation procedure on the mechanical properties of ECM (Keane
et al., 2015). Classical sterilization methods, such as ethylene oxide exposure, gamma
irradiation, and electron beam irradiation, are known to potentially alter ECM ultra-
structure and thus the mechanical properties. For instance, it has been reported that
conventional gamma sterilization significantly modifies the lung ECM mechanics
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(Nonaka et al., 2014). Tissue ECM can be sterilized by simple treatment with acids or
solvents, but such methods could not provide sufficient penetration, depending on
the size of the organ or tissue, and may damage key ECM components. An important
issue is whether it is possible to couple decellularization and sterilization in one pro-
cess, to ensure a clinically safe ECM for the recipient, without affecting its ultrastruc-
ture and mechanics. To this end, peracetic acid has so far demonstrated to be a
reasonable approach to minimize bacterial, fungal, and spore content. Tributyl phos-
phate organic solvent has shown viricidal properties. Supercritical carbon dioxide is
under investigation as an alternative method for sterilizing natural ECM. This
agent should reduce the bacterial and viral loads, with minor changes in mechanical
properties relative to other sterilization methods. However, finding a sterilization pro-
cedure that is optimal for both biological safety and preservation of mechanical proper-
ties is still an open issue. Moreover, it is to be noted that in view of potential routine
use for clinical applications, ECM may require frozen storage from obtention to final
use. Therefore, it is also important to characterize to what extent freezing-thawing
modifies the ECM mechanics (Nonaka et al., 2014), which is expected to depend on the
type of the decellularized tissue/organ.

5.2.4 Tissue Sample Immobilization

5.2.4.1 Native Tissue

AFM-based studies of nanomechanical properties of tissue samples require sample
immobilization, in a way that prevents it from mechanical damaging or chemical con-
tamination. The common way of tissue sample immobilization is gluing it with epoxy
gel (Cui et al., 2017) and cyanoacrylate adhesive (Lekka et al., 2012, Zemla et al.,
2018b). A novel interesting approach of brain tissue sample immobilization was pre-
sented by Jorba and coworkers (2017) who have designed a ring-shaped sample
holder with a mesh, which was gently pressing the sample from the top (Jorba et al.,
2017). Di Mundo et al., used the following procedure for the cornea membrane adher-
ence to a solid support under liquid: polycarbonate (PC) slabs (1 mm thick) were
roughened with sandpaper (P1000 grade) to improve adhesion and covered it with a
cyanoacrilic glue drop (2–4 μL). The tissues were lifted and spread out on an alumi-
num (Al) foil, with the endothelial side facing the top. The tissue was stained with
Trypan Blue to make it visible. The tissue was kept open on the foil and was placed
in contact (inverted) with the PC slab point, where the glue drop (2–4 μL) had been
positioned (Di Mundo et al., 2017). After 2 min (adherence time), the Al foil was de-
tached. The tissue was then firmly adhered with cyanoacrilic glue on the PC slabs,
with the endothelial side touching the base and the DM facing the air; hence the AFM
probe (Di Mundo et al., 2017). Morgan et al., immobilized sample tissues to be analyzed
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in a liquid for AFM, using a diagram of soft-clamping immobilizing retainer of tissue
(SCIRT) usage. A 13 mm Thermanox coverslip was modified using a biopsy punch to
allow for a tissue access window. Small (~0.5 mm) droplets of cyanoacrylate glue
were added to the perimeter of the SCIRT using a 22 gauge needle. The SCIRT was
placed over the tissue, clamping it into place. The dish was then filled with a buffer to
cure the glue and keep the tissue hydrated (Morgan et al., 2014). Babu et al., also used
the same methodology to study the tissue brain samples, immobilized with punched
Thermanox coverslips, glued to the Petri dish at their borders; thus avoiding direct
contact of the tissue with glue (Babu et al., 2019). To guarantee sample immobiliza-
tion, Kreplak et al., used a nitrocellulose membrane, which has a huge affinity for pro-
teins; thus it is a reliable way of soft tissue immobilization (Kreplak et al., 2007). None
of these methods can be named as the universal one. Some tissues are known to be
quite adherent (small human pulmonary arteries); so poly-L-lysine is often a sufficient
adhesive, but for nonadherent specimens such as muscle, cyanoacrylate adhesive is
used (Sicard et al., 2017). Lui et al., also used poly-L-lysine, immediately before AFM
characterization. The tissue strip was attached to a poly-L-lysine–coated 15-mm cover-
slip by lifting the coverslip from below the floating tissue, making sure the tissue strip
spreads evenly on the coverslip surface; if necessary, it is possible to sandwich the
strip with a second clean, uncoated coverslip, and apply a mild pressure to assist with
tissue attachment to the poly-L-lysine–coated coverslip (Liu et al., 2011).

5.2.4.2 Decellularized Tissue

Preparation of decellularized tissue samples for mechanical assessment depends on
the specific measurement to be applied to the ECM. For instance, micromechanical
assessment of ECM stiffness at specific local sites in the sample can be measured by
AFM. To this end, the decellularized tissue can be embedded in optimal cutting tem-
perature compound (OCT), frozen and cryosectioned into thin slices (10–50 µm).
These ECM slices are placed on top of the positively charged glass slides, and OCT is
removed by thawing at room temperature and washing the samples in PBS (Luque
et al., 2013, Jorba et al., 2017, Jorba et al., 2019). In that way, the ECM is prepared for
stiffness measurement by AFM, which provides data on local mechanics at the mi-
croscale; thus allowing detection of local inhomogeneities as in the case of collagen
deposition in fibrosis (Melo et al., 2014). In addition to locally measuring ECM stiff-
ness by AFM, bulk stiffness of the decellularized tissues can be measured by applica-
tion of tensile stretch to macroscopic ECM samples. To this end, the decellularized
tissue is cut into a strip (≈7 × 2 × 2 mm) with a scalpel and gently dried with a tissue
paper. Then, one end of the strip is fixed with cyanoacrylate glue to a hook attached
to the lever arm of a servo-controlled displacement system, allowing to stretch the
strip, thereby measuring its force–deformation, and hence stiffness. Interestingly, mul-
tiscale assessment of ECM mechanics allows assessing how the local fiber mechanics
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and 3D mesh structure contribute to tissue mechanics (Uriarte et al., 2016, Farre et al.,
2018, Perea-Gil et al., 2018). Zhao and colleagues used the decellularized tongue tissue
for studying tongue cancer and tongue regeneration. In this study, paraffin-embedded
tongue squamous cell carcinoma tissue was prepared after surgical excision. Tongue
extracellular matrix was harvested and flatten-fixed on glass slides (Long et al., 2017).

As it seems clear, quite a number of efficient sample preservation protocols
have already been proposed. However, there is still much research ahead in the
field of tissue sample immobilization techniques (Uriarte et al., 2016, Farre et al.,
2018, Perea-Gil et al., 2018), which is a highly challenge step for AFM analysis.

This book chapter was funded in part by the Spanish Ministry of Sciences, Inno-
vation and Universities (SAF2017-85574-R and DPI2017-83721-P), and by the Marie
Sklodowska-Curie Action, Innovative Training Networks 2018, EU grant agreement
no. 812772.
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5.3 Soft Hydrogels Mimicking
the Extracellular Matrix

5.3.1 Historical and Conceptual Background

Since the beginning of cell culture method’s development, the need to find a rele-
vant cellular environment appeared as obvious. This quest progressively trans-
formed to a motto, which could be summarized by: “we need to think in 3D.” As
soon as 1906, Harrison developed the so-called hanging drop method that author-
izes cells to grow in a 3D liquid environment without adhesion to a stiff surface
(Harrison et al., 1907). This technique was soon completed by the tube-culture
method of Strangeways and Fell (1926). Despite these techniques, 2D cell cultures
invaded cell labs during the 1950s and 1960s. It needed the breakthrough of Ehr-
mann and Gey (1956) who succeeded to dissolve collagen from rats’ tails using an
acidic solution to open the field of collagen-based 3D culture. The discovery of fi-
bronectin in 1973 (Gahmberg and Hakomori, 1973, Hynes, 1973, Ruoslahti et al.,
1973) and the characterization of laminin in 1979 (Timpl et al., 1979), associated
with the production of matrigel from chondrosarcoma cells in 1977 (Orkin et al.,
1977) closed the era of hydrogels pioneers (Simian and Bissell, 2017). The 1980s
begun with a theoretical paper by Bissell et al. (1982), which hypothesized that the
extracellular matrix (ECM) is able to regulate gene expression. The field of 3D cell
culture was born, and the need to design hydrogels mimicking ECM was prevalent
in the community of cell biologists. One of the questions that is at the center of the
3D cell culture field is: How complex a hydrogel mimicking the ECM should be?

The first degree of complexity that a hydrogel could give us is the third dimen-
sion. 2D and 3D environment do have adhesive, topographical, mechanical, and
soluble properties that differ (Sachlos and Czernuszka, 2003) and real tissues defi-
nitely present 3D environments (Figure 5.3.1). Adhesion, spreading, and migration
have been described as different in 2D and 3D, but it should be remembered that
these differences are not only quantitative. For example, the 3D migration of fibro-
sarcoma cells has velocity profiles displaying different speed and self-correlation
processes in different directions, rendering the classical persistent random walk
model of cell migration inadequate in 3D (Wu et al., 2014). The second degree of
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complexity is the spatial architecture of the scaffold. Native ECM displays a wide
variety of fibrillar structures that can change dynamically (Levental et al., 2009).
The third element of complexity is the scaffold composition, and ECM is mainly
composed of collagen type I in mammals, but many other molecules could compose
the ECM (cf. Chapter 4.5). Of course, the desired complexity of a hydrogel is directly
related to the biological question addressed. Hydrogels are unable to reproduce the
heterogeneity of real tissues, and in vitro organoids are the main tool to address the
multicellular and the complex chemical composition of a tissue. Despite this fact,
hydrogels are able to help to decipher how cells integrate relevant physical and
chemical signals. In this chapter, we will describe the various types of hydrogels
used in cell biology and the various strategies to control their properties. We will
then illustrate the usefulness of hydrogels with some biomedical applications.

5.3.2 Various Hydrogels for Various Applications

Hydrogels are water-swollen polymeric networks composed of cross-linked hydro-
philic polymers (Zhu and Marchant, 2011). The cross-linking mechanism could be
physical or chemical. The physical cross-linking is noncovalent but usually suffi-
cient to maintain the hydrogel structure and avoid its dissolving in the aqueous
media. Chemical cross-linking is based on covalent links through the polymeriza-
tion process. The huge diversity of hydrogels is related to the possibility to modify
the cross-linking that will impact the porosity and elastic properties of the gel, its
ionic charge, structure (crystalline or amorphous), and composition (homo or multi-
polymer). The polymers that could be used to create hydrogels could have a natural
origin or being synthetic. The hybridization is also possible.

Low stiffness cellular interactions x
y

z

soluble gradient present

No favoured direction or polarity
Adhesion in 3D
Migration constrained by fibers

Figure 5.3.1: Numerous cues are different in 3D when compared to 2D. We have highlighted on this
schematic diagram the main differences that cell encounter in a 3D ECM environment.
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5.3.2.1 Natural Polymers

Natural polymers offer many important properties such as their biocompatibility,
biochemical relevant composition, and biodegradability. These polymers could be:
– Proteins: collagen, gelatin (obtained from collagen), fibrin, complex mix of pro-

tein such as Matrigel™. Protein-based hydrogels are generally formed by ther-
mal gelation, and covalent bonds to increase their stiffness could be done using
a formaldehyde.

– Polysaccharides: hyaluronic acid, agarose, dextran, alginate, and chitosan. The
chemistry of polysaccharides offers a large panel of possible functionalization.

– DNA (desoxyribonucleic acid).

Various combinations could be performed to obtain hybrid protein/polysaccharide
polymers. Despite their biocompatibility, these natural polymers could drive immu-
nogenic reactions when used in biomedical applications.

5.3.2.2 Collagen Hydrogels as an Example

Collagen is the most abundant component of the ECM in vertebrates. Many types of
collagen are known, and collagen of type I is the most abundant of them and wide-
spread in noncartilaginous connective tissues. Collagens are composed of three heli-
cal polypeptide chains. Type I collagen could be obtained from many sources, but the
most classical one is the acidic dissolving of collagen from rat tails. The relevance of
biological functions assessed by using rat collagen when physiological or pathophysi-
ological process is at stake could be addressed from a structural point of view. Indeed,
the comparison of protein sequences (triple-helical region) between rat collagen I
(Rattus norvegicus) and human collagen I (Homo sapiens) is as follows: collagen
alpha-1 (I) chain (coded by COL1A1 gene) sequences between the two species have a
96% amino acid identity and 97% positive matches (taking into account shared bio-
chemical properties), collagen alpha-2 (I) chain (coded by COL1A2 gene) sequences
between the two species have a 92% amino acid identity and 95% positive matches
(Uniprot database https://www.uniprot.org/, alignment performed the 2019-03-05).
Another source of collagen type I is from Porcine. Porcine collagen I (Sus scrofa) is
unreviewed in the Uniprot database, which means that we do not have precise infor-
mation concerning signal peptide, N-terminal propeptide, and C-terminal propeptide,
but the total sequence of collagen alpha-1 chain is 91.9% identical to the rat sequence,
and sequence alignment shows that propeptides contain the main mismatches of the
two sequences. As phylogenetically Sus scrofa is closer to human compared to rats,
the above analysis demonstrates that the high homology of protein sequences reason-
ably advocates for similar biological results with the different types of collagen type
I. Apart from the structural point of view, collagen hydrogels could be obtained easily
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in the laboratory as the polymerization is thermally controlled. The main trouble
when cells are directly embedded in the gel prior to polymerization is the need to ad-
just the pH in order to protect cells as well as to authorize the polymerization.

5.3.2.3 Synthetic Polymers

Synthetic polymers present several advantages when compared to natural ones.
First, their physicochemical properties such as network parameters, mechanical
strength, and diffusion profile are more reproducible and can be tailored by molecu-
lar design. Second, they can be designed as biodegradable or not, which could be of
interest when ECM remodeling is taken into account. Third, the controlled chemistry
authorizes to obtain bioactives hydrogels by modifying their adhesion properties or
by controlling drug release. It is also possible to incorporate natural polymers asso-
ciated with these synthetic hydrogels.

When mechanical stability is chosen, nonbiodegradable hydrogels could be pre-
pared using various vinylated monomers or macromers such as (nonexhaustive list):
acrylamide, acrylic acid, 2-hydroxyethyl methacrylate, 2-hydroxypropyl methacrylate,
methoxyl polyethyleneglycol monoacrylate, and polyvinyl alcohol. Cross-linkers that
could be used are: N,N'-methylenebisacrylamide, ethyleneglycoldiacrylate (EGDA),
and poly(ethylene glycol) diacrylate (PEGDA). PEG is one of the most used polymers
due to its high solubility in various solvent, nontoxicity, low protein adhesion, and
low immunogenicity. PEG-based hydrogels chemistry offers many possibilities to
functionalize these scaffolds (Zhu, 2010).

Biodegradable scaffolds are usually based on polyesters, including poly(lactic
acid) (PLA), poly(glycolic acid), and poly (ε-caprolactone) as well as various combina-
tions of copolymers. These esters could be used to obtain PEG-based biodegradable
hydrogels by forming amphiphilic polymers. Examples of triblock polymers are PLA-
PEG-PLA or PEG-PLA-PEG. The photopolymerization of these polyester-containing
macromers gives hydrolytically degradable hydrogels (Clapper et al., 2007).

5.3.2.4 Construction of a 3D Scaffold and Bioprinting

Conventional scaffold fabrications techniques are gas foaming, fiber networking, solu-
tion casting, melt molding, and so on (Lee et al., 2007b, Mooney et al., 1996, Pitarresi
et al., 2008, Salerno et al., 2009). However, a more recent technology offering fascinat-
ing perspectives in the field of 3D scaffold realization and tissue engineering is the so-
called 3D bioprinting or organ printing.

3D bioprinting is a novel approach with the potential to revolutionize the field
of tissue engineering and medical treatment. This technique benefits from the same
high precision and resolution of a conventional 3D printer; however, it employs
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biocompatible ink instead of the usual synthetic material. The principle of bioprint-
ing has been proposed for the first time in 1988 by Klebe (1988), naming the proce-
dure as cytoscribing process, based on micropositioning of cells to build 2D and 3D
synthetic tissues. Since then, 3D bioprinting techniques continue to expand offering
a straightforward method to fabricate 3D scaffolds for engineering complex tissue
structures. One of the crucial aspects of bioprinting is the selection of materials to
use as bioinks (Malda and Groll, 2016).

Due to their biocompatibility and high water content, hydrogels are among the
most suitable classes of bioink materials for the formation of 3D scaffolds able to
mimic or replace the native tissue microenvironment for biomedical applications
(Fisher et al., 2010, Gaharwar et al., 2014, Slaughter et al., 2009, Stanton et al., 2015,
Tibbitt and Anseth, 2009). Both natural (such as alginate, chitosan, and fibrin) and
synthetic hydrogels (such as poly(hydroxyethyl methacrylate), PVA, and PEG) have
been proved in fact to be good candidate for suitable bioinks in bioprinting pro-
cesses. When designing hydrogels for bioprinting, several properties need to be con-
sidered in order to find a compromise between cell viability and printing accuracy
(Murphy et al., 2013, Stanton et al., 2015). For example, increasing polymer cross-link
density will facilitate the printing process; but will reduce gel porosity, hence prevent
cell spreading and migration (Bertassoni et al., 2014, Topuz et al., 2018).

5.3.2.5 Biophysical Opportunities: Imprinting Topographical
Signals

The versatility of hydrogels gives rise to biophysical and biochemical opportunities
to mimic the properties of natural microenvironment, like topography, stiffness, and
protein functionalization. Combining patterning techniques with hydrogel chemis-
try, it is in fact possible to create hybrid hydrogel structures, which recapitulate mul-
tiple properties of natural tissues. The effects of topography and “contact guidance”
have been extensively studied in terms of cell–material interaction (Kim and Kim,
2018). Many cell properties are in fact influenced by the surrounding topography,
such as adhesion, elongation, migration, and differentiation (Dalby et al., 2014, Kim
et al., 2012). Comparing cell behavior on flat and patterned surfaces several trends
have been found, like the findings that surface topography generally increases cell
adhesion, elongation, and migration speed. Moreover, also feature sizes affect those
properties, for example in the case of nanogrooved topographies consisting of alter-
nating grooves and ridge, several studies found that contact guidance is not initiated
on groove depths below 35 nm or ridge widths < 100 nm (Biggs, Richards et al, 2010).

One of the most used process of topographic imprinting on hydrogels is based on
photolithography and soft lithography techniques, involving first the realization of a
patterned silicon wafer and then the replica molding of a soft hydrogel polymerized in
contact with the silicon wafer (Yu and Ober, 2003). Other techniques used to create
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topographies on soft hydrogels have been for example two-photon polymerization (Lee
et al., 2008, Torgersen et al., 2013), the combination of photoresist lithography and dry
etching (Lei et al., 2004), or soft embossing based on PDMS stamps (Kobel et al., 2009).
Moreover, using UV light exposure through a photomask, photopolymerizable hydrogels
can also be directly patterned via photolithography. With all these techniques, the fabri-
cation of micropatterned hydrogels has been shown to be a versatile and helpful tool for
several biological applications, such as cell culture substrates, scaffolds for tissue engi-
neering, and high-throughput analytical platforms (Khademhosseini and Langer, 2007).

5.3.2.6 Biophysical Opportunities: Stiffness of Hydrogels

Together with ECM topography, mechanical properties or stiffness of the surround-
ing microenvironment also has a critical impact on many cell processes, including
cell proliferation, migration, or differentiation. Human tissues are very heteroge-
neous and present disparate features and mechanical properties. Going from brain
to liver to muscles or bone, we will find stiffness values ranging from 1 to 3 kPa to 15
MPa, respectively. Therefore, when approaching in vitro studies to investigate cell
behavior or cell–material interaction, it is crucial to mimic the in vivo microenviron-
ment trying to replicate the features and properties of natural cell environment. In
this perspective, hydrogels have proved to be very helpful and versatile substrates,
taking advantage of the possibility to easily modulate their mechanical properties.

The use of hydrogels as cell culture supports allows indeed to mimic the mechani-
cal properties of natural tissues and ECM, overcoming the limitation of standard cell
culture system, like Petri-dishes, which are way stiffer (>GPa) than natural tissues.

Stiffness-tunable hydrogels helped to discern many fundamental phenomena of
cell biology, gaining deep insights in many phenomena, such as differentiation, migra-
tion, proliferation, apoptosis, and so on. Pelham and Wang (1997) first reported the
effect on the motility and spread of fibroblasts and kidney epithelial cells to substrate
stiffness. Since then, many other studies have been focused on the effect of substrate
stiffness and cell interactions.

For example, cells spread more on stiff substrates (Lo et al., 2000, Yeung et al.,
2005) and in case of gradient-stiffness gel, they migrate in the direction of the stiffer
substrate (Smith et al., 2006). Stem cells’ differentiation also depends on substrate stiff-
ness, and Engler et al. (2006) reported that stem cells differentiate into different specific
lineages when seeded on matrices mimicking the stiffness of different tissues like brain
(0.1–1 kPa), muscle (8–17 kPa), and bone (25–40 kPa). Different stiffness gels also
helped to reveal some differences in biophysical properties of cancer cells when com-
pared with normal cells. Metastatic cancer cells in fact increase their mechanical prop-
erties when seeded on soft hydrogels compared to their normal counterparts, also
evidencing a stronger attitude to invade the hydrogel resembling phenomena of tissue
penetration during the first step of metastasis formation (Rianna and Radmacher, 2017).
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5.3.2.7 Biochemical Opportunities: Hydrogel Functionalization

Many properties of hydrogels could be modified, benefiting from chemical function-
alization of synthetic hydrogels. One property is the ability of hydrogel to engage
the adhesion of a cell to it. This behavior is fundamental, as in natural tissues, cells
harbour various receptors such as integrins, selectins, CD44, or syndecan that
could interact with specific peptide sequence of the ECM. These interactions have
been implicated in many processes during development, organization, and mainte-
nance of tissues. From the molecular point of view, specific peptides have been
identified from ECM proteins, including fibronectin, vitronectin, bone sialoprotein
laminin, and collagen. These peptides could be used as tools to modify hydrogel
ability to induce cell adhesion. In Table 5.3.1, we have summarized the various cell
adhesive peptides that have been identified.

Table 5.3.1: Sequences of specific cell adhesive peptides and their cell
receptors (adapted from Zhu and Marchant, 2011).

Origin Cell adhesive peptides Cell receptor

Fibronectin RGD
PHSRN
EILDV
KQAGDV
REDV
LIGRKK
SPPRRARV
WQPPRARI

Integrin
Integrin αβ
Integrin αβ
Integrin
Integrin αβ
Heparin
Heparin
Heparin

Vitronectin GKKQRFRHRNRKG Heparin

Bone sialoprotein FHRRIKA Heparin

Laminin RGD
IKVAV
YIGSR
PDGSR
LRGDN
LRE
IKLLI

 kDa protein
 kDa protein
Integrin
Integrin
Integrin
Integrin
Heparin

Collagen RGD
DGEA
GFOGER
GDR, GRD

Integrin
Integrin αβ
Integrin
Integrin αβ

Elastin VAPG  kDa protein
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Synthetic hydrogels offer the possibility to control the spatial peptide expres-
sion. One example is the insertion of a RGD sequence in a PEGDA chain, which
maintain a similar chemical structure between RGD-PEGDA and PEGDA with the
two acrylate groups at both ends (Zhu et al., 2009).

A second property of hydrogel that should be taken into account is the natural
turn-over of the ECM engaged by specific enzymes that degrade collagen, laminin,
or fibrin. Similarly, to the cell adhesive peptides, the specific known cleavage sites
of ECM proteins are summarized in Table 5.3.2.

These various enzyme-sensitive peptides could be incorporated in PEGDA poly-
mer in the same way as RGD sequences (Lee et al., 2007a). Or a Michael addition
of enzyme-sensitive peptides with two thiols using multi-branched PEG with
vinyl sulfone groups (Jo et al., 2010). Increasing the relevance of the functionali-
zation, it has been reported that enzyme-sensitive peptides could be coupled
with adhesive-specific peptides. One study has used the CPENFFRGD peptide in-
corporated in a PEG hydrogel. This peptide was sensitive to MMP-13, and the ad-
hesion motif was the RGD peptide. This type of hydrogels could be used as a
dynamical platform to study the interaction between cells and the ECM (Casadio
et al., 2010).

Table 5.3.2: Sequences of cleavage site for enzyme degradation on ECM
proteins and peptide library (adapted from Zhu and Marchant, 2011).

Origin Enzyme-sensitive peptide Specific enzyme

Collagen-I GPQGIAGQ MMP-

Laminin QLLADTPV
YSGDENP
DENPDIE

MMP
MMP
MMP-

Fibrinogen YKNR, YKNRD
YKNS, YKND
NRV, NRD

Plasmin
Plasmin
Plasmin

Aggrecan PENFF MMP-

Peptide library GPQGIWGQ
GPQGILGQ
GPQGLA
LGPA
APGL
AAAAAAAAA
AAPV
AAPVRGMG
GGYRG
GL, GFL, GFGL

MMP-, MMP-
MMP-
MMP-
MMP-
MMP-
Elastase
Elastase
Elastase
Chymotrypsin
Papain
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5.3.2.8 Challenges for Hydrogels

Hydrogel scaffolds have demonstrated their ability to help biologist to think in 3D.
They offer the possibility to mimick ECM by controlling their chemistry, their physi-
cal properties like elasticity, and also to address biological relevant questions
through bioactive gels. Despite the huge amount of published work in this area,
there are still real challenges in the hydrogel field:
– Scaffolding methods have, during the last years, opened new way to realize com-

plex architectures. Even if these architectures could mimick structural aspects of
various tissues, from the experimental point of view, cell seeding in these scaf-
folds is notoriously difficult. It is usually found that cell penetration, in these
structures, is poor.

– Native tissues are vascularized and hydrogels are not. This simple observation
opens a new field of research in order to control nutrients, oxygen, pH, and
signaling in hydrogels in a way similar than what is performed by the vascular
transport.

– Tissues are crowded with cells. In human, there is around 108 cells/cm3 in a nor-
mal liver (Wilson et al., 2003). Obtaining this kind of density in in vitro hydro-
gels is a real challenge. A recent work using a photopatterning and photorelease
sortase-tag enhanced protein ligation-modified proteins in hydrogels is an ele-
gant new approach, even if its technicality forbids yet its transfer to biological
laboratories (Shadish et al., 2019).

– Biological processes are taking place in 4D. The spatiotemporal control of hy-
drogels is notoriously difficult, especially when it envisioned the manipulation
of full-length proteins.

5.3.3 Biomedical Applications

In order to illustrate the use of hydrogels as tools to mimick the ECM, we will present
a recent work on the influence of a 3D collagen environment on the innate immune
response driven by macrophages and then we will present a brief overview of the use
of hydrogels to model macrophage–ECM interactions in a cancerous context.

5.3.3.1 3D Hydrogels as an Opportunity to Understand
the Innate Immune Response

Macrophages are innate immune cells present in every tissue playing a critical role
in homeostasis. As first-line defenders, these cells are prone to modify their pheno-
type in response to their surrounding environment, sensing various signals, and
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displaying a large panel of activation states in order to cope with various pathogens
(Okabe and Medzhitov, 2016). Even if it is now accepted that the spectrum of activa-
tion states of these cells is better viewed as a continuum, it is still interesting to
understand how the environment is able to favor a pro-inflammatory (M1) or an
anti-inflammatory (M2) phenotype which could represent the extremes of this spec-
trum (Sica and Mantovani, 2012). M1 macrophages are specialized in the removal of
pathogens and are classically obtained in vitro using a combination of IFN-γ and
LPS (lipopolysaccharide). M1 macrophages are associated with the production of re-
active oxygen species and pro-inflammatory cytokines secretion like TNF-α, IL-6, or
chemokines like CCL-20 (Martinez et al., 2006, Murray et al., 2014). M2 macrophages
are obtained using a stimulation with IL-4 (±IL-13) and are also called alternatively
activated macrophages (Martinez and Gordon, 2014). These cells are described as
anti-inflammatory and seem to participate to wound healing. This polarization is
notably associated with the membrane expression of the mannose receptor also
named CD206. Modifying the polarization of macrophages has emerged as a new
therapeutical approach in inflammatory diseases and in cancer (Sica and Manto-
vani, 2012). This goal, in order to be attained, needs that macrophage polarizations
are properly defined and the influence of their cellular environment clarified. Even
if it is possible to modify the activation state of macrophages using various chemi-
cal signals, it has been recently recognized that macrophages are also sensitive to
their physical environment (McWhorter et al., 2015). The question of how a three-
dimensional environment impacts immune cell functions has been recently recog-
nized as a key element in our understanding of the tumor microenvironment. In
this context, hydrogels offer a clear opportunity to decipher molecular and cellular
processes involved in the macrophage–ECM–cancerous cell interactions (Springer
and Fischbach, 2016).

In order to address that question, 3D fibrillary matrices from naturally derived col-
lagen-based networks appear as naturally interesting as they reconstitute the micro-
structure of the in vivo ECM (Green and Elisseeff, 2016). We have recently reported a
study using 3D collagen gels that give us the opportunity to reassess the classification
of human macrophage polarization (Court et al., 2019). We first studied how transcrip-
tion factors associated with polarizations of macrophages were impacted and find that
their response was modulated by the 3D environment. For IFNγ/LPS-stimulated mac-
rophages (M1), we found an integrin β2 induction of pSTAT1ser727 in 3D collagen gel.
Previous works have reported that macrophages seem to interact with collagen
through integrin β1 but denatured collagen was used as adhesion substratum (Pacif-
ici et al., 1994). THP1 monocytic cell line is also believed to interact with fibronectin
(Lin et al., 1995) or gelatin methacryloyl (Cha et al., 2017) through integrin β1. De-
spite these results, when native collagen is used, human monocytes interact with
collagen mainly using integrin β2 (Garnotel et al., 2000). STAT6 transcription factor
is phosphorylated under IL-4 or IL-13 stimulation. We found that 3D macrophages
present an increased response to IL-4/IL-13 as demonstrated by the phosphorylation
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of tyrosine 641 (Y641). This response was not related to an integrin signaling. This
3D environment could also impact other immune functions of macrophages, and we
found that the expression of class II HLA molecules presents a different expression
pattern in 2D and 3D. These molecules were found to be differentially expressed in
2D notably in response to LPS, and we confirm that IL4/IL13 macrophages present a
stronger expression of these molecules. This differential expression was not main-
tained in 3D where M1 and M2 macrophages were indistinguishable according to
HLA class II expression levels. That finding was not similar for class I HLA molecules
that conserve in 3D the differential expression of these molecules in M1 macro-
phages expressing a higher level than their M2 counterparts.

In our study, we found that the response of macrophages to IFNγ/LPS is more
complex than previously thought. We notably found that no general inflammatory or
anti-inflammatory pattern could be drawn when 2D and 3D are compared. We also
found that TNF-α is not modulated contrary to IL-6, and we demonstrated that integ-
rins β1, β2 but also β3 are involved in this increased expression in 3D (Figure 5.3.2).
The implication of integrin β3 is particularly interesting as it is known to be an IL-1β

M1 M2

Collagen 3D network

IFNγ

IFN-R

p-STAT1

β

β

IL-6

IL-4/IL-13

IL-4/IL-13R

p-STAT6

ALOX15

β

?
TGM2

LPS

TLR4
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Pro-CASP1

NLRP3

IL-1β

?
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Figure 5.3.2: Schematic overview of the results obtained by the team on the various integrin-
dependent and integrin-independent mechanisms implied in the control of the STAT1 and STAT6
signaling pathways. We have also demonstrated that the interaction with a 3D environment could
enhance the NLRP3 inflammasome activation in an integrin-independent mechanism.
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receptor (Takada et al., 2017). Accordingly, we find an IL-1β signature in 3D macro-
phages in response to IFNγ/LPS. We also demonstrated that this IL-1β signature is
under the control of the NLRP3 inflammasome in an integrin independent mechanism.
As the growing field of biomaterial research is progressively moving from biocompati-
ble “immunoevasive”materials to “immune-modulating” materials, the implication of
inflammasome in macrophage response to biomaterials is of outstanding interest (Vas-
concelos et al., 2019). This study, in a 3D collagen type I context, gave us the opportu-
nity to reassess the classification of human macrophage polarizations. These results
are of a particular interest in the field of immune-oncology where the macrophage in-
volvement and targeting need a thoughtful understanding of cellular environmental
clues leading to various activation states.

5.3.3.2 Hydrogels as Tools to Understand the Macrophage–ECM
Interactions in the Tumor Microenvironment

The ECM regulation of development and tissue homeostasis is deeply annoyed in
cancer. Tumors usually present an accumulation, altered organization, and en-
hanced post-translational modifications of ECM proteins (Lu et al., 2012). In an
authoritative review, Hanahan and Weinberg (2011) proposed some hallmarks for
cancer. These hallmarks are related to cellular processes like cell proliferation,
metabolism, evasion from apoptosis, sustained angiogenesis, or immune recruit-
ment that all share common pathways with the ECM regulation of cell behaviors
(Pickup et al., 2014). As a result, the understanding of how biophysical and bio-
chemical cues from the tumor-associated ECM could influence malignancy is cap-
ital to design new therapeutical approaches. The immune response component of
the tumor microenvironment has gained strong attention recently. Macrophages,
in particular, appear to be key players and are by themselves associated with bad
prognosis (DeNardo and Ruffell, 2019, Ritter and Greten, 2019, Ruffell and Cous-
sens, 2015). As we have demonstrated, the understanding of the state of activa-
tion of human macrophages could not be correctly performed if the physical
environment is not taken into account (Court et al., 2019). Hydrogels offer a clear
opportunity to decipher molecularly the fibrosis-associated macrophage mecha-
nosignaling that take place in tumors (Springer and Fischbach, 2016). One of the
challenges ahead of us is the need to keep in mind that macrophages are not only
mechanosensitive but also active ECM re-modelers. This implies that when their
density is sufficient, we will need to follow the spatiotemporal evolution of the
ECM modeled by a hydrogel scaffold to characterize the feedback loop between
ECM and macrophages.
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5.3.4 Conclusion

Reconstructing the 3D tissular environment of cells is a key goal of cell culture. This
is only possible if the chemistry and physical properties of the ECM could be repro-
duced in the laboratory. The field of soft hydrogels for cell culture is devoted to this
task. In this chapter, we have described the variety of natural and synthetic com-
pounds used to mimic various aspects of the ECM. We have illustrated the usefulness
of these approaches by presenting important results on the modulation of the innate
immune response induced by the physical microenvironment mimicked by a collagen
network. This field of research is growing rapidly, and new important results are ex-
pected to emerge in the near future.
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5.4 Preparation and Deposition of Plant
Roots for AFM Nanomechanical
Measurements

5.4.1 Introduction

In general, cell growth is a mechanical process that balances internal and external
stresses allowing or limiting expansion. Plant cells are often compared to “hydraulic
machines” due to the similar concept of balanced counterforces between the primary
wall stresses and the turgor pressure. Knowledge of the mechanics of plant root cells
is essential to understand how plant wall works and, therefore, how plants grow. One
method for qualitative and quantitative analysis of mechanical properties is atomic
force microscopy (AFM) that measures mechanical properties of living cells or tissues
under conditions close to relevant physiological environments (Arnould et al., 2017,
Kozlova et al., 2019, Milani et al., 2011, 2014, Peaucelle et al., 2012, 2011, Torode et al.,
2018, Yakubov et al., 2016, Zdunek and Kurenda, 2013, Zhao et al., 2005). In our recent
study, AFM has been used to investigate properties of root epidermal cells (Balzergue
et al., 2017), which are the cells that form the outermost layer of the root. These epi-
dermal cells were studied in situ on living seedlings and were therefore still influ-
enced by the inherent multicellular properties of the root, which is an improvement
over studies conducted on isolated living cells.

This chapter explains and illustrates the different steps required to prepare and
deposit the seedling, and in particular the root tip, of the plant on a glass slide
ready for nanomechanical measurements by AFM.
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5.4.2 Materials

Seedlings are from the Arabidopsis thaliana Coler105 background hereafter named
wild type (WT) (Balzergue et al., 2017). The arabidopsis WT (Coler105), stop148, almt132,
and lpr1-2 lines were described previously (Balzergue et al., 2017). To homogenize the
germination rate and seedling size, small seeds were screened out with a nylon mesh.
During all the setup work, plant preparation is done in a sterile environment to avoid
contaminations by bacteria or fungi spores; it is thus performed in a sterile laminar
flow hood.

MES-(2-(N-morpholino)ethanesulfonic acid (Sigma, M8250) buffer (MES, pH 5.8, 50×
concentration). pH is adjusted to 5.8 by adding 10 N of KOH.
SDS (sodium dodecyl sulfate) solution at 0.05% (Sigma, L4390).
Ethanol (#4145872, Carlo Erba, Val de Reuil, France).
Peltier-cooled incubator (IPP 110 +, Memmert, Schwabach, Germany).
FeCl2: 15 M stock solution (Sigma, 44939).
Petri dish: 4-well plates 125 × 125 mm.
Microtape: Anapore, 9.14 m × 1.25 cm (Euromedis, Neuilly-sous-Clermont, France).
Artificial LED light box: Indoor Led, 45 W, 169 LEDs, 276 × 276 × 14 mm, full spec-
trum (www.cultureindoor.com).
Glass slides: StarFrost 3 × 1 in. (Knittel Glass, Braunschweig, Germany).
Cover slips: Glass 24 × 32 mm (Biosigma, Cona, Italy).
2 mL Standard Screw Thread Glass Vials, 12 × 32 mm (Thermo Scientific, C4013-2).
Superglue 3: Loctite (Henkel, France).
Silicone adhesive: NuSil MED1-1356 (NuSil Technology LLC, Carpinteria, CA, USA).
Cantilevers: The Pyrex-Nitride Probe (PNP-TR-50, NanoWorld AG, Neuchatel, Swit-
zerland). (cant #2) has 200-µm-long silicon nitride cantilevers and integrated oxide
sharpened, pyramidal tips with a height of 3.5 µm (and a 4-µm edge setback), a res-
onance frequency of 17 kHz, and a 70-nm-thick gold coating.
Growth solution:1 20 µL of 50× MES buffer (3.5 mM, pH 5.5–5.8) + 1 mL of MS/10 liq-
uid medium (Balzergue et al., 2017).
MS/10 liquid medium: Sucrose (5 g/1 L) + 20 mL solution 1 (see Table 5.4.1).

 To be kept for 1 day max.
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5.4.3 Sterilization of the Seeds

Seeds are surface-sterilized in a clean environment under a laminar flow hood
using an Eppendorf tube (1.5 mL) and with a solution (SDS 0.05%, ethanol 70%)
and then washed using ethanol 96%.
– Place a small quantity of seeds (an equivalent of around 50 μL or less) in an

Eppendorf tube. Remember to mention the name of the seeds on it with date
and cover the label with a transparent tape.

– Add 1 mL of the washing solution (SDS 0.05%, ethanol 70%) to the Eppendorf
tube. Close the cap and shake for 1–5 min.

– With a pipette, push two times in the medium so that seeds are settled down. Then,
pump out the solution carefully avoiding to take out seeds and discard the liquid.

– Rinse with 1 mL of pure ethanol. Shake the Eppendorf for 1 min minimum. Take
out the solution with the help of a pipette.

– To dry the seeds, keep the Eppendorf open for at least 1 h under the laminar
flow hood.

– Before storing seeds, check their dryness after sterilization. Seeds can be kept
at room temperature, but ideally at 4 °C with low hygrometry.

Sterile seeds can be stored for up to 3 months. When kept for a longer time, the
germination rate decreases with time, and seeds do not germinate synchronously.

5.4.4 Sowing Seeds

Seeds are sown onto the agar medium within petri dishes and grown under artificial
light in a Peltier-cooled incubator.

Table 5.4.1: Composition of solution 1.

Components Final concentration

NHNO . mM
KNO . mM
CaCl . mM
MgSO . mM
HBO  μM
MnSO  μM
KI . μM
ZnSO  μM
Na MoO . μM
CoCl . μM
CuSO . μM
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5.4.4.1 Agar Preparation

The composition of the agar medium components is shown in Table 5.4.2.

– The autoclaved solution 1 is added under sterile conditions.
– Complete to 1 L with deionized water. If a conventional microwave oven is

planned for melting the agar, split the preparation into 500 mL bottles.
– Seal the bottles, add a piece of an autoclave tape, and put it in an autoclave for

sterilization (120 °C, 30 min).

5.4.4.2 Preparing Agar Plates

Before melting a solidified growth medium in a microwave oven, do not forget to
slightly unscrew the lid.2 Heat the growth medium for around 3 min intermittently
or observe until it becomes completely melted.3 ! Do not forget to wear thermopro-
tective gloves to handle the bottle. Wait until the agar medium is completely dis-
solved and melted.4

– Take a 50-mL Falcon™ tube and add 15 mL of agar solution.
– Mix in the tube with 300 μL MES buffer (50×) followed by 4 μL FeCl2 (15 mM);

4 µL is the required volume for the desired concentration of iron at 4 μM.
– After a gentle mixing, the preparation is poured in the Petri dish.
– Label the Petri dish with “Fe0” for zero iron stress, “Fe4” in case of 4 μM stress,

and so on.
– Wait for the agar medium to cool down until the gel is solidified.
– Sow a few seeds carefully into the medium and align them with a sterile wooden

stick (see Figure 5.4.1).
– Seal the plate with microtape to prevent the evaporation of the water, yet allow-

ing airflow.

Table 5.4.2: Agar medium.

Components Amount per liter

Agar Sigma  g
Sucrose  g
Solution   mL

 Without unscrewing the lid, there is a significant risk of explosion during the heating.
 Do not heat the medium excessively as water will evaporate and thus change the concentration
of the nutrients.
 If needed, the bottle can be stored for a while in an incubator at 60 °C. At this temperature the
growth medium will not boil nor evaporate, but still remains in a melting state.
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5.4.4.3 Seedling Growth

The agar plate containing the seeds is kept under an artificial LED light box (Indoor
Led) in a Peltier-cooled incubator (Memmert IPP + 110) with a 16 h photoperiod at
24 °C/21 °C day/night, respectively. To allow the root to grow on the surface of the
medium, incline slightly the plate as shown in Figure 5.4.2. Figure 5.4.1 shows seed-
lings 4 days after sowing.

Figure 5.4.1: Four- and Seven-day-old seedlings grown on the solidified agar medium containing 8,
10, or 12 µM FeCl2. After 4 days under 10 and 12 µM FeCl2, a clear root growth arrest is observed;
while at day 7, a reduced root growth is also observed under 8 µM FeCl2.

Figure 5.4.2: Slightly inclined squared agar plates in the Peltier-cooled incubator with an artificial
LED light box.
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5.4.4.4 Seedling Stress

We perform experiments after a 2 h stress by transferring seedling from Fe0 agar
plate to an agar plate with a given stress condition (Fe0, Fe5, Fe10, etc.). After 2 h,
plants are mounted on a glass slide.

! Because it takes about half an hour to do the experiment on each plant, care-
ful planning of the daily experiment is required.

5.4.5 Mounting Root Samples on Glass Slide

Mounting the root samples on glass slides is the most delicate step in this experi-
ment. The goal is to maintain plant roots immobile on a glass slide but keeping a
physiological liquid buffer environment.
– Take two standard glass slides plus two rectangular cover slips.
– Add a superglue drop in the middle of both glass slides.
– Position the cover slips on the glass slides as shown in Figure 5.4.3; make sure

that both the coverslips are at the same height in the middle of the slide and that
two-thirds of width is touching the slide and one-third of it is outside the slide.

– Take a third glass slide and place it in the middle of the other two glass slides
such that a little rectangular space is left in between (Figure 5.4.3).

– On the middle glass slide, deposit a uniform layer of silicone adhesive (NuSil
MED1-1356) approx. 90 μL is spread carefully with the help of a coverslip (square #1,
Figure 5.4.4).

Figure 5.4.3: Principle of assembly of glass slides to mount plant seedlings for further
mechanical analysis with AFM.
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– !! The silicon adhesive tends to solidify with time, so it should not be stored in
big bottles. Aliquot NuSil in small glass tubes (preferably 2 mL) so that a tube
will serve for a single day of work.

– Wait for 20–25 s, so that the adhesive starts drying, yet it is still wet for the seal-
ing purpose. The goal is to place the root on the adhesive when it is semisolid
so that it stays on the surface and does not dip into the adhesive.

– Take one seedling from the Petri dish and, using a dedicated tweezer,5 gently lift it
from the shoot area preferably under the cotyledon without pinching the seedling.

– With the help of a binocular, place the plant on the slide such that the root tip
is placed first, followed by the shoot part.

This is the challenging technical step:
– After placing the root on the glass slide, it is necessary to seal it with the semi-

solid adhesive, starting from the top, then the middle and the very end (root
tip) to prevent any movement of the root (Figure 5.4.5). !! Sealing by adhesive is
done such that the height shall remain constant throughout the slide. With an
excess of adhesive, the tip may touch the adhesive during the positioning
under the AFM scanner or the edge of cantilever support may also touch the
adhesive that will bias nanomechanical measurements.

 NuSil is a glue and it is difficult to fully remove from the tweezer. Thus, the tweezer would not be
able to be used for picking cantilevers for instance.

Figure 5.4.4: Principle of mounting plant seedling on glass slides. The adhesive layer in
shown in light gray and labeled with the number 1. A long primary root in orange and two
green cotyledons schematize the seedling. The seedling is finally covered with a growth
medium shown in light transparent blue color and labeled with the number 2.
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– Cover entirely the plant root (at least 200 µL) with growth solution (square #2,
Figure 5.4.4) to prevent drying during measurement. !! Do not use water to
cover the root as it will generate a stress of high cellular turgor pressure.

The mounted seedling is then positioned under the AFM so that the plant is still
alive, and experiment on living root tissues can be performed.

5.4.6 AFM Protocol

Due to the nature of the sample, it is necessary to use an AFM scanner over the top
of the sample. In our case, we use a Dimension 3100 AFM (Bruker, Santa Barbara,
USA) with a Nanoscope V controller and a Nanoscope 7.3 software. The advantage
of this system is the large motorized sample stage, which is perfect for plant root
analysis. Before starting measurements, there are several parameters and calibra-
tion steps that need to be performed each time.

5.4.6.1 Set Up

When experimenting with AFM cantilever in fluid, the probe holder DTFML-DD (Bruker,
Santa Barbara) prevents the scanner tube from coming into contact with the fluid envi-
ronment. Triangular pyrex nitride cantilevers with pyramidal tips of 10 nm nominal

Figure 5.4.5: Optical magnification of deposited seedling roots on adhesive over a glass slide.
A thin needle (bright color on the left) is used to fasten the position of the root on the
adhesive located all over underneath the root by picking hardening adhesive over the root.
Several fastening strips are required along the root but keep a significant room for the
investigation zone, which is about 500 µm from the root tip. Note that the diameter of the
seedling root is about 120 µm.
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radius and a half-opening angle of 35° were used. The reasons for using this tip are its
symmetry, its low sharpness, and its proper spring constant for plant tissues.

5.4.6.2 Laser Alignment

Aligning the laser onto the cantilever is one of the most critical parts of the AFM
setup. A good laser alignment helps control the signal-to-noise ratio, the sensitivity
of the cantilever deflection or amplitude, and ultimately the quality of any data ac-
quired using the AFM. A poor alignment may cause excessive applied forces or the
presence of optical interferences (fringes) from the liquid surface of the sample.
Check the instructions of your system for optimal laser alignment. In our case, a
SUM value of 3.5–4 V is usually achieved with PNP-TR cantilevers. At the end, the
laser signal is centered on the photodetector using proper adjustment knobs.

5.4.6.3 Calibration and Deflection Sensitivity

The deflection sensitivity S is used to convert photodiode measurements (in V) into
distances (nm), which in turn can be converted to forces (N) upon further multipli-
cation by the spring constant k (eq. (5.4.1)). The calibration of photodetector sensi-
tivity is first done in air by acquiring a deflection versus distance curve against a
hard homogeneous surface (like glass slide), whose effective stiffness is orders of
magnitude greater than the cantilever stiffness. Refer to the instructions of your sys-
tem to perform this step properly. Detailed information can also be found in Chap-
ter 3.1.3 on calibraton issues:

F = k*S*Δx (5:4:1)

where F is the force (N), k is the cantilever-specific spring constant (N/m), S is the
sensitivity of the position-sensitive photodetector (m/V), and Δx is deflection (V).

A typical force versus distance curve from which the deflection sensitivity can be
obtained is shown in Figure 5.4.6. The relationship between parameters is shown in
eq. (5.4.1), an adaptation of Hooke’s law in which the deflection is comprised of two
terms: the deflection sensitivity as measured in meter per volt and the deflection as
measured in volt (Schillers et al., 2017).

The cantilever is ramped over a very stiff surface. Accordingly, all downward
piezoelectric motion will be equal to cantilever bending (right part of the graph).
The inverse of the measured slope (red line) corresponds to the sought deflection
sensitivity (in nm/V) (Gavara, 2017).

Measuring the stiffness of the cantilever is necessary to determine the applied
force during the experiment; and this is done using the thermal tuning methods
where spring constant is calculated. Finally, the deflection sensitivity is determined
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again in liquid medium because indentations are performed on samples while they
are immersed in the liquid medium and its value is often lower than that in the air.
For the case of PNP cantilevers and Nanoscope 7.3 software, it is not possible to
determine the spring constant of the cantilevers in liquid medium (low resonance
frequency of PNP cantilevers). The value determined in the air is used instead. See
Chapter 3.1.3 on calibraton issues for complete description of calibration procedures.

5.4.6.4 Recording the Force–Distance Curves

Before positioning the plant root under the AFM cantilever, make sure that the cantile-
ver is retracted enough to allow a safe distance between the cantilever and the plant
root. Lift the scanner head carefully and insert the glass slide with the plant root.
Buffer is already on the top of the root, and so carefully lower the scanner head so that
the cantilever will not bend upon contact with water (adding a drop of buffer on the
cantilever is usually necessary to have a smooth insertion in liquid). Orient the glass
slide so that the root orientation is close to vertical, and its tip is on the top of the
camera (Figure 5.4.7). The target working area (elongation zone of the root) is located
approximatively 500 µm away from the root tip. This distance can be estimated know-
ing the length of PNP cantilever (about 200 µm). Use the stage positioning controls to
move the cantilever on the right zone. Because the root is cylindrical and the tip height
rather small (3.5 µm), it is not advised to probe the root beyond the longitudinal me-
dian line of the root. Note that there is small setback of the tip on PNP cantilever
(4 µm).

During the experiments, the deflection setpoint is kept at 0 V while the initial
vertical deflection on the photodiode is set to −2.5 V. For all the analysis, the ramp
size for the force–distance curves is kept at 3 μm (maximum z-piezo range of 5 μm).
Trigger is set off and no trigger values are used. The later point implies that it is often

Figure 5.4.6: Calibration of the deflection sensitivity.
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necessary to adjust the z-start value for the ramp each time a new engagement has
been done.

Because the AFM tip has a setback of 4 µm, it is not possible to ascertain the
exact target area for indentation (edge or middle of cells). A trick is to perform
force–distance measurements in 16 different nodes on the elongation zone (Fig-
ure 5.4.7). Each time, curves are recorded with the auto ramp feature in 2 × 2 matrix,
having four force–distance curves at each node separated by 50 nm in distance be-
tween each point. Between each of these 16 nodes, the piezo move in X- and Y-
directions using the offset facility of Nanoscope 7.3 according to the pattern is shown
in Figure 5.4.8. Because the plant root is living, even when fixated by nusil on the
glass slide, the root continue to grow. Thus, it is important to avoid going up and
down along the root during the acquisition. We choose to go down in a single direc-
tion as shown in Figure 5.4.8. On our system, force–distance curves are recorded
after withdrawing and re-engaging at each matrix node. In rare cases, it is necessary
to withdraw and move the cantilever away (5 µm) to probe another area. In practice,
it usually takes 25 min to record a full set of force–distance curve for a single plant
root. It is important to keep the time for acquisition as short as possible to avoid addi-
tional stress effect.

Figure 5.4.7: Camera-taken snapshot of a plant root under an AFM cantilever (triangle on the right).
The fastening of the root tip can be seen on the top of the image. The elongation zone where
indentation must be performed is located approximately 500 µm from the end of the root tip. This
distance can be estimated using the length of the cantilever (200 µm here for PNP-TR). The blue
dots represent the redundant measurement performed on the plant root (data points not to scale).
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5.4.7 Plant Phenotype

Detailed results from experiments on plant roots will be presented in Chapter 6.11. In
brief, it has been found that the presence of iron (under low phosphate condition)
leads to a phenotype of plant root growth arrest (Balzergue et al., 2017). It is therefore
an important step in this experimental protocol to check whether the phenotype
“root growth arrest” is observed. Experiments were performed on 4-day-old seed-
lings, and it is necessary to check next day for the expected phenotype. With a pen,
label the position of the root tip of the remaining seedlings on the +Fe agar plates
and check the next day for the presence or absence of root growth. In Figure 5.4.9,
roots transferred from Fe0 to Fe0 (left) show a normal growth, that is, the end of the
root is beyond the maker line, whereas when roots were transferred from Fe0 to Fe15
(right), no root growth is observed after 1-day post-AFM experiments.

Figure 5.4.8: Schematic diagram used to perform the redundant indentation measurements. An
experiment starts at position 0 and goes through the last point 15. The X,Y offset (in µm) needed to
move from one point to the next one is indicated in parenthesis. Coordinate system is according to
the piezo of Dimension 3100.
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Mechanics in Diseased Cells and Tissues





Martin Pesl, Jan Pribyl, Petr Dvorak, Zdenek Starek, Petr Skladal,
Kristian Brat and Vladimir Rotrekl

6.1 Cardiovascular Diseases

6.1.1 Introduction

Cardiovascular diseases (CVDs) are the principal cause of death globally contributing
to more than half of the mortality in Europe (42% on males and 51% on females) (Gil-
lespie et al., 2013, Mozaffarian et al., 2015). There is growing interest in studying etiol-
ogy, hallmarks, progress, and improved therapies for CVDs. Genetic background and
cellular phenotypes are frequent morbidity and mortality causes (Aistrup et al., 2009,
Stienen, 2015, van der Velden and Stienen, 2019), but those are not readily accessible
for diagnostics. Stem-cell-derived cardiomyocytes (CMs) thus stands for readily avail-
able and ethically uncompromised model for basic research.

CMs represent the contractile active unit of the heart. Nevertheless, other cardiac
cell populations are attracting research interest, for instance endothelial cells (ECs),
lining of the heart and vessels, cardiac fibroblasts, accounting mainly for extracellu-
lar matrix homeostasis, pericardial, adventitial, and smooth muscle cells. The ex-
tracellular matrix (ECM) plays an important role in the cardiovascular system, as
mechanical cues are detected and interpreted in a constant cell-matrix interplay
(Nardone, Oliver-De La Cruz et al. 2017), and ECM is discussed in Chapter 4.5.

Phenotype analyses of CMs function allow understanding of complex single-cell
and syncytial properties of excitation–contraction coupling. They represent essential
counterparts of morphologic and genotypic assays. Conventional family of assays,
such as cellular electrophysiology, calcium imaging or mechanical testing, have been
improved and integrated. Quantitative in vitro drug testing has also been expanded
and most importantly standardized (Takeda et al., 2017, Klimovic et al., 2022).

These advancements are in great part due to the introduction of primary animal
and human sources of CMs, but also of human pluripotent stem-cell-derived CMs
(PSC-CMs). Human CMs are not readily available, as myocardial biopsy is an inva-
sive procedure with significant risk (Cooper et al., 2007, Holzmann et al., 2008) and
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transplants are rare; thus PSC 2D and 3D models comprised of PSC-CMs have revolu-
tionized the basic CVD research by providing a stable on demand source of CMs
which recapitulates patient-specific or imposed genetic background (Acimovic et al.,
2014, Pesl et al., 2016b, Borin et al., 2018).

PSC-CMs represent a readily available and renewable cell source for diagnostic,
pharma-screening, but also provide a way for basic CMs behavior mechanisms un-
derstanding (Liu, Liu et al., 2012, Liang et al., 2013, Caluori et al., 2019a). Through
mesodermal differentiation, they express an immature fetal-like phenotype, with
protocol-dependent mixed composition of nodal-/atrial-/ventricular-like properties
(Hescheler et al., 1997), recapitulated in PSCs (Schweizer et al., 2017, Vestergaard
et al., 2017). During in-vivo terminal CMs maturation, parallel arrays of myofibrils
are organized into mature sarcomeres, having clearly defined A and I bands, Z
disks, but also gap junctions and desmosomes (Westfall et al., 1997). Structural ma-
turity still differs in PSC derived and primary CMs (Koivumäki et al., 2018).

In primary CMs and to certain degree also in PSC-derived CMs, the contractile
apparatus unit is a sarcomere; it consists of myosin-containing thick filaments sur-
rounded by a hexagonal array of thin actin filaments with troponin/α-tropomyosin
(Tn/Tm) regulatory units (Parmacek and Solaro, 2004). These are responsible for
shortening of sarcomere, generating contractile force and slightly differ from other
muscle cell types (Léger et al., 1975). However, human CMs are available only after
heart transplantation and a few cardiac surgery procedures (Pesl et al., 2020), other-
wise animal cells are used with obvious limitations. At the same time, the differentia-
tion of PSC derived CMs is still heavily dependent on surface and ECM elasticity
(Jacot et al., 2010, Chung et al., 2013).

Contractility can be defined as the ability of heart muscle to shorten sarcomeres and
thus generate force, and it represents the main mechanical function of the heart. Never-
theless, a number of integrins, cadherins, and other membrane proteins mediate ECM
cues, which together with stretch activated specific Ca2+ channels, connect electrical
and mechanical signals (Sachs, 2010, Reed et al., 2014). This complex interaction is re-
sulting in impulse generation and/or contraction (Bers, 2014), or stretch stimulating na-
triuretic peptide secretion in case of volume overload of the heart (Thibault et al., 1999).

6.1.2 Cardiomyocyte phenotype analysis methods
and properties

Patch clamp is almost exclusively based on single cell electrical activity and its ion
channels (Sakmann and Neher, 1976). Despite being a gold standard for cellular
electrophysiology, it poses significant drawbacks in its invasiveness (opening the cell
membrane) and need for transient giga seal formation (Bébarová, 2012) due to which
relatively short-term measurement is inherently fatal for the probed CM or neuron.
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It requires an experienced operator; the method is low throughput and it provides little
or no information on cellular mechanics, as cell contractions are disturbing proper con-
tact (gigaseal). Only highly sophisticated automated patch clamp (Mann et al., 2019)
can partially overcome these drawbacks, or similarly scanning patch clamp/or scan-
ning ion conductance microscopy (SICM) (Actis et al., 2014) involving piezo-controlled
movements can provide topographical, electrical, and mechanical data together.

Microelectrode arrays (MEAs) are sets of planar electrodes regularly placed on
an insulating substrate. Ionic displacement is detected in the cell-electrode cleft dur-
ing transmembrane voltage changes, described as field potential (Spira and Hai, 2013).
Roughly describing action potential (AP) duration and onset, MEAs provide noninva-
sive and possibly long-term information on arrhythmogenicity or cardiotoxicity of
drugs (Braam et al., 2010). They also provide information on electrical propagation
with potential to visualize arrhythmic circuits (Natarajan et al., 2011, Gilchrist et al.,
2015). The middle- or high-throughput character of the method also prompted stretch-
able versions of MEA, allowing mechanical analysis either in combination with video
(Hayakawa et al., 2014) or impedance-based systems (Hansen et al., 2017).

Fluorescent imaging using calcium or voltage-sensitive dyes allows optical
imaging of ion fluxes as well as resulting voltage and contraction changes (Laugh-
ner et al., 2012). Most of available dyes are influencing cell metabolism and survival
(Herron et al., 2012). In order to allow for contraction quantification, the system
must be used on known flexible substrates and further AP quantification is depen-
dent on combined system similarly to MEA (Ahola et al., 2014).

Table 6.1.1: Methods for analyzing electrophysiology and beating behavior (adapted according to
Laurila et al., (2015) related to target substrate and measured parameter).

Method Biological objects Parameter

Patch clamp Single cells Action potential

Microelectrode
arrays

Monolayer/syncytia Field potential

Fluorescent
imaging

Single cell and syncytia Fluorescent dye intensity (e.g., voltage sensitive
dye, displacement)

Video microscopy Single cells, clusters,
monolayers

Displacement – border/texture recognition/optical
flow recognition

Traction force
microscopy

Single cells and small
syncytia

Beads, microposts displacement

Atomic force
microscopy

Single cells, clusters,
monolayers

Displacement of cell surface, indentation,
retraction curve analysis

Impedance assays Syncytia, monolayers Electric impedance

Tweezing Single cell, syncytia Optical, magnetic acoustic stretching
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Light microscopic methods involving sequence of still images or video record-
ings allow analyzing of the mechanical changes of a beating cell or area, which is
then analyzed by different computational methods (Kamgoué et al., 2009, Ahola
et al., 2014, Chen et al., 2014, Hayakawa et al., 2014, Czirok et al., 2017).

Impedance assays are based on cellular impedance changes, thus similarly to
MEA are noninvasive and label-free methods. Cells are plated on an adherent dish,
having electrodes on the bottom. Cells’ movements and contractions altering the
cell membrane properties are monitored by changes in impedance upon application
of low-frequency electric current. The system allows for long-term and short-term
cell monitoring (Ciambrone et al., 2004, Abassi et al., 2012, Pointon et al., 2015).

Traction force microscopy is an extension of light microscopy. It may be one of
the particle tracking techniques enabled by fluorescent beads embedded in cultivation
substrate with known mechanical properties (Wang and Lin, 2007). Displacement of the
beads related to cell contraction can be tracked with optical microscope and quantified
allowing for indirect quantification of the cells’ movement. Similar are works based on
known mechanical properties of magnetic beads, but also microposts, micropillars, or
microthreads (Lin et al., 1995, Kajzar et al., 2008, Kim et al., 2011, Rodriguez et al., 2014).

Atomic force microscopy (AFM), as nonoptical method, relies on a cantilever
being in direct contact with measured cardiac cells. During the cell or syncytia con-
traction cycle, either cantilever follows vertical movement of the cell or remains sta-
ble for deflection recoding (locked). Quickly after initial AFM cell-oriented trials
(Domke et al., 1999), it was used for topography and submembrane structure imaging
studies (Davis et al., 2001). AFM presents wide area of otherwise hard-to-quantify pa-
rameters as cellular viscosity and elasticity, contraction, tension, adhesion, friction,
and even energy dissipation, moreover contraction and beating profile description is
of uttermost importance (Pesl et al., 2016a, Caluori et al., 2018) (see Figure 6.1.1.).

Tweezing force generating and measuring strategies
Tweezers represent a wide variety of physical strategies either with static configura-
tions (i.e., single-bead, two-bead, three-bead) and dynamic configurations (i.e., force
clamp, position clamp, dynamic force spectroscopy). Optical, magnetic, as well as
acoustic modalities were reviewed by Basoli et al. (2018).

Optical tweezers consist of highly focused laser beam that provides an attractive
or repulsive force (Henon et al., 1999, Tan et al., 2012). The laser beam is focused
through a microscope objective. The narrowest point of the focused beam (waist),
contains a very strong electric field gradient exerting force of 0.1–100 piconewtons
(Ashkin et al., 1987) and allows to physically hold and move micrometer-scale ob-
jects, similar to tweezers (Mohammed et al., 2019). This allows measurement of the
force generated in their native environment on down to single molecules of actin fila-
ment (Suzuki et al., 2003) and titin (Leake et al., 2004). Also rheological properties of
endothelium (Ayala et al., 2016) and utilization in whole CM activation was proposed
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(Gentemann et al., 2017). CMs and similar biological samples are almost transparent
to the near-infrared wavelengths normally employed to trap particles by laser traps,
thus photodamage could be avoided (Neuman et al., 1999).

Magnetic tweezers (MTs) allow for the simultaneous manipulation and recording
of forces in real time using tethered magnetic beads, under a generated magnetic field
gradient, having low interference with the specimen (De Vlaminck and Dekker, 2012).
Permanent magnets as well as electromagnets with alternating size and shape, mag-
netization orientation, and varying distance between the magnets and the magnetic
beads are used. Thus, allowing the application of stretching/pulling forces perpendic-
ular, but also parallel to the biological sample substrate (Kilinc et al., 2012) and also
“magnetic torque tweezers” (Lipfert et al., 2010). Saphirstein et al. (2013) used MTs to
investigate the mechanobiology of aortic tissue, describing focal adhesions of the vas-
cular smooth muscle cells (VSMC) as a regulator of aortic stiffness.

Acoustic tweezers (ATs) can stably trap a particle or cluster of cells in a potential
well generated by two collimated focused ultrasonic beams propagating along oppo-
site directions in water (Wu, 1991). A stable potential well can be created by radiation
pressure at the physical focal point of a focused ultrasonic beam. There is no need for
the manipulated cell to undergo surface modifications or labeling so that cells main-
tain their shape, size, refractive index, charge, and other native properties, resulting
in no need of optically purified sample, and a possibility to manipulate large particles
or cells and lower damage to biological samples was demonstrated (Hwang et al.,
2014). ATs cytometry produces a rapid acoustic radiation force on the microbubbles
that provoke the contractility of the intracellular cytoskeleton (Heureaux et al., 2014).

Combination of methods
Each of the abovementioned methods is missing some part of available phenotypic
information. For example, 2D optical microscopy cannot grasp three-dimensional

Figure 6.1.1: Microscope top view of the cantilever placed above the EB cluster (10x), recorded
mechanocardiogram, the schematic of setup: EB cell cluster, AFM cantilever fixed to glass block,
laser detection system, and schematic of contraction cycle A) cluster in “extension” uplifting the
cantilever, B) isoline position C) contraction position, cantilever pulled towards the cluster, without
loosing contact.
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contraction displacement or electrophysiological properties of the cells recorded by
voltage sensitive dye or MEA application. Yet these complex parameters are essen-
tial especially for drug testing studies, but also for physiology and disease descrip-
tion forcing researchers into combining the techniques to sophisticated methods,
such as AFM combined with both the MEA and fluorescent microscopy allowing for
complex description of the mechanoelectrical transduction and contraction proper-
ties (Caluori et al., 2019a, 2019b, Kabanov et al., 2022).

6.1.2.1 Elastic Properties

Viscoelastic properties of ECs, cardiac muscle, and skeletal muscle were quantified
early after first topography studies (Mathur et al., 2001), showing that cardiac cells
were the stiffest exhibiting elastic modulus reaching up to 100 kPa, the skeletal mus-
cle cells were intermediate (25 kPa) and ECs were the softest with a range of elastic
moduli from 1.5 to 6.8 kPa. AFM acting as indenter performs force measurements on
cell surface, detecting ample deformation in response to applied force (Burnham and
Colton, 1989). These mechanical readouts are particularly useful when the sample ex-
periences changes in mechanical properties with time as during mitosis (Stewart
et al., 2011) or CM contraction relaxation cycle (Azeloglu and Costa, 2010).

The myocardium undergoes oscillatory (pulsatile) shear stress, and reflects con-
sequences of turbulent blood flow (Guazzi and Arena, 2009, Ayala et al., 2016). CMs
therefore experience stresses and strains, related to own contraction, contraction of
surrounding tissue, and the pressure of pumped blood (Jacot et al., 2010). The long-
term response of CMs can be proliferation, and physiological hypertrophy, and
pathological alteration of the heart geometry as trabeculation and dilatation (Lee
et al., 2018). The elastic modulus of ECM surrounding CMs has several ways of sig-
naling. Integrin receptors general function in any cell type is to bind to ECM, focal
adhesion is then increased, thus affecting complex cell behavior (Santoro et al.,
2019). Integrin-mediated mechano-transduction is thus allowed for signaling medi-
ated by contractile strain. Increasing matrix stiffness therefore causes increasing
in CM force. However, substrate stiffness higher than 25 kPa was observed to lower
contractile force of neonatal CMs (Jacot et al., 2010).

At long term, the heart tissue properties, such as elasticity, change dramatically
during the aging (Hersch et al., 2013) or as an effect of diseases. Stiffness gradually
increased during aging of mice (Nance et al., 2015) and rat CMs (30-month-old male
animals displayed 42.5 kPa, higher than 4-month-old rats about 35 kPa) (Lieber
et al., 2004). These changes are even more pronounced in studied cardiomyopa-
thies (6.1.3) There is an apparent paradox in aging, wherein reparative fibrosis is
impaired but interstitial, adverse fibrosis is augmented (Trial and Cieslik, 2018).
Stiffness of live CMs isolated from control and diabetic mice also significantly dif-
fered, possibly contributing to progressive diastolic left ventricular stiffness (Benech
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et al., 2014, 2015) corresponding to echocardiographic a cardiac magnetic resonance
findings in DCM, muscular dystrophy and diabetic cardiomyopathy (Meluzin et al.,
2011, 2017, Panovský et al., 2019, Masarova et al., 2020).

The Hertz model is often applied for quantification of Young’s modulus despite
nonlinear elastic behavior of CMs (Mathur et al., 2001, Lieber et al., 2004). Depend-
ing on the application, the Sneddon model may be more suitable (Sneddon, 1965).
Other alternatives are combined models as Johnson–Kendall–Roberts (Johnson
et al., 1971) or specific approaches for biological specimens as hyperelastic models
(Soufivand et al., 2014). However, despite some drawbacks, most of current studies
stick to original Hertzian models.

6.1.2.2 Contraction

Contractility can be defined as the ability of heart muscle to shorten and generate
force. It is initiated by electrical stimulus and mediated by calcium levels and
flows. Initially, optical analysis studies were based on edge detection and displace-
ment measurement (Claes and Brutsaert, 1971, Steadman et al., 1988, Kawana et al.,
1993). Similarly, laser beam dispersion (Krueger et al., 1980), flexible sheets (Bala-
ban et al., 2001) or magnetic beads with optical reading systems (Yin et al., 2005)
were used. Nevertheless, these methods inherently suffer from absence of 3D spatial
information and are applicable exclusively to flat- and square-shaped adult cells
due to reproducibility issues caused by rotation of cells and edge detection errors
(Delbridge and Roos, 1997). These methods are thus usually not applicable to PSC
derived CMs featuring irregular shape.

An important milestone was application of conditions allowing for measure-
ment of force without actual shortening of cells and fibers, so-called isometric con-
traction (Sugiura et al., 2003). It was enabled by use of carbon nanofibers of known
compliance, but also different elastic structures such as micropillars (Lin et al.,
1995) avoiding flat-surface-related formation of stress fibers and focal adhesions
(Balaban et al., 2001, Cesa et al., 2007). It was published that CMs show a large scat-
ter of intrinsic amplitudes, APs, and contraction frequencies, most likely because
they originate from different areas of the heart (Kajzar et al., 2008, Kim et al., 2011).

Spontaneous contractions were assessed by AFM already in 1999, when beat
period and pulse amplitude were quantified. Originally, embryonic chicken CMs
were used, where a high degree of irregularity was reported (Domke et al., 1999).
Being the most representative of available CMs, PSC-CMs were studied by AFM in
single cells (Liu et al., 2012, Sun et al., 2012) as well as in syncytia (Pesl et al., 2014).
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6.1.2.3 Adhesivity

Adhesion between individual CMs is mediated by intercalated discs, while their in-
teraction with surrounding environment (ECM) is mediated by integrin receptors.
Integrin–ligand interaction is a multistep process resulting in formation of adhesion
complexes (Comisar et al., 2011). Integrin receptors are organized in clusters (3–4 integ-
rins/cluster) together forming “nascent adhesions” (Wiseman et al., 2004). Cytoskele-
ton proteins (e.g., actin and vinculin) and signaling molecules (e.g., focal adhesion
kinase and paxillin) are involved in the maturation process of adhesion complexes
(Bachir et al., 2017). This is important during development for CMs’ differentiation and
maturation. Later on, adhesion complexes provide the signals that sustain tissue for-
mation and turnover of ECM proteins (Peters et al., 1994, Humphries et al., 2004). Mim-
icking those process seems important for myocardial regeneration, which otherwise
seems to be very limited in the cardiac tissue, as reviewed in (Leong et al., 2017). At
the same time, the relative changes in adhesion, altering connection of CMs to myofi-
broblasts or ECM adhesion sites during scar formation increases cardiac stiffness, thus
constituting the basis for the development of heart failure (Opie et al., 2006).

6.1.3 Cell and Tissue-Based Disease Phenotyping

Acute and chronic changes of heart and vessels have enormous impact on morbid-
ity and mortality all over the world (Abubakar et al., 2015). Globally, CVDs and re-
lated mechanical remarks are described in following subchapters.

6.1.3.1 Rheumatic Heart Disease and Valve Involvement

Heart valves are main barriers in the blood flow, facing mechanical stress during
heartbeat cycles. Autoimmune inflammatory reactions leading to rheumatic fever
(RF) and rheumatic heart disease (RHD) result from untreated infections, and
causes increased interstitial cellularity, with consequent increased expression of vi-
mentin and vitronectin, but also changes in valve collagen composition, causing
structural and functional valve changes (Tandon et al., 2013, de Oliveira Martins
et al., 2017). Similarly, wall shear stress exerted on the valvular ECs influences the
inflammatory processes and the signaling between the ECs and the valvular intersti-
tial cells. Equally, these processes are leading to a calcific valve phenotype (Fisher
et al., 2013), reported as area of increase strain(Halevi et al., 2015). The consequence
is often a reduced valve leaflet movement and valve stenosis, having profound im-
pact on pressure overload of related heart chamber. Even without specific trigger,
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the valves are stiffening during aging (Sewell-Loftin et al., 2012), which can be de-
scribed by AFM (Sewell-Loftin et al., 2012).

6.1.3.2 Ischemic Heart Disease

Coronary arteries obstruction results in ischemia of the myocardium. Myocardial in-
farction (MI) leads to myocardial loss due to necrosis as well as subsequent remod-
eling with progressive fibrosis (Sutton et al., 1997, Gheorghiade and Bonow, 1998).
While elasticities of healthy myocardial tissues range from 10 to 30 kPa, stiffnesses
in MI-affected areas increase to values of up to 150 kPa (Berry et al., 2006, Jacot
et al., 2010, Van Den Borne et al., 2010). This is by large attributed to loss of CMs
and contracting myofibroblasts tissue replacement and interstitial fibrosis following
cardiac injury. This uneven process is related to area of ischemia, threatening patient
not only by loss of contractile function, but also altered AP propagation resulting in
life threatening arrythmias (Liang et al., 2019). Individual CMs in mouse model, early
after MI, decreased their Young’s modulus, whereas at later stages, cells became
stiffer than controls (Dague et al., 2014). This may be attributed to impaired Ca2+ man-
agement (Kronenbitter et al., 2018) resulting in sarcomere dysfunction, namely changes
in ECC (Holt et al., 1998) but also in diastolic relaxation and Ca2+ reuptake (Zalvidea
et al., 2012). Maintaining the ECM after MI in the scar prevents rupture of the infarct
area in the short term, but is leading to increased cardiac stiffness and constitutes the
basis of the development of heart failure, possibly related to changes in structural pro-
teins of titin and collagen (Van Den Borne et al., 2010, Zile et al., 2015).

6.1.3.3 Vascular Disease Aortic Aneurysm Cerebral and
Atherosclerotic Vessel Disease

Large arteries are composed from collagens I and III, accounting for 60% of the ar-
tery wall, and elastin 30% (Rizzo et al., 1989). Due to low elastin turnover during
the lifespan, collagen concentration increases with age (Zieman et al., 2005) and as
collagen fibers are 100–1,000 times stiffer than elastin, a sharp increase in the in-
cremental elastic modulus at higher levels of circumferential stretch is produced.
The changes in the vessel wall ECM composition are leading to gradual arterial stiff-
ening and subsequently to aneurysm formation, expansion and rupture due to repeti-
tive pressure and shear stress (Lasheras, 2007). Similar procesess lead to obstruction
or rupture of smaller cerebral vessels (CV) and subsequent brain ischemia. Those
states were closely linked to hypertension (Nation et al., 2012), related to arteriolar
wall thickening, but also fibrin deposition and functional disruption of vessel wall
and even blood brain barrier (Tagami et al., 1987), resulting mainly in atherosclerotic
changes, preventable by blood pressure lowering strategies (Hajdu et al., 1991).
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Atherosclerotic plaques formation in the large and medium sized arteries is classi-
cally driven by systemic factors, such as elevated cholesterol and blood pressure.
Starting as vessel wall thickening, plaques form preferentially at vessel branch
points, curvatures, and bifurcations exposed to disturbed flow patterns characterized
by flow separation, changes in flow direction, and recirculation eddies as reviewed in
(Hahn and Schwartz, 2009). At low arterial pressure, elastin fibers absorb the major-
ity of circumferential stretch forces, rigid collagen fibers resist mechanical deforma-
tion to high circumferential stretch resulting in elevated strain applied to the smooth
muscle layer and promoting proliferation (Yurdagul Jr, Finney et al., 2016). Further
cholesterol deposition in the arterial wall promotes a chronic inflammatory re-
sponse resulting in leukocyte recruitment into the vessel wall (Ramji and Davies,
2015). Definitely altering its mechanical properties and ending in plaque rupture, it
becomes the primary cause of thrombotic complications and atherosclerosis-related
mortality (Virmani et al., 2006). Large and small vessel changes are closely related
to systolic blood pressure.

6.1.3.4 Hypertensive Heart Disease

Change in brachial systolic pressure with age shows a steep rise from age 10 to a
plateau when full body height is reached at age 18, then a subsequent rise after age
45 years, as reviewed in (O’Rourke et al., 2002). Arterial stiffening precedes systemic
hypertension in condition such as obesity (Weisbrod et al., 2013) or chronic kidney
disease (Garnier and Briet, 2016). Age-related stiffening is often linked to the above-
described vascular wall ECM composition changes and endothelial dysfunction.
Nevertheless, a major role is played by VSMC stiffening and changes of adhesive
properties (Sehgel et al., 2013). It is proposed that Ca2+ regulates VSMC elasticity
and adhesion to the ECM through integrin–actin cytoskeleton axis (Zhu et al., 2018).
Rho kinase is the expected regulator (Rho-associated coiled-coil-containing protein
kinase, ROCK), through actin/SRF/myocardin pathway effectively lowering alpha
smooth muscle actinin expression, reversing aortic stiffening (Zhou et al., 2017).

6.1.3.5 Cardiomyopathy and Myocarditis

Generally, increase in myocardial wall stress stimulates compensatory cardiac myo-
cyte elongation or hypertrophy maintains cardiac output in response to increased
mechanical load (Frank–Starling mechanism). Although the heart may functionally
tolerate a variety of pathological insults, adaptive responses that aim to maintain
function eventually fail. In number of scenarios such as aging or inherited condi-
tions, this response closes and feeds a vicious cycle of CMs exhaustion and apopto-
sis. Apoptosis may also be triggered by external factors as alcohol or cytostatic
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therapy (Ikeda et al., 2019). Common for cardiomyopathy subgroups is absence of
ischemic or arrhythmic cause.

Cardiac dysfunction in hypertrophic cardiomyopathy (HCM) is attributable to ini-
tial increases in heart mass and asymmetric interventricular septal thickening (Maron
et al., 1995, Veselka et al., 2017). Most of the cases having genetic background, larger
CMs and myofibrillar disarray, due to sarcomeric protein mutations, progressing into
perivascular and interstitial fibrosis. Cellular CMs hypertrophy is beyond physiological
hypertrophy in response to exercise (McMullen et al., 2003). Upon injury, myofibro-
blasts appear in the myocardium and are generally believed to arise from resident in-
terstitial and/or adventitial fibroblasts (Powell et al., 1999). At the same time type I
collagen increases, together stiffening the ventricles and impeding contraction, tor-
sion, and relaxation (Manabe et al., 2002, Meluzin et al., 2009). A number of genes
trigger eventually similar changes, although in some cases the same mechanism is
leading to chamber dilation and wall thinning, further described as dilated cardiomy-
opathy (DCM). Prolonged cardiac insults and a number of cytoskeletal mutations un-
derlie DCM. Generally, disruption of mechano-transduction components prevents the
heart from productively responding to both extrinsic and intrinsic stressors. Glaubitz
et al. proposed that decrease in single-cell stiffness of left ventricular fibroblasts could
trigger left ventricular dilation (Glaubitz et al., 2014). Nevertheless, CMs depletion is
also one of the proposed mechanisms involved in muscular dystrophy patients (Mi-
chels et al., 1992, Pesl et al., 2020).

Several studies indicate that HCM mutations are associated with increased
actin-myosin sliding velocity (Kawana et al., 2017) and DCM with decreased sliding ve-
locity (Robinson et al., 2002), inconsistent reports on altered maximal force develop-
ment are reviewed in (Eschenhagen and Carrier, 2019), where it was also reported on
both HCM and DCM signs of decreased energetic efficiency and altered myofilament
calcium sensitivity. In mechanical studies, this could be echocardiographically distin-
guished as different tension-time integral of the contraction peak, that is, the area
under the curve of an averaged contraction peak (Davis et al., 2016).

Restrictive cardiomyopathy presents alterations in tissue flexibility in absence
of myofibrillar rearrangement and gross abnormalities, and ventricles filling pres-
sure alterations are responsible for impaired relaxation and commonly atrial en-
largement (Huang and Du, 2004, Parvatiyar et al., 2010). Most common cause is
extracellular deposition of a misfolded protein – infiltration of amyloid causing CM
separation, cellular toxicity, apoptosis, and tissue stiffness (Muchtar et al., 2017).
The same may be result of storage disease or endomyocardial fibrosis prevalent in
developing world. Nevertheless, both sarcomere as well as cytoskeletal genes could
be involved (Tarnovskaya et al., 2017) proposing myofibril multidomain architec-
ture destabilization and increase of myocardial stiffness.
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6.1.3.6 Atrial Fibrillation and Flutter

There is increasing recognition that one of the contributing abnormalities to the de-
velopment of atrial fibrillation (AF) is atrial fibrosis (Boldt et al., 2004), differing in
collagen III expression. Progressive atrial myopathy causes disorganized electrical
activity, resulting in irregular heartbeat, but also in endothelial dysfunction and
blood stasis leading to thrombogenesis and eventual stroke (Melenovsky et al.,
2015). A strong role is played by AP alternans referring to a phenomenon whereby a
single cell or region of tissue generates APs in a repeated long-short-long-short pat-
tern when stimulated (Weiss et al., 2011); those are heavily dependent on preceding
alteration in atrial pressure and its dynamics during exercise (Meluzin et al., 2017).
One of the AF consequences is progressive ventricular remodeling, probably due to
the adverse hemodynamic effect of loss of coordinated atrial contraction and/or
tachycardia-mediated cardiomyopathy from a persistently elevated ventricular rate
(Hunter et al., 2014), resulting in microvascular coronary dysfunction and impaired
myocardial perfusion, leading to progressive fibrosis similar to the above-described
one (ischemic disease, Section 6.1.3.2), but also systemic inflammation and impaired
endothelial function (Freestone et al., 2008). Impaired myofibrillar energetics directly
impacts myocyte mechanics (Mihm et al., 2001), loss of myofibrils, accumulation of
glycogen, changes in mitochondrial shape and size, fragmentation of the sarcoplas-
mic reticulum, dispersion of nuclear chromatin, and increase in myocyte size (Ausma
et al., 1997).

6.1.4 Conclusions

Cardiovascular system mechanics in healthy and disease states are vastly complex
areas, studied already for decades. Nevertheless, only recently novel methods as
atomic force microscopy or tweezing technologies and their combinations allowed
for inclusion of CM mechanics describing methods to the same level as classic and
established cellular electrophysiology and optical imaging. Nanotechnology trends
are moving ahead not only basic research, but also clinical diagnostic and thera-
peutic possibilities. A number of areas in cardiovascular medicine remain to be
probed, therefore this field is promising not only for expansion of scientific meth-
ods, but mainly with high clinical importance, elucidating mechanisms, and timely
diagnostics, allowing proper treatments.
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6.2 Respiratory Diseases

6.2.1 Outline

This chapter is focused on the mechanical properties of cells and tissues in the lungs,
with different respiratory diseases investigated in vitro in animal models and in pa-
tients with respiratory pathologies. The chapter is aimed at providing a general perspec-
tive on the current knowledge available with the application of micro/nanomechanical
techniques for a better understanding of lung pathophysiology. First, respiratory me-
chanics is briefly described and the mechanical role played by lung cells and tissues is
presented. Subsequently, the main micro-scale techniques employed to measure the
lung cell and tissue mechanics are discussed. Finally, the current knowledge available
on cell and tissue mechanics in most relevant respiratory diseases is summarized. Po-
tential developments of advanced micromechanical tools for diagnosis, for patient’s fol-
low-up, and future high-throughput system for drug testing are also discussed.

6.2.2 Respiratory System Mechanics

The main physiological function of the respiratory system is to allow gas exchange
in the blood. Indeed, the lung is the organ where blood receives the O2 required for
supplying the whole-body metabolism, where the CO2 produced in all organs and tis-
sues is eliminated. This process of gas exchange is carried out by diffusion through the
very thin alveolar-capillary membrane that separates the air in the lung alveoli from
the blood in the pulmonary capillaries. This passive process of O2 and CO2 diffusion
requires both a continuous flow of blood through the lung capillaries and renewal of
the air in the alveoli. While blood circulates trough a two-port vascular system, with an
inlet (the pulmonary artery) and outlet (the pulmonary vein), air circulates to-from

Ramon Farré, Unitat de Biofísica i Bioenginyeria, Facultat de Medicina i Ciències de la Salut, Uni-
versitat de Barcelona, Barcelona, Spain; CIBER de Enfermedades Respiratorias, Madrid, Spain;
Institut d’Investigacions Biomediques August Pi Sunyer, Barcelona, Spain
Daniel Navajas, Unitat de Biofísica i Bioenginyeria, Facultat de Medicina i Ciències de la Salut,
Universitat de Barcelona, Institute for Bioengineering of Catalonia, Barcelona, Spain,
dnavajas@ub.edu

Acknowledgments: This book chapter was funded in part by the Spanish Ministry of Sciences, Inno-
vation and Universities (PID2020-113910RB-I00-AEI/10.13039/501100011033), and by the Marie
Sklodowska-Curie Action, Innovative Training Networks 2018, EU grant agreement no. 812772.

https://doi.org/10.1515/9783110989380-012

mailto:dnavajas@ub.edu
https://doi.org/10.1515/9783110989380-012


the airway tree through a one-port circuit having a unique conduit that is open to the
atmosphere (the trachea). Such a mechanical feature of air circulation in the lung
during breathing requires that this organ is compliant. Indeed, it cyclically increases
its volume during inspiration to inhale fresh air and subsequently recovers the origi-
nal volume to exhale the previously inhaled air after gas exchange has increased/de-
creased the concentrations of CO2/O2 in the exhaled air. The mechanical properties of
the lung are determined by the contribution of its anatomical components and by
their mutual interaction. On the one hand, the airways compartment is mainly resis-
tive, with a resistance that depends on the lung volume (because inspiration enlarges
the airway diameter and thus reduces resistance) and on flow (since there are non-
linearities induced by turbulent air circulation), on the other hand, lung tissues
present viscoelastic properties that also depend on volume, typically exhibiting
strain-hardening behavior. Remarkably, lung mechanical properties may depend on
history because some breathing maneuvers modify the degree of cell contraction.
For instance, lung resistance at the spontaneous end-expiration volume (achieved
when breathing muscles are relaxed) is considerably modified after performing a
deep inspiration, and the baseline value is not recovered after several cycles of nor-
mal breathing.

The classical methodology to study lung mechanics was developed many deca-
des ago, at a time when there were no suitable tools to measure the mechanical
properties at the microscopic scale. Hence, the respiratory system had to be ana-
lyzed by measuring the only macroscopic variables available, which described the
mechanics of the whole organ (pressure, volume, and flow). Even when advanced
pathophysiological research was carried out by using invasive methods (using oeso-
phagal and gastric balloons to assess pleural and trans-diaphragmatic pressures),
the mechanical variables measured were still macroscopic. This classical approach
has been and is still of great importance to understand the pathophysiology of re-
spiratory diseases. Remarkably, this approach is currently a fundamental clinical
tool for the diagnosis and follow-up of patients at lung function labs and to monitor
patients with lung diseases at intensive care units. However, recent developments
in techniques to measure the mechanical properties of samples at the microscopic
level have allowed us to investigate lung mechanics through a more basic window.
Indeed, the mechanical properties of the lung can currently be probed at the cell
scale, which has enormous interest since the mechanics of cells, of their surround-
ing extracellular matrix (ECM), and the cell-ECM mechanical cross talk are the fun-
damental determinants of the mechanical properties of the whole organ in both
health and disease.
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6.2.3 Mechanical Role of Lung Cells and Tissues

6.2.3.1 Cells

The lung has a high variety of cell types (up to 60) (Franks et al., 2008) and although it
is still partially unknown, most of them experience functional alterations during respi-
ratory diseases. Specifically, it is currently clear that mechanical changes experienced
by some lung cell types are relevant in prevalent and severe respiratory diseases, po-
tentially compromising the normal function of the organ. The cells that present differ-
ent mechanical behavior in healthy and diseased lungs are widely distributed at the
different structural parts of the organ: the conducting airways and vessels, the alve-
olar-capillary membrane, the lung parenchymal tissue, and the blood circulating
through the lung capillaries.

The cells in the airways that play a more relevant mechanical role in respiratory
diseases are epithelial and smooth muscle cells. Bronchial epithelial cells form a
monolayer, covering the luminal surface of the airway, and are crucial for maintain-
ing a functional and safe barrier, separating the internal part of the airway from the
circulating air. Smooth muscle cells are contractile components within the airway
walls, which, depending on their degree of contraction, regulate the section of the
conduit lumen and hence its air flow resistance. The alveolar-capillary membrane
has two main cell types playing a relevant mechanical role. Alveolar epithelial cells
form a monolayer at the side of the membrane, which is in contact with the alveolar
gas. On the other side of the membrane, there is a monolayer of endothelial cells in
contact with the blood circulating through the capillaries. Both monolayers are im-
portant since their mechanical integrity determines the homeostatic permeability of
the membrane for water, different types of molecules, and cells. As such, this barrier
function is crucial to protect the lung from toxic pollutants and microbes transported
by the inhaled air. It is interesting to note that the integrity of the alveolar-capillary
membrane is mechanically challenged continuously, since it is subjected to the cyclic
stretch associated with inspiration and expiration. The type of cells that play a more
relevant mechanical role in lung tissue are fibroblasts (and differentiated myofibro-
blasts), since, when pathologically activated, these cells may substantially remodel
and stiffen the lung tissue by secreting ECM components, such as collagen. Circulat-
ing cells in the blood, namely erythrocytes and leukocytes, have a size that is slightly
higher than the diameter of lung capillaries. Therefore, they should present a physio-
logical stiffness, allowing them to deform for circulating through the lung vascular
circuit. Accordingly, stiffening of these cells in lung diseases may compromise blood
circulation and thus the gas exchange.

As discussed in more detail later in this chapter, mechanical alterations in the
previously mentioned cells are key in the most prevalent and severe respiratory dis-
eases: acute lung injury (ALI), asthma, lung fibrosis, chronic obstructive pulmonary
disease (COPD), and pulmonary arterial hypertension (PAH). It should be noted
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that in addition to the structural cells that normally participate in the pulmonary
homeostatic balance, neoplastic cells should also be considered in lung cancer,
which is among the most devastating malignancies in terms of prevalence and mor-
tality. As in other types of cancer, the mechanical properties of lung cells are crucial
since they may regulate the migration and metastatic potential of malignant cells.

6.2.3.2 Tissues

Tissues in each of the lung anatomical components – airways, alveoli, and vessels –
have a well-defined architecture built with cells and ECM. Whereas in the past, the
ECM was viewed as just a passive component aimed at providing structural support
to cells, it is now clear that the ECM is an active biomechanical component. Indeed,
a constant bidirectional cross talk between the ECM and the cells contributes to reg-
ulate lung homeostasis (Zhou et al., 2018). From a biomechanical viewpoint, it is
interesting to note that the response of lung tissues to external challenges – either
mechanical, such as cyclic stretch, or biochemical, such as histamine provocation –
should be considered at different time scales. Whereas the short-time mechanical
response is mainly due to ECM properties, with small cell contribution, the longer
time response is principally determined by cells since they respond to the external
stimuli by modifying the ECM composition and thus its mechanical properties (Suki
and Bates, 2008). ECM biomechanics is mainly determined by three types of molec-
ular components: collagen, elastin, and proteoglycans. Collagen is the most abun-
dant of them and is of major relevance for the biomechanical homeostasis of the
lung (Cavalcante et al., 2005). The lung ECM is continuously being remodeled by
lung cells in a process that involves a physiological balance between synthesis, de-
position, degradation, and clearance of ECM components (Haak et al., 2018). To
highlight how dynamic is the lung ECM, it is worth noting that 10% of lung collagen
is newly synthetized every day and 40% of it is immediately degraded. Given the
anatomical and functional variety of the structural components across the lung,
the composition and mechanical properties of the ECM are not uniform. Indeed, the
ECM is adapted to provide the specific biomechanical properties required by each
anatomical compartment, for example, the relatively stiff airway walls to maintain
their dimensions under different stresses as compared to the compliant alveolar
walls to allow breathing (Haak et al., 2018).

Interestingly, alteration of the composition and biomechanics of lung ECM also
occurs as a physiological process during ageing. Indeed, a recent study using
human lung samples from healthy subjects covering a wide range of ages (11–60
years old) reported that. In contrast, cell mechanics did not change with age; ageing
showed a trend towards increasing ECM deposition and traction forces, suggesting
that tissue mechanics may contribute to the well-known age-related alterations of
lung function (Sicard et al., 2018). Despite ageing, alteration of the normal ECM
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remodeling, and thus changes in its mechanical properties is one of the main charac-
teristics in most relevant respiratory diseases. For instance, increase in parenchymal
collagen content in lung fibrosis (Bidan et al., 2015), abnormal deposition and cross-
link of collagen and the related breakdown of elastic laminae in vessel walls in PAH
(Thenappan et al., 2018), alveolar wall disruption in COPD emphysema (Bidan et al.,
2015), or fibrotic thickening of the airway wall in asthma (Seow, 2013). Given that the
different lung diseases present specific alterations, it is important to investigate the
mechanics of lung tissues from a dual perspective (Tschumperlin et al., 2010) – on
the one hand, to use a microscopic approach to understand the mechanical microen-
vironment sensed by each individual cell at focal adhesion level, because this mi-
cron-size scale is the one cell determining mechanosensing and mechanoresponse,
and on the other hand, to use a macroscopic perspective for featuring how changes
in ECM and tissue mechanics impact whole lung mechanics and thus in ventilation
and effectiveness of gas exchange. As will be discussed later in this chapter, techni-
ques for such a multiscale assessment of lung tissue and ECM mechanics are cur-
rently available.

6.2.4 Techniques to Measure the Mechanics
of Lung Cells and Tissues

6.2.4.1 Cells

The very different nature of cells modulating lung mechanics and the complexity of
lung tissues where they are residing in vivo require the use of a variety of techni-
ques to explore lung cell mechanical properties in healthy conditions and in differ-
ent respiratory diseases. Among the available mechanical techniques for adherent
cells, atomic force microscopy (AFM) and magnetic twisting cytometry (MTC) allow
us to measure cell stiffness/viscoelasticy, whereas traction force microscopy (TFM)
provides an assessment of cell contraction. Typical techniques for measuring stiff-
ness/deformability in nonadherent cells are micropipette aspiration and microchan-
nel circulation. However, it should be mentioned that each of these techniques,
which are widely used in mechanobiology, presents specific advantages and limita-
tions when applied to measure lung cell mechanics.

MTC was an early technique used to investigate the viscoelasticity of lung cells
(Berrios et al., 2001, Fabry et al., 2001, Puig-de-Morales et al., 2004). The method is
based on adhering magnetic microbeads, coated with ligands (such as RGD), to the
cytoskeleton through focal adhesions.

Once attached to the cell surface, beads are magnetized into a horizontal direction
and subsequently subjected to a perpendicular low-amplitude oscillatory magnetic
field that induces an oscillatory twisting torque to the beads. As each bead is attached
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to the cell at one area of its surface, beads cannot freely rotate but only oscillate around
the attachment zone with an amplitude that is determined by the stiffness of the cell.

Since the amplitude of bead oscillations can be optically measured and the mag-
netic torque applied is known, cell stiffness can be derived. Since each MTC measure-
ment is carried out on several cells simultaneously in a same culture plate, and
beads are randomly attached to different points of the cell surface, an advantage of
the technique is that the biological variability of the measurements is reduced as
compared with techniques, such as AFM, in which a given measurement explores
just one specific site in a single cell. Nevertheless, a remarkable potential limitation
of MTC is that attaching beads to the cell remodels the cytoskeleton (Deng et al.,
2004), hence potentially modifying the baseline mechanical status of cells and their
response to pathophysiological challenges. Moreover, as the contact area of the
bead-cell attachment is unknown, the actual magnitude of Young’s modulus of the
cell cannot be obtained. However, regardless of their limitations, MTC has provided
important information on the mechanical properties of lung smooth muscle cells
(Deng et al., 2004, Puig-de-Morales et al., 2004, Stamenovic et al., 2004), lung endo-
thelial cells and neutrophils (Wang et al., 2001, Suresh et al., 2019), alveolar epithe-
lial cells (Berrios et al., 2001, Trepat et al., 2004–2006, Puig et al., 2009, 2013, Lan
et al., 2018), and lung cancer cells (Coughlin and Fredberg, 2013). It should be men-
tioned that MTC shares limitations with AFM (which was mentioned in Chapter 3.1)
regarding the stiffness of the substrate and the 2D nature of measurements.

The theoretical principles and general methodological issues of AFM have been
described in detail in previous chapters. Since this technique is based on contacting
and indenting the cell surface, it is particularly well suited for measuring the mechan-
ics of cells that in vivo form interface monolayers, such as lung epithelial and endo-
thelial cells. Moreover, as the contact area between the tip and the cell surface can be
accurately estimated, AFM provides a measurement of the Young’s modulus of the
cell. Accordingly, application of AFM to conventional in vitro 2D cultures provides a
model that mimics the native cell environment reasonably well when the aim is to
study the alveolar-capillary barrier, the bronchial epithelium, and the vessel endothe-
lium in respiratory diseases. There is, however, a limitation in the technique since
AFM requires that the substrate to which the cell is adhered is much stiffer than cell
stiffness. This is not a problem in conventional AFMmeasurements carried out in plas-
tic or glass culture plates, even when coated with ECM, since in that case, the cell sub-
strate is virtually rigid. Nevertheless, such a substrate has a stiffness that is in orders
of magnitude higher than the stiffness of the natural lung ECM substrate to which
cells are placed in vivo (Melo et al., 2014a). Given that lung alveolar and endothelial
cells, as virtually all cells, are mechanosensitive, the mechanical properties of cells
obtained in conventional AFM measurements (and also in MTC) may differ from actual
in vivo cell stiffness. It should also be considered that AFM (as MTC) has a limitation
to assess the mechanics of lung cells that in vivo are in a 3D microenvironment (e.g.,
smooth muscle cells, fibroblasts, and cancer cells). Indeed, as cells sense whether
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their microenvironment is 2D or 3D and behave accordingly, results from measuring
cell mechanics in 2D culture plates may differ from the actual in vivo mechanical
properties, and their response to experimental interventions may also be different.
The limitations of substrate stiffness and 2D culture are usually addressed by arguing
that their effects are minor in experiments investigating the consequences of a given
biological challenge (e.g., inflammatory cytokines) or drug treatment on cell mechan-
ics, since both pre- and post-intervention data are obtained under the same measuring
conditions. Nevertheless, this reasoning holds true as far as the mechanical response
of the cell to the specific intervention under test is not inhibitory or synergistically me-
diated by substrate stiffness or 2D/3D microenvironment. Regardless of their limita-
tions, AFM is an extremely useful technique to provide insight into the mechanical
properties of the relevant types of lung cells: epithelial cells (Alcaraz et al., 2003, Azelo-
glu et al., 2008, Waters et al., 2012, Wilhelm et al., 2014, Oliveira et al., 2019a, 2019b),
endothelial cells (Whitlock et al., 2008, Birukova et al., 2009, Wiesinger et al., 2013, Job
et al., 2016, Viswanathan et al., 2016, Wang et al., 2017, Merna et al., 2018, Schimmel
et al., 2018), smooth muscle cells (Smith et al., 2005), fibroblasts (Gabasa et al., 2017,
Jaffar et al., 2018), and cancer cells (Rotsch et al., 2001, Bulk et al., 2017, Iida et al.,
2017, Lartey et al., 2017, Sobiepanek et al., 2017, Prina-Mello et al., 2018, Zhang et al.,
2018, Bobrowska et al., 2019). It is noteworthy that a recent technical development
(Jorba et al., 2019) allows AFM to measure the mechanics of cells subjected to stretch,
which is not possible with conventional settings.

Such measurements under stretching conditions are fundamental when investi-
gating lung cells since in vivo they are continuously subjected to cyclic deforma-
tions, owing to breathing, and it has been shown that stretch is a key mediator of
lung cell mechanics (Trepat et al., 2006, Gavara et al., 2008, Lan et al., 2018).

While MTC and AFM measure cell stiffness, TFM is aimed at assessing the force
that cells exert on their substrate. This is obviously an important variable for lung cells
with specific contractile function such as smooth muscle cells, but it is also important
for other lung cells (epithelial, endothelial, fibroblasts, and cancer cells), since all of
them have actomyosin machinery. Indeed, traction forces in such lung cells modulate
important physiological functions, such as mechanosensing, keeping thigh cell-cell
and cell-substrate adhesions in the epithelial and endothelial monolayers, and in mi-
gration and regulating the ECM composition of lung parenchyma. Although it has been
reported that contractile forces are correlated with cell stiffness (Schierbaum et al.,
2019), TFM is of much interest to specifically measure the mechanical effects of the cell
contractile machinery. The technique is based on culturing cells on a soft substrate,
with embedded fluorescent microbeads. The position of each microbead is determined
with a fluorescence microscope at different times: at baseline, after challenging cells
(e.g., cytokine or drug), and finally after removing the cells from the substrate (e.g., by
trypsinization). Such sequential bead imaging allows us to observe how cell tractions
on the substrate have locally deformed it at each measuring time, thereby obtaining
deformation maps at microscopic scale. As the stiffness of the substrate (ideally linear,
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isotropic, and homogeneous) is well known (usually assessed by AFM), application of
a suitable algorithm allows us to transform the bead displacement maps into quantita-
tive traction force maps.

Although early TFM implementation required that measured cells are isolated
(no cell-cell interaction), current TFM developments are suited for confluent cells
also (Serra-Picamal et al., 2015). A remarkable interest of TFM is that cells are cul-
tured, not in plates with nonphysiological stiffness but in soft substrates with a stiff-
ness that can theoretically mimic the actual stiffness of the cell niche in vivo. To this
end, the only technical limitation is that the substrate stiffness should be matched
with the magnitude of cell forces so that substrate deformation remains in the linear
range (i.e., sufficiently small deformations) and can be measured with an acceptable
resolution (i.e., sufficiently high deformations). Interestingly, given that conventional
TFM (such as MTC and AFM) is designed for 2D cultured cells, the technique is particu-
larly adequate for investigating traction forces in lung epithelial and endothelial cells
(Gavara et al., 2006, 2008, Puig et al., 2009, Oliveira et al., 2019b). Moreover, TFM can
be used to investigate the contraction of endothelial cells when subjected to shear
stress, mimicking physiological conditions (Perrault et al., 2015). However, when TFM is
applied in cells whose physiological environment is not 2D – such as smooth muscle
cells (Stamenovic et al., 2004, Lan et al., 2018, Lin et al., 2018) or lung fibroblasts (Ca-
porarello et al., 2019, Reed et al., 2019), or lung cancer cells (Mierke et al., 2011,
Kraning-Rush et al., 2012, Vizoso et al., 2015) – the results obtained must be inter-
preted carefully, taking into account that a change in the dimension of the micro-
environment could modify cell forces. Remarkably, recent efforts are focused on
developing a 3D version of TFM, which will allow us to measure the forces exerted
by cells embedded in realistic ECM matrices (Koch et al., 2012, Colin-York et al.,
2019, Holenstein et al., 2019).

The stiffness/deformability of cells circulating in lung vessels (e.g., leukocytes
and erythrocytes) could be measured by MTC (Wang et al., 2001) and AFM (Roca-
Cusachs et al., 2006, Berthold et al., 2015) using procedures to slightly adhere the
cells on the substrate. However, to better mimic the nonadherent in vivo nature of
these cells, their mechanics may be measured by techniques requiring no cell adhe-
sion (and hence avoiding a certain degree of cytoskeleton remodeling). Ektacytome-
try uses laser diffraction viscometry to measure erythrocyte deformability under
increasing shear stress or under osmotic gradient at a given shear stress (Parrow
et al., 2018). Micropipette aspiration was an early technique to directly assess circu-
lating cells deformability (Skoutelis et al., 2000). This technique consists in ap-
proaching the cell and contacting it with a pipette, with a diameter smaller than
cell dimensions. When the pipette is in contact with the cell surface, application of
a negative pressure induces a curvature of the cell surface that is aspired. Local de-
formability can be quantified from the relationship between the deformation radius
measured optically and the negative pressure applied. The technique also allows us
to characterize whole cell deformability by measuring the negative pressure required
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to achieve full aspiration of the cell into the micropipette. While this technique is
physiologically realistic since it subjects the cell to a challenge similar to the one ex-
perienced when it should circulate through a narrow lung capillary, it is time consum-
ing and requires precise single cell manipulation. A variant of this early technique has
been developed more recently thanks to the advancement in fabricating microchan-
nels (Tanaka et al., 2001, Inoue et al., 2006, Morikawa et al., 2014, Preira et al., 2016).
With this approach, a number of circulating cells are directed to microchannels with
different diameters and lengths, and the time required to cross the microchannel –
which mimic the dimension of lung capillaries – provides an index of cell deformabil-
ity. This setting can be implemented in microchips and data observed by computer-
controlled microscopy, potentially providing automatic high-throughput settings for
different clinical applications. For instance, the deformability of blood circulating cells,
freshly isolated from a patient, could be tested either in a conventional medium, in
healthy plasma, or in the plasma of the patient. Also, the capability of the plasma from
a given patient to modify the deformability of healthy circulating cells can be deter-
mined (Preira et al., 2016).

6.2.4.2 Tissues

Native lung tissues and ECM (decellularized lung scaffold) can be explored from
both microscopic and macroscopic perspectives (Polio et al., 2018). Macroscopic vis-
coelasticity is typically measured by applying tensile stretch to strips or rings of tis-
sue (e.g., lung parenchyma and pulmonary vessels) (Jorba et al., 2019). Microscopic
assessment of lung tissue samples is usually carried out by AFM (Liu and Tschum-
perlin, 2011). Since the main features of this technique are discussed in other chap-
ters, here, we only mention specific issues regarding application of AFM to lung
tissues.

The lung is extremely nonhomogeneous, with components such as cells, airspa-
ces, and ECM that present very different mechanical properties and that are placed
at close distance from each other. Accordingly, the dimensions of the cantilever tip
indenting the sample are particularly relevant. Specifically, pyramidal tips provide
more precise local resolution whereas spherical tips allow for sensing a wider, non-
homogeneous area of the sample at the cost of lower resolution. The pros and cons
of the different AFM tip shapes in lung measurements has been discussed (Sicard
et al., 2017, Jorba et al., 2019) Another issue that particularly affects the measured
stiffness in lung samples, also related to their inhomogeneity, concerns the compari-
son and interpretation of the stiffness values obtained from macroscopic and micro-
scopic measurements. Indeed, while a technique such as AFM measures the local
stiffness of the sample, techniques such as tensile stretch applied to macroscopic
strips provide the bulk stiffness of the whole network, which depends both on the 3D
arrangement of fibers and on the local stiffness of the material that constitutes the
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fibers. An example of the disparity between the stiffness data obtained in lung ECM
is depicted in Figure 6.2.4 where it can be observed that the elastic modulus obtained
by tensile stretch is one magnitude lower than the values obtained by AFM (regard-
less of the tip geometry) (Jorba et al., 2019). This observation applies also when stiff-
ness data obtained from AFM are compared with the elastic properties of the whole
lung in vivo, as measured clinically from the pressure-volume relationship (lung ela-
stance). (Uriarte et al., 2016).

A very relevant issue to optimally characterize lung tissue mechanics by AFM is
pre-stress. Indeed, in vivo whole lung tissues (and thus the ECM) are pre-stressed
since they are subjected to a baseline tension as a result of the equilibrium between
the chest wall and the lung elastic forces at physiological lung volumes. By contrast,
lung samples probed with conventional AFM settings are explored in the absence of
pre-stress, which may considerably affect the measured results because of the strain-
hardening behavior of the lung tissues. In particular, it is important to note that the
Young’s modulus of the lung tissue and the ECM is commonly measured at levels of
stretch different from those experienced during normal breathing. To address this
technical issue, a setting has been recently designed to allow AFM measurements
at different levels of tissue stretch, showing that both macroscopic and micro-
scopic stiffness increase dramatically with tissue stretch (Jorba et al., 2019).

6.2.5 Cell and Tissue Mechanics in Respiratory
Diseases

6.2.5.1 Acute Lung Injury

ALI and the associated acute respiratory distress syndrome (ARDS) are very severe
conditions, deeply compromising patient survival in intensive care units. Accord-
ingly, much effort is devoted to better understand the mechanisms involved and to
find potential therapies. Among the multidisciplinary research carried out, cell me-
chanics is relevant since the disease is characterized by a loss of mechanical integrity
in the alveolar-capillary membrane, resulting in abnormal increased permeability for
water (lung edema), proteins, and inflammatory cells. Loss of membrane integrity is
potentiated by systemic inflammatory mediators, bacterial LPS from the pneumonia/
sepsis (usually associated with ALI/ARDS), and also by the considerable stretch
caused by the high level of mechanical ventilation required for achieving enough gas
exchange in the lungs of these patients. The mechanical effects of stretch on alveolar
cell viscoelasticity was investigated using MTC and TFM (Trepat et al., 2004, 2006,
Gavara et al., 2008). These techniques have also been used to understand how in-
flammatory mediators, which play a relevant role in ALI/ARDS, such as thrombin
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and histamine, modify alveolar epithelial cell mechanics (Trepat et al., 2005, Gavara
et al., 2006, Suresh et al., 2019).

AFM has been employed to assess the effect of hyperoxia – a potential conse-
quence of O2-enriched mechanical ventilation in patients with ALI/ARDS – on alveo-
lar epithelial cells (Wilhelm et al., 2014). Moreover, recent AFM data show that
bacterial LPS considerably modulates the stiffness in these lung cells (Oliveira et al.,
2019a). Interestingly, all these four challenges present in ALI/ARDS (stretch, inflam-
matory mediators, hyperoxia, and LPS) result in stiffening/contraction of the alveolar
epithelial cells, potentially contributing to imbalance the cell-cell and cell-matrix
force equilibrium that maintains cell monolayer integrity along the breathing cycle.

The potential effect on cell mechanics of drugs to alleviate ALI/ARDS has also
been investigated. For instance, dexamethasone, a widely used anti-inflammatory
drug, reduced the stiffening/contraction induced by thrombin in alveolar epithelial
cells (Puig et al., 2009), and a similar effect was observed when, before thrombin
challenge, cells were pretreated with activated protein C (Puig et al., 2013). Moreover,
data from AFM in the pulmonary endothelium report significant mechanical effects
of the barrier-disrupting thrombin and barrier-enhancing sphingosine 1-phosphate
(Whitlock et al., 2008) and of sepsis-associated mediators (thrombin, LPS, TNF-α)
(Wiesinger et al., 2013). The effects of treatment drugs on the mechanics of the lung
epithelium have also been further investigated by AFM. On the one hand, Abl kinase
inhibition by imatinib diminished the elastic modulus at both the cytoplasm and cell
periphery (Wang et al., 2017). On the other hand, how lung endothelial glycocalyx
stiffness is modulated by different concentrations of resuscitation colloids (albumin
and hydroxyethyl starch) has been investigated (Job et al., 2016).

Measuring the mechanics of circulating (i.e., nonadherent) cells in ALI/ARDS is
of interest since stiffening of these cells may compromise correct lung perfusion,
and hence gas exchange, in patients. The early observation that neutrophils in pa-
tients with ARDS were stiffer than in healthy controls (Skoutelis et al., 2000) was
followed by more detailed studies, indicating that in ALI patients a drug-inhibiting
neutrophil elastase (sivelestat) reduced leukocyte stiffness and increased lung oxy-
genation (Inoue et al., 2006). More recently, it has been reported that serum from
patients with ARDS was able to rapidly stiffen the control of neutrophils and mono-
cytes as a result of the cytokines in the patient serum (Preira et al., 2016). Indeed,
using antibodies, blocking IL-1β, IL-8, or TNF-α significantly reduced the stiffening
effect of the patient’s serum, which points to potential therapeutic applications
(Preira et al., 2016). In a similar line, it has been reported that in patients with sep-
sis (which is common in ALI/ARDS), the deformability of leukocytes correlates with
disease severity and, therefore, this cell mechanics index could be a biomarker for
patient follow-up (Morikawa et al., 2014).

Given the important role that cell mechanics plays in ALI/ARDS, most studies
on micromechanics have been focused on cells and little is known on changes in
tissue mechanics in this lung disease. However, a relatively recent paper has used
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AFM to investigate how the ECM is remodeled, and thus how tissue stiffness is
changed, in living lung slices, from an animal model of ALI, induced by LPS (Meng
et al., 2015). This bacterial agent increased perivascular stiffness and boosted ex-
pression of main ECM proteins (e.g., fibronectin and collagen) and cross-linkers
(e.g., lysyl oxidase). The authors also explored the effects of an analogue of lipoxin
in reducing the LPS-induced hardening and found that this drug had softening
local effects and, importantly, restored lung compliance in vivo (Meng et al., 2015).

6.2.5.2 Asthma

Asthma is a very prevalent disease associated with an increase in airway obstruc-
tion due to abnormal reduction in bronchial lumen section. Regardless of the cause
inducing bronchial hyperreactivity and thus triggering asthma attacks (e.g., exer-
cise, allergy, drugs, and pollutants) the main mechanical process that increases air-
way resistance is the abnormal contraction of the smooth muscle cells in the airway
wall. Accordingly, measuring the mechanics of these cells provides insight into the
mechanisms of asthma and on possible treatments. How the rheological properties
of airway smooth muscle cells are associated with cytoskeletal contractile stress
was investigated by combining the stiffness and contraction forces data obtained
by MTC and TFM, respectively (Puig-de-Morales et al., 2004, Stamenovic et al.,
2004). In addition, the complex elastic modulus of airway smooth muscle cells was
measured with AFM, providing information on the fast cell stiffening induced by
the contractile agonist 5-hydroxytryptamine (Smith et al., 2005). This study showed
that dynamic actin polymerization plays a key role in cell stiffness and contraction,
both in resting baseline and during activation in these cells (Smith et al., 2005).
Very recently, TFM data have shown that after subjecting airway smooth muscle
cells to a transient stretch simulating a deep inspiration, the cytoskeleton experi-
enced fluidification, and that this phenomenon was strongly modified by cofilin –
an actin-severing protein (Lan et al., 2018). Accordingly, cofilin plays an important
role in stretch-induced cytoskeletal fluidization and, therefore, may partially ac-
count for bronchodilation after deep inhalation (Lan et al., 2018).

Also, using TFM, it has been recently reported that smooth muscle cell mechan-
ics may be substantially altered by a pollutant agent, such as ZnO nanoparticles (Lin
et al., 2018). Specifically, cell contraction was reduced as the concentration of ZnO
increased. both in baseline and after stimulation with KCl (Lin et al., 2018). Interest-
ingly, these results are consistent with the reduction of stiffness (AFM) and contrac-
tion (TFM) that was recently reported when alveolar epithelial cells were challenged
with nanoparticles of Fe2O3 and of TiO2 (Oliveira et al., 2019b). These data indicate
that nanoparticle exposure may induce alterations in the lung through changes in
cell mechanics associated with cytoskeleton remodeling. It is worth noting that
asthma does not only alter the mechanics of airway-resident cells but also of the
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circulating neutrophils. In particular, assessing neutrophil chemotaxis (which in-
volves activation of the contractile machinery for migration) with a microfluidic-
based handheld device allowed discriminating asthma from allergic rhinitis, within
minutes from a simple drop of a patient’s whole blood (Sackmann et al., 2014).

Tissue mechanics in asthma has also been investigated by means of different
techniques. An early study employed tensile stretch tests to analyze the resistance,
elastance, and hysteresivity of guinea pig subpleural lung strips, subjected to two
well-known challenges in asthma: step stretch and histamine (Romero et al., 2001).
Interestingly, the mechanical changes induced by both challenges were towards tissue
stiffening, but with some differences among them. The frequency dependence analysis
of the data with a constant-phase model allowed the authors to conclude that pneumo-
constriction significantly alters the structure of the connective matrix (Romero et al.,
2001). Much more recently, AFM has been used to explore the micromechanics of bron-
chial tissue obtained from biopsy in asthma patients (Zemła et al., 2018). The main
finding of this methodological study was that freezing–thawing these human samples
preserved tissue mechanical properties, which may facilitate the clinical application of
AFM for routine testing of bronchial biopsies (Zemła et al., 2018).

6.2.5.3 Lung Fibrosis

Clinically interesting data on the micromechanics of cells from patients with lung fibro-
sis have been reported very recently. In an AFM study on lung fibroblasts, from pa-
tients with pulmonary fibrosis and normal controls, which were cultured on profibrotic
conditions (stiff substrate and TGF-β), the authors found that myofibroblasts from lung
fibrosis patients were stiffer and expressed more fibrillar collagen than control fibro-
blasts (Gabasa et al., 2017). As these cells also exhibited enhanced focal adhesion ki-
nase (FAK) activity, the authors inhibited FAK and found decreased fibroblast stiffness
and collagen expression, suggesting that FAK could be a target to recover the physio-
logical mechanobiology in human lung fibrosis (Gabasa et al., 2017). In another AFM
study, the authors also found that fibroblasts from patients with pulmonary fibrosis
were stiffer, when compared with healthy controls (Jaffar et al., 2018). The fibroblasts
from fibrotic patients were not mechanoresponsive when cultured on soft and hard sur-
faces, which was in contrast to healthy fibroblasts (Jaffar et al., 2018). However, as fi-
brotic fibroblasts augmented their cytoskeleton responses to TGF-β1, the authors
suggested that defective cytoskeletal machinery was not a cause for the lack of me-
chanical response in the fibrotic patient cells (Jaffar et al., 2018).

The mechanical properties of tissue and ECM in lung fibrosis were investigated.
Alterations in the ECM and its mechanics were first described in rodent models of
bleomycin-induced pulmonary fibrosis. Using tensile-stretch testing of fibrotic lung
strips with different oscillation frequencies, the increase in both tissue resistance and
elastance was observed, as compared to healthy controls (Ebihara et al., 2000). This
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study also showed a significant correlation between bi-glycan and all mechanical pa-
rameters, suggesting that changes in proteoglycans are important in modifying the
lung tissue mechanics in fibrosis (Ebihara et al., 2000). More recently, a study using
AFM in lung tissue slices of rodent models of fibrosis has reported a 6-fold stiffening
as compared to healthy controls (Liu et al., 2010). Interestingly, culturing fibroblast
on the substrates of controlled stiffness, which were within the physiological range,
considerably activated cells from a quiescent state to increased matrix synthesis and
also reduced the expression of matrix proteolytic genes (Liu et al., 2010). Inhomoge-
neous and considerable stiffening has also been observed when focusing on the ECM
of fibrotic lungs with AFM. Indeed, decellularized lungs from mice, with bleomycin-
induced fibrosis, showed increased ECM stiffness, which was dependent on fibrosis
severity, as classified by histologic criteria, in the different sites of the lung scaffold
(alveolar septa, visceral pleura, and vessels tunicae adventitia and intima) (Melo
et al., 2014b). Consistently, AFM data from decellularized human lungs were stiffer
and less homogeneous in patients with lung fibrosis than in healthy subject lungs
(Booth et al., 2012).

6.2.5.4 COPD

Data currently available on lung cell and tissue micromechanics in COPD are scarce.
A recent report on cell mechanics has clinical interest since it described that erythro-
cyte deformability, measured by ektacytometry, in COPD patients was lower than in
healthy controls, and red blood cells deformability was improved after patients were
treated for COPD exacerbations (Ugurlu et al., 2017). Regarding lung tissue mechan-
ics, an early study applied tensile stretch to lung strips of rats with elastase-induced
emphysema (a phenotype in COPD), while imaging with immunofluorescent-labeled
elastin-collagen deformations (Kononov et al., 2001). As compared to healthy lungs,
strips challenged with elastase showed thickened elastin and collagen fibers. The
new fibers experienced larger deformations than in controls, with reduced threshold
for collagen failure, thereby reducing the mechanical stability of the lung. The au-
thors concluded that tissue forces during breathing may induce failure of the remod-
eled ECM, thus contributing to emphysema progression (Kononov et al., 2001). Very
recently, it has been proposed to test lung tissue mechanics with an approach based
on precision-cut slices from patients with mild to moderate COPD and the controls
undergoing surgery for lung cancer (using tumor-free tissue far from the tumor site)
(Hiorns et al., 2016). Following this approach, lung tissue samples were challenged
with methacholine (a drug inducing airway hyper-responsiveness) and with LPS
(Maarsingh et al., 2019). A mathematical model used to interpret tissue images from
lung slices indicated that COPD weakens matrix mechanics, enhancing stiffness dif-
ferences between airways and lung parenchyma. The authors concluded that in
COPD, there is a relationship between the small airway hyperresponsiveness and
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reduction in retraction forces in the parenchyma and biomechanical changes in the
airway wall (Maarsingh et al., 2019).

6.2.5.5 Pulmonary Arterial Hypertension

Application of micromechanical techniques in PAH has started very recently. AFM
was applied to investigate the stiffness of the vascular tissue in lung vessel samples
from both a PAH rat model (monocrotaline) and from patients (Bertero et al., 2016,
Liu et al., 2016), which showed that pulmonary vascular tissue stiffness was in-
creased as compared to their corresponding controls in both rats and humans.
Moreover, distal vascular matrix stiffening was an early mechanobiological regula-
tor of the disease progression, and it was found that cyclooxygenase-2 (COX-2) is a
determinant in the mechanisms regulating stiffness-dependent vascular cell activa-
tion (Liu et al., 2016). In another study, it was also found that pulmonary arteriolar
tissue was increased in the PAH rat model as compared with controls (Bertero et al.,
2016). Moreover, the authors reported that ECM stiffening resulted in mechanoacti-
vation of the transcriptional coactivators, YAP and TAZ (Bertero et al., 2016). A
more recent study has also employed AFM to investigate the role of Deleted in liver
cancer 1 (DLC-1) – a regulator for cell proliferation, adhesion, and migration in-
volved in PAH – on the stiffness of endothelial cells, showing that silencing of en-
dothelial DLC-1 significantly reduced cellular stiffness (Schimmel et al., 2018).
Interestingly, a study has focused on the mechanics of circulating cells, specifically
erythrocyte deformability, in PAH patients and in healthy controls. Patient erythro-
cytes were significantly stiffer than in controls, and blood rheological parameters
correlated with conventional biomarkers of PAH severity (Yaylali et al., 2019).

6.2.5.6 Lung Cancer

The mechanical properties of tumor cells, ECM, and the tissues in lung cancer ex-
hibit similar basic features as malignancies in other organs (Chapter 6.3) (Rianna
et al., 2018). At a macroscopic scale, the mechanical properties of lung tumors can
be measured by elastography, as described for other cancers (Chapter 6.3). Indeed,
recent data suggest that elastography can be incorporated into endobronchial ultra-
sound-guided transbronchial needle aspiration (EBUS-TBNA) – which is a widely
used clinical tool for diagnosing and staging mediastinal lymph nodes to assess
tumor tissue compressibility, and thus stiffness. Preliminary studies strongly sug-
gest that elastography – combined with EBUS – is feasible to classify mediastinal
lymph nodes (Gu et al., 2017) and to help in predicting lymph node malignancy in
patients with lung cancer (Verhoeven et al., 2019). Moreover, a recent proof-of-
concept study suggests that transthoracic elastography can be a noninvasive tool to
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differentiate benign and malign subpleural masses (Ozgokce et al., 2018). Regarding
other noninvasive techniques for assessing tissue stiffness in lung cancer, it is inter-
esting to note that in rats, dynamic CT imaging of pulmonary nodules correlates
with physical measurements of stiffness. Specifically, the volumetric ratios of pul-
monary nodules, derived from breathing-gated CT images, exhibited a significant
correlation with the Young’s modulus of the same nodules, measured by AFM after
excision (Lartey et al., 2017). Although still at the stage of preliminary development
and testing, it is expected that determining the macroscopic stiffness of lung cancer
tissue by minimally-invasive techniques could be clinically useful in the future.

However, most information currently available on the mechanics of cells and ECM
in lung tumors has been obtained at the research level using mainly AFM. A first im-
portant fact to highlight is the relationship between cell softening and malignant pro-
gression of human lung cancer cells. A study focused on six human non-small cell
lung cancer (NSCLC) cells – the most common in lung cancers (Chen et al., 2014) –
showed that low cell motility was strongly associated with high cell stiffness, and op-
posite results were found in high motility cancer cells (Iida et al., 2017).

Interestingly, this study reported that activation of AXL receptor tyrosine-
kinase induced cell softening and promoted malignant progression in these lung
cancer cells, thus playing a key biophysical role (Iida et al., 2017). A recent work
has investigated the mechanisms involved in the elevation of rigidity and invasive-
ness of TGFβ-stimulated NSCLC cells, and its correlation with upregulation of cyto-
skeletal and motor proteins, suggesting that mediators of elevated cell stiffness and
migratory activity could be promising agents for pharmaceutically reducing lung
cancer progression (Gladilin et al., 2019). It should be noted, however, that stiffness
of lung cancer cell depends on whether its measurement is carried out when cells
are cultured on conventional 2D culture plates or in 3D soft environments. This fact
was recently reported by measuring the stiffness of lung adenocarcinoma cells
(A549) by AFM nanoindentation (Prina-Mello et al., 2018). The authors found that
lung cancer cells were stiffer when cultured on 2D glass substrates, compared to 3D
soft gels. Moreover, in addition to stiffness, other important cell properties, such as
morphology, topography, and biochemical signatures, were strongly influenced by
culturing in 2D or 3D microenvironments. These findings stress the importance of
improving cell culture conditions to more realistically mimic the in vivo lung cancer
cell microenvironment. In this connection, a second important fact in the biomechan-
ics in lung cancer cells is that the stiffness of cell substrate plays an important role in
modulating cellular response in lung tumors (Tilghman et al., 2010). Accordingly,
human adenocarcinoma cells (A549) cultured on collagen-coated PDMS substrates
with increased rigidity exhibited increased cells stiffness and slower migration (Shu-
kla et al., 2016).

Several studies have investigated the mechanisms involved in the effects of sub-
strate stiffness in lung cancer cells. For instance, slower cell migration correlated
with decreased levels of phosphorylated focal adhesion kinase (FAK) and paxillin,
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indicating that substrate stiffness modulates lung cancer cell migration via focal ad-
hesion signaling (Shukla et al., 2016). Moreover, by using polyacrylamide hydrogels
with stiffness of 2 and 25 kPa, it was also shown that a stiff substrate enhanced PD-L1
expression in HCC827 lung adenocarcinoma cells and that this occurred via actin-
dependent mechanisms (Miyazawa et al., 2018). Furthermore, tumor suppressor
RASSF1A has recently been shown to modulate deposition of ECM, tumor stiffness,
and metastatic dissemination in vitro and in vivo, and has been identified as a clinical
biomarker associated with ECMmechanics that increases cancer stemness and risk of me-
tastasis in lung cancer (Pankova et al., 2019). Interestingly, tumor-associated fibroblasts
(TAF) – which are known to play an important role in the progression of NSCLC cells –
are also modulated by substrate stiffness. Indeed, when culturing fibroblasts on sub-
strata with normal- or tumor-like stiffness, it was shown that in control fibroblasts from
nonmalignant tissue matrix, stiffening alone increased fibroblast accumulation (Fig-
ure 6.2.10) in a process driven by β1 integrin, mechanosensing through FAK (Puig
et al., 2015). Moreover, matrix stiffening induced a larger TAF accumulation in squa-
mous cells carcinoma–TAFs (>50%) compared with adenocarcinoma–TAFs (10– 20%).
This study suggested that treatments aimed at restoring normal lung elasticity may be
useful in lung cancer therapy. The important role played by integrins α11β1 in TAFs
was also investigated in two patient-derived NSCLC cells in vitro and in xenograft ani-
mal models, confirming the importance of α11 signaling pathway in TAFs, promoting
tumor growth and metastatic potential of NSCLC cells, and being closely associated
with collagen cross-linking and stiffness (Navab et al., 2016).

6.2.5.6.1 Advanced Therapies for Lung Diseases

Research on potential application of cell therapies for chronic and severe respira-
tory diseases has increased considerably in the last years, with a considerable num-
ber of clinical trials already finished or on going. The use of bone marrow-derived
mesenchymal (stromal) cells (MSCs) for ARDS (Laffey and Matthay, 2017) is the ap-
plication having more background from preclinical studies (Chimenti et al., 2012,
Nonaka et al., 2020) and from pilot clinical trials (Matthay et al., 2019). Regardless
of the application route (tracheal instillation or venous perfusion), MSCs from do-
nors are administered in suspension (i.e., nonadherent) within a liquid vehicle,
thereby running the risk of microvascular sequestration in the lung and hence po-
tentially hindering suitable distribution within the target organ sites. Given that cir-
culation of cells through capillaries that are narrower than cell diameter requires
cell deformation, characterization of the mechanics of MSCs may provide useful in-
formation for optimizing the therapy. Indeed, real-time deformability cytometry has
already been used to characterize different populations of stem cells from the bone
marrow, with potential application for cell type selection (Xavier et al., 2016). Also,
a compressive strain technique has been used for investigating how vimentin
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intermediate filaments modulate MSCs deformability (Sharma et al., 2017). Simi-
larly, high-throughput real-time deformability cytometry, based on a microfluidic
setting, has been used to characterize the mechanical properties of MSCs and their
aggregation (Sarem et al., 2019). The phenotypic variability in MSCs deformability
has been studied with a micropore/microchannel setting and the results suggest
that selecting fractions of MSCs population, according to cell deformability, could
be useful to control cell sequestration in the microvasculature, thereby potentially
optimizing lung cell therapy (Lipowsky et al., 2018).

Tissue engineering preclinical research is progressing toward designing future
advanced therapies for respiratory diseases (Farré et al., 2018), with biomechanics
playing a potential role in optimizing them (Nonaka et al., 2016). For instance, new
tissue engineering materials, such as hydrogels, can be used as vehicles with opti-
mal viscoelastic properties to administer therapeutic drugs into the airway (Wu
et al., 2017, Shamskhou et al., 2019). Interestingly, the first description of a protocol
for obtaining hydrogels made from lung ECM (Pouliot et al., 2016) opened the possi-
bility of using this stiffness-tunable, physio-mimicking material as a substrate for
culturing lung cells in microenvironments that more realistically approach the
in vivo cell niche (Farre et al., 2019). Such a lung ECM hydrogel could be used
under cyclic stretch in future high-throughput microfluidic platforms for more real-
istic drug testing or for physiologically preconditioning MSCs to optimize cell ther-
apy for respiratory diseases (Nonaka et al., 2020).

6.2.6 Conclusion and Future Perspective

The lung is an organ involving continuous cyclic deformations, and air and blood
circulation through the airway tree and lung vascular bed, respectively. The basic
biological components of the lung – cells and ECM – are therefore subjected to me-
chanical stimuli in a bidirectional cross talk. Indeed, cells sense and respond to the
mechanical cues from the ECM and, in turn, cells remodel the ECM. It is therefore
expected that a better knowledge of the mechanisms involved in such microme-
chanical cross talk will improve our understanding of the most relevant respiratory
diseases (ALI/ARDS, asthma, lung fibrosis, COPD, PAH, and lung cancer). Fortu-
nately, development of micro/nano techniques (e.g., MTC, AFM, and TFM) to mea-
sure cell and tissue mechanics has made it possible that in the last 20 years, we
have gained considerable knowledge on the micromechanics of the lung. Applica-
tion of these techniques is useful from different perspectives. First, to better under-
stand the pathophysiology of major respiratory diseases. Second, to investigate
how potential therapies may counteract the cell and tissue mechanics alterations
that are induced by lung diseases. While these two classical research aims are of
much interest, another perspective is already possible nowadays, and with great
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innovation potential, Indeed, it is in principle feasible to integrate the principles of
techniques, such as AFM and TFM (now extremely complex, since they are imple-
mented by means of big all-purpose devices), into small chips (Jang et al., 2019)
with micro-channeling, to produce straightforward point-of-care devices for diagno-
sis and treatment follow-up of respiratory disease at the patient bedside. While
such a solution seems to be technologically feasible, more innovation will be re-
quired to find out what patient samples (cells and tissues) are realistic candidates
for such clinical applications. Circulating cells are the most obvious candidates be-
cause they are easily accessible, and they carry mechanical information for diagno-
sis and disease follow-up. Moreover, developing minimally invasive techniques to
obtain cells/ECM from mini-bronchoalveolar lavages (Hendrickson et al., 2017) or
lung microbiopsies (Herath and Cooper, 2017, Righi et al., 2017) would boost the
clinical application of micromechanics in respiratory diseases.
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6.3 Cancer

6.3.1 Introduction

Despite considerable progress in cancer research leading to the identification of
various key molecules and processes, cancer is still a leading cause of the world-
wide deaths. GLOBOCAN database presenting global cancer statistics shows an in-
creasing incidence of cancer from 18.1 million in 2018 to 29.5 million cases in 2040
(http://gco.iarc.fr). Cancer development and metastasis are highly complex pro-
cesses. Many cancer-related deaths are associated with the metastatic phase; there-
fore, understanding of mechanisms governing them will help fight the disease.
Metastatic cancers develop during years or even decades after primary tumor diag-
nosis by accumulation of a huge number of mutations leading to various pheno-
types of cancer cells. Therefore, metastasis is characterized by a large degree of
heterogeneity present in the structure, properties, and functioning of cells and af-
fected organs. A severe consequence is that mechanisms discovered for one type of
cancer may not necessarily be valid for others. Over one decade of research per-
formed on various aspects of cancer development has delivered evidence that one
of the main features of cancer progression is the alteration of cells, tissues, and
tumor microenvironment deformability.

6.3.2 Metastasis – Cancer Cell Characteristics

Cancer can be considered as a collection of multiple changes characterized by the
aberrant growth of cells that have collected mutations in genes controlling cell pro-
liferation and survival. Metastasis, being the dissemination of cancer cells to dis-
tinct organs, is mostly responsible for most cancer-related deaths. During this
process, after acquiring an invasive cell phenotype, individual cancer cells, or a small
cluster of cells invade the microenvironment surrounding the primary tumor site
(Figure 6.3.1). They change from an anchorage-dependent to an anchorage-independent
phenotype, resulting in altered adhesive properties of cells. Penetrating cells enter
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the vascular system of the lymph and blood. Inside the microvessels, cancer cells
circulate and translocate to distant tissues. Next, cells escape from the microvessels
and invade the microenvironment of distant tissues. Finally, they adapt to this microen-
vironment and start colonizing the tissue by extensive proliferation, leading to the for-
mation of a secondary tumor (Fouad and Aanei, 2017, Hanahan and Weinberg, 2011).

Transformation of cancerous cells to an aggressive and migratory phenotype is a
key step leading to the formation of metastasis. Cancer cells differ from normal cells
at structural and functional levels, forming rather disorganized structures both in cell
culture and at the tissue levels. Structurally, cancer cells possess large and irregularly
shaped cell nuclei, occupying a relatively large volume of the cytoplasm. Within cell
nuclei, multiple nucleoli and coarse chromatin are frequently observed.

Cancer cells are variable in size and shape, which implicates alterations in the or-
ganization of the cytoskeleton. It has already been reported that abnormal behavior of
cancer cells, including uncontrolled growth and accumulation of a migratory pheno-
type, affects the organization of the cell cytoskeleton (Ben-Ze’ev, 1985, Hall, 2009).
The cell cytoskeleton is composed of three main elements: microtubules, intermediate
filaments, and actin filaments. All these components are highly dynamic and partici-
pate in numerous cellular processes. Their dysregulation, observed in various patho-
logical processes, results in severe consequences as they are crucial for controlling
cell behavior (Gaspar et al, 2015a, Hanahan and Weinberg, 2011). Microtubules mainly
serve as transporting tracks for vesicles and organelles within cells, but they are es-
sential for the formation of mitotic spindles during cell division. The structural insta-
bility of microtubules that affects the equilibrium of its assembly and disassembly is
regulated by microtubule-associated proteins. Accumulation of multiple mutations in
mitotic cells alters normal cell mitosis, leading to uncontrolled proliferation of cancer

Figure 6.3.1: Dissemination of cancerous cells. Metastasis starts in the primary tumor site. Cells that
acquire an invasive phenotype detach from the cells detach from the cells forming a primary tumor
site forming a primary tumor site and invade into the surrounding extracellular matrix, reaching
blood or lymph circulations systems. Here, cells display properties of anchorage-independent
survival that enable them to travel through the circulation system up to certain distant location,
where they begin invading the microenvironment of the foreign tissue. To form metastasis, the
cancer cells must be able to adapt to this microenvironment and begin proliferating.
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cells. Intermediate filaments are relatively conserved cytoskeletal structures. They pro-
vide mechanical strength and distribute stresses generated inside the cell and in the
cell microenvironment. Most cancers arise from the epithelium. In such cells, en-
hanced keratin and vimentin expression is a potential biomarker of the disease (Satelli
and Li, 2011, Trivedi et al., 2017). Microfilaments are the thinnest cytoskeletal struc-
tures made from polymerized F-actin. Apart from being responsible for cell shape and
mechanical resistance, these filaments participate in various functional processes
such as cell proliferation, adhesion, and migration. Disorganization of actin filaments
is one of the most visible features of cancer transformation (Li et al., 2008).

6.3.3 Significance of Nanomechanics in Cancer

Dissemination of cancer cells and colonization of distant organs are highly inefficient
processes, but the results are a huge number of deaths. The current hypothesis is
that dissemination is initiated by circulating tumor cells (CTCs) found in the blood of
patients (Osmulski et al., 2014). The number of CTCs is significantly smaller than the
total number of cancer cells present within the primary tumor site. Yet, the question
of how molecular and physicochemical properties of cells contribute to the coloniza-
tion of distant sites by a single cancer cell remains obscure.

Research gathered over the last two decades delivers evidence that cell func-
tioning relies not only on molecular bases but also involves nanomechanics. Cells
must resist physiologically relevant deformations and stresses present both inside
the cell and in the surrounding environment. Tissues are formed by cells and by the
noncellular environment, mainly ECM, in which cells are embedded. ECM does not
serve as a scaffold for cells. It provides an active platform on which the cells grow,
influencing their migration, differentiation, survival, homeostasis, and morphogen-
esis (Paszek et al., 2005). Reorganization of its structure affects normal cell func-
tioning; however, it can also induce severe pathological complications, including
cancer development. On the other side, affecting the ECM may provide a novel tar-
get for anticancer therapies. Cells interact mechanically and molecularly with the
ECM, thereby defining its properties and controlling or modulating the ECM’s archi-
tecture as well. Active cell–ECM interactions result in the formation of matrices
with designed composition, as it occurs during, for example, breast cancer inva-
sion. Breast cancer cells are more deformable making them suitable for invasion
(Li et al., 2008, Plodinec et al., 2012), which simultaneously requires the enhanced
expression of collagen fibers stiffening the cancer microenvironment (Cox and
Erler, 2011). Simultaneously, the same cancer cells can also degrade ECM that en-
ables them to penetrate during their travel towards the bloodstream system.

The interaction of cells with the surrounding matrix is dynamic and reversible –
the cells organize the matrix, and the matrix, in turn, influences cell fate (Janmey
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and McCulloch, 2007, Paszek et al., 2005). During cancer progression, changes in me-
chanical properties are observed both in the extracellular matrix and in cells. The ob-
served stiffening of the extracellular matrix reveals the significant role of fibrosis in
cancer development (Cox and Erler, 2011). Decreased deformability is a result of in-
creased density and cross-linking levels of fibrotic fibers (Levental et al., 2009, Paszek
et al., 2005). Consequently, increasing migration of cells towards higher density gra-
dient is observed, especially for cancer cells (Clark and Vignjevic, 2015). The effects
of degradation and realignment constitute a significant mechanism for ovarian can-
cer cells traveling through the mesothelium (Iwanicki et al., 2011). A growing tumor
needs to occupy the ECM space. Thus, intuitively, growing cancer will induce ten-
sion, affecting the healthy tissue nearby. Cancer-induced tension has severe afteref-
fects, as it has recently been demonstrated for brain cancers (Seano et al., 2019). In
the case of solid and infiltrative tumors, a significant reduction in blood vessel diam-
eter inducing impaired oxygenation of the brain tissue, besides a smaller number of
neurons was observed in the compressed, healthy tissue. On the cellular side, cells
undergo specific changes in their adhesive and mechanical properties. For instance,
altered deformability of cancer cells has been observed for many cancers (Lekka
et al., 2012b).

In some cases, like in ovarian cancers, the increased deformability corresponds
to higher invasiveness of the cells (Ketene et al., 2012b, Xu et al., 2012). Most studies
highlight that the cell cytoskeleton as a primary structure is responsible for the me-
chanical resistance of cells and for sustaining mechanical forces. The cytoskeleton is
a dynamic structure changing its organization and mechanical properties in response
to altered conditions. It is a structure by which cells respond actively to mechanical
forces present in their microenvironment (Janmey et al., 2009). Disseminating cancer
cells sense various mechanical stresses. Initially, during the penetration through the
surrounding extracellular matrix, cells sustain compressive, tensional, and shear
forces, while during their translocation inside the bloodstream, mostly shear forces
are present. Various mechanical conditions induce different responses in the cells, in
the cytoskeleton. Although the mechanical properties of the cytoskeleton arise from a
combination of mechanical properties of its structural components, in most cases,
they are studied separately. The role of the actin filaments in cell mechanics seems to
be highly elaborated. The mechanics and functions of the intermediate filaments and
microtubular networks still remain to be elucidated.

Studies on the role of nanomechanical properties of cells, extracellular matrix,
and tissues are of interest due to the potential applicability of biomechanics as a
diagnostic tool. Certain diseases manifest in an altered resistance to deformation.
The apparent disease is muscular dystrophy, in which the lack of dystrophin leads
to a weakening of muscles (Puttini et al., 2009). On the other hand, the altered de-
formability of cancer cells is a manifestation of oncogenic changes. The latter can
be used as a nanomechanical fingerprint of the disease, discriminating between the
healthy and the cancerous state.
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6.3.4 Elasticity of Cancer Cells and Tissues

Even if cancer is diagnosed for a specific organ or tissue, it is characterized by a
large degree of heterogeneity. High-resolution techniques working on the nanoscale
enable us to identify a group of nonspecific changes that can help the diagnosis.
Emerging studies suggest that the biomechanical and biophysical properties of
cells can be used as a new biomarker of changes induced by various pathologies,
including cancer. Measurements carried out on cells and tissues over the past deca-
des highlight the importance of mechanical properties in cancer progression. In the
following subsections, examples of nanomechanical characterization of several
cancer types are presented.

6.3.4.1 Bladder and Other Urothelial Cancers

Bladder cancer (BCa) is the ninth most common worldwide cancer, with an estimated
prevalence of around 2.7 million cases and an incidence of around 350,000 new
cases/year (http://www.cancer.gov/cancertopics/pdq/treatment/bladder/HealthPro
fessional) occurring in southern Europe (especially, in Italy and Spain). Simulta-
neously, it has the highest incidence and mortality rates of BCa in the world (Antoni
et al., 2017). One of the main problems in BCa treatment is the inability to effica-
ciously prevent high-grade nonmuscle invasive bladder cancer (NMIBC) relapse and
progression, which occur in 80% and 45% of patients, respectively (Carrion and
Seigne, 2002). As the above data suggest, the optimal management of these high-
grade NMIBC is not entirely fulfilled by current standard protocols and poses a signif-
icant clinical challenge. Even though intravesical instillation of Bacille Calmette-
Guerin (BCG) followed by long-term maintenance therapy results in a decreased can-
cer recurrence and spreading, still, the majority of patients experience relapse and
progression, followed by metastatic diffusion to distant organs in the vast majority of
cases.

Moreover, timely intervention to prevent patients’ death is currently hampered by
the lack of sensitive follow-up technologies that can detect BCa progression early. For
all these reasons, proper management of BCa remains an unmet clinical need that
must push the scientific community to major research commitments. As a consequence
of the lack of efficient, established, prognostic, diagnostic, and predictive biomarkers
of high-risk NMIBC (pT1G3 and carcinoma in situ, Cis) BCa patients undergo multiple
treatments and cystoscopic assessments during their entire lifetime, with resulting
poor quality of life and high healthcare costs (Anastasiadis and de Reijke, 2012, Kim,
2016). A second unmet clinical need is the management of patients with muscle-
invasive BCa (MIBC). Patients with MIBC are usually advised to undergo radical cystec-
tomy (RC) to prevent the spreading of the disease (Stein et al., 2001). At present, no
urinary biomarkers or biomarker(s) in urinary cells are available, which might correlate
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with the progression of any form of MIBC, thus driving a personalized therapeutic deci-
sion. Furthermore, there are no prognostic clinical indicators or biomarkers for the
spreading of the disease, and thus, for the stratification of MIBC patients that could
benefit from more specific, systemic treatments (http://uroweb.org/guideline/bladder-
cancer-muscle-invasive-and-metastatic).

The bladder is an organ, which is characterized by a large degree of mechanical
flexibility that may vary from 9.6 kPa (187 mL, 8.6 mmHg) to 106.9 kPa (327 mL,
27.6 mmHg) depending on the filling volume as observed in pig bladder (Nenadic
et al., 2013). This indicates large deformability of individual bladder cells that has be-
come a driving force for the studies of the mechanical properties of these cells. Like-
wise, the measurement of deformability of bladder cancer cell lines by AFM approach
has established an association to cancer progression (Lekka et al., 1999, Ramos et al.,
2014). Deformability of living bladder cancer cells was shown to be significantly larger
as compared to reference, nonmalignant cells. Almost one order magnitude difference
was observed for HCV29 and Hu609 cells (nonmalignant cell cancer of the ureter),
cancerous T24 and Hu456 cells (transitional cell carcinoma), and v-ras transfected
HCV29 cells (Lekka et al., 1999). Surprisingly, there was no correlation between cancer
cell deformability and invasiveness. Also, to a certain extent, larger deformability of
cells is independent of cancer progression, as it has been shown in studies comparing
the deformability of 5637 (urinary bladder carcinoma, grade II), HT1376 (bladder carci-
noma, grade III) and T24 (transitional cell carcinoma, grade III/IV) cells with the elas-
tic properties of nonmalignant HCV29 cells (Ramos et al., 2014). For all cancerous
cells, Young’s moduli were about 2–3 times lower than for nonmalignant cells. These
results underline the usefulness of AFM in the detection of bladder cancer cell me-
chanics, which showed that regardless of the state of cancer progression, softer cells
indicate a malignant phenotype. Importantly, higher deformability of bladder cancer
cells has been shown to correlate with a partial lack of actin filaments and/or their
depolymerization. These results demonstrated that the mechanical response of cells is
dominated rather by the expression of F-actin, and not by its spatial organization.

Furthermore, HT1376 cancer cells reveal a biphasic nature of the mechanical re-
sponse to altered microenvironment (Lekka et al., 2019). Mechanical properties of
surrounding extracellular matrix induce threshold-dependent relations. During the
initial stages of cell adhesion to soft microenvironments, cells primarily change
their morphology and deformability (Figure 6.3.2).

A switch seems to be provided by a cellular deformability threshold that, in the
case of nonmalignant HCV29 cells, triggers the formation of thick actin bundles ac-
companied by matured focal adhesions. For cancerous HT1376 cells, only a weak
reorganization of actin filaments and focal adhesion formation was observed. The
fact that HT1376 cells do not develop actin thick filaments confirms the essential
role of actin content in maintaining the mechanical properties of bladder cancer
cells. Recent studies on the role of the cell’s environment on cytoskeleton remodel-
ing have shifted the center of scientists’ interest to studies of cancer invasiveness as
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a function of how cells sense or interact with elastic gels, mimicking physiological
and mechanical properties of the surrounding extracellular matrix. The mechanical
properties of cells alter in response to different substrate stiffness. Thus, studies on
the effect of an elastic substrate on the mechanical properties of adhering cancer
cells are essential in terms of cancer cell mechanosensitivity. In exemplary experi-
ments carried out for three bladder cancer cell lines (moderately differentiated
RT112 and poorly differentiated invasive T24 and J82), cells were grown on elastic
gels, with stiffness varying from 5 to 28 kPa (Abidine et al., 2018). Microrheological
properties, quantified using a viscoelastic model were identified as the signature of
cancer cells. Moreover, cells have been shown to adapt their properties to local con-
ditions, especially during the contact with endothelium when they begin to reorga-
nize actin filaments to be able to pass through.

Measurements of bladder cancer cell deformability have been applied to clini-
cally collected voided urine cells (Shojaei-Baghini et al., 2013). Measurements were
realized using micropipette aspiration, in which individual cells were soaked in a
glass micropipette using pressure-controlled deformation. Results overlapped with
those obtained in studies carried out on cell lines, that is, benign cells were more
rigid as compared to malignant cells. These results clearly indicated that Young’s
modulus could be used as a biomechanical marker, in clinical practice, to enhance

Figure 6.3.2: (a-b) Fluorescent images presenting an overlay of F-actin (green), vinculin (red), and
cell nuclei (blue) recorded for bladder cancer cells cultured on substrates with various stiffnesses.
(c) Spreading surface area of single cells plotted as a function of substrate stiffness. (d) The
corresponding elasticity changes in cells. In both relations, a threshold-dependent character was
observed (reprinted with permission from Lekka et al., 2019).
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bladder cancer detection. More advanced approaches of biomechanics-based diagno-
sis for samples collected from patients who have bladder cancer have been reported
for the AFM working in a ringing imaging mode combined with machine learning
analysis (Sokolov et al., 2018). Surface parameters were employed to identify cancer
cells. Cells were collected from urine, fixed, and imaged by AFM. Detection of cancer-
ous cells was difficult due to the considerable heterogeneity of the cells. The use of
machine learning applied directly to the sets of surface parameters derived for each
image (e.g., roughness, directionality, and fractal properties) seemed to improve the
detectability of cancer cells. A recent study that integrated bioinformatics analysis
and cell experiments has suggested that the accumulation of collagen I in the bladder
promoted the progression from NMIBC to MIBC. Thus, it can be used as an indepen-
dent prognostic biomarker for BCa (Brooks et al., 2016, Zhu et al., 2019). The stiffness
of the bladder neck has recently been evaluated by ultrasound shear wave elastogra-
phy, showing that ages more than 45 years were associated with a stiffness of the
bladder neck above 22 kPa (Sheyn et al., 2017).

Mechanical properties and accompanying alterations in actin filaments are not
the only change observed during bladder cancer progression. Dynamic structure of
the cell cytoskeleton also determines cell morphology. AFM has been applied to di-
rectly trace changes in bladder cancer cell morphology and elasticity during the
epithelial–mesenchymal transition (EMT) induced by TGF-β1 (Wang et al., 2019).
During this process, cells change their epithelial phenotype into a more migratory
one (mesenchymal one). In those cells, altered cell–cell and cell–ECM interactions
lead to a more extensive capability to migrate similarly as is observed during cancer
progression. In experimental conditions, EMT is typically induced by transforming
growth factor-β1 (TGF-β1). Based on measurements of cell topography and elastic-
ity, T24 cancer cells change from a typical cobblestone-like shape to a more elon-
gated spindle-shape formed after treatment with TGF-β1. In parallel, cells became
more rigid because they were linked with F-actin rearrangements in these cells, es-
pecially, in the perinuclear region. This agrees with previous results (Willis et al.,
2005). Another biophysical biomarker of bladder cancer progression is alteration in
biochemical properties of cells, measured by combined AFM and Raman spectros-
copy (Canetta et al., 2014). Instead of Raman spectroscopy, mass spectrometry can
also be used in such studies (Bobrowska et al., 2019). Combined Raman/AFM tech-
niques differentiate between normal human urothelial cells (SV-HUC-1) and bladder
tumor cells (MGH-U1) with high specificity and sensitivity. Bladder cancer cells
were smaller, thicker, rougher, and more deformable than normal SV-HUC-1 cells.
Raman spectroscopy of cancer cells displayed typical, cancer-related changes, that
is, a higher DNA, increased lipid, and decreased protein contents. Parallel change
of biomechanical and biochemical properties of cells strongly indicates its potential
in being used as nanobiophysical fingerprints of cancer progression.

Bladder cancer cell lines seem to be a good model not only for studies on nuclear
mechanics that significantly evolve during many normal cellular processes but also in
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pathological conditions (Liu et al., 2014b, Worman and Courvalin, 2002). Due to a me-
chanical link between the ECM and nuclear lamina, it seems that the physical proper-
ties of the microenvironment surrounding the cells influence nuclear mechanics.
Nuclear mechanics is mostly governed by lamina and heterochromatin that are the
major mechanical components. Quantitative characterization of mechanical properties
of the cell nucleus may deliver insights into mechanisms underlying cell proliferation,
differentiation, as well as related diseases. Mechanical properties of cell nuclei can be
measured directly or indirectly using various techniques such as micropipette aspira-
tion (Guilak et al., 2000), substrate straining (Lammerding et al., 2005), or atomic
force microscopy (Azeloglu et al., 2008). The latter technique together with the use of
sharp needle tips allows penetration of the cell membrane and direct characterization
of intact cell nuclei (Liu et al., 2014b). Such studies were applied to quantify the me-
chanical properties of the cell nucleus in two bladder cancer cell lines. A significant
reorganization of the cell cytoskeleton as observed in cancer progression was a prereq-
uisite for changes in nuclear cell mechanics. Two chosen cell lines, T24 and RT4, rep-
resent invasive and noninvasive bladder cancer cells, respectively. These cells differ
mechanically: RT4 cells are more rigid than T24 cells, showing, simultaneously, that
more invasive cells are more deformable (Liu et al., 2014a). By applying the needle-
like tip, it has been shown that intact nuclei of noninvasive RT4 cells were more rigid
than those of invasive T24 cells, that is, follow similar relations as in elasticity of
whole cells. This could be correlated with the organization of actin filaments.

In summary, nanomechanical studies of bladder cancer cells show larger deform-
ability of cancerous cells compared to normal cells, however being independent of
cancer progression but simultaneously being dependent on substrate properties. In-
creased deformability of cells was linked to F-actin organization, but some studies
showed that the actin content dominates over the spatial distribution of actin fila-
ments. Increased deformability of cancer cells correlates with increased stiffness of
cell nuclei, again demonstrated to be correlated with actin network density. Although
only in the beginning, noninvasive methods for assessing areas of increased stiffness
in association with collagen I deposition (i.e., fibrotic areas of the bladder) will repre-
sent a step forward in the development of technological platforms for the detection of
bladder area at risk of tumor onset (i.e., relapsing regions in patients that underwent
to previous transurethral bladder resection of neoplastic area) and/or progression. As
a gold standard technique for measuring tissue stiffness, AFM might set up the values
of the stiffness of clinical samples, such as the nonneoplastic and neoplastic bladder
regions, and their fold of difference, to be used as reference values and prognostic
markers for noninvasive methods. With advancing methodology of nanomechanical
measurements, other biophysical properties such as morphology or biochemical com-
position have been shown to be parallel biomarkers of bladder cancer progression.
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6.3.4.2 Primary Brain Cancers

Primary brain tumors are one of the most challenging tasks of modern medicine.
Even if these tumors are rare compared to other cancers, their poor prognosis, when
malignant, is devastating. Primary brain tumors are categorized according to the phy-
logenic origin. Tumors arising from the neuroepithelium encompass a subgroup of
neoplasms collectively referred to as “gliomas.” This group represents approximately
40% of primary brain tumors. These tumors are classified according to their grade
(WHO classification). Tumor grade is essential when discussing treatment as well as
prognosis; grade I tumors, for the most part, are well-circumscribed, noninfiltrative,
and can be cured with complete surgical resection. Tumors of higher-grade infiltrate
diffusely and are not amenable to cure by surgical resection alone. Despite the combi-
nation of surgery, radiotherapy, chemotherapy, and targeted therapy like bevacizu-
mab (anti-vascular endothelial growth factor) antibody) the survival rate of grade IV
(glioblastoma) is under 5% at 5 years (Gilbert et al., 2014, Omuro and DeAngelis,
2013). There is a strong need for new therapeutic approaches to treat these patients.
Following the tremendous progress in understanding of physiopathological processes
involved in the identification of the hallmarks of cancer (Hanahan and Weinberg,
2011), it has been increasingly recognized that the mechanical properties of the
tumor microenvironment is key in cancer biology (Mierke, 2014). The mechanical
properties of tissue change significantly during the progression from healthy to ma-
lignant. Due to its growth, the tumor interacts mechanically with its surroundings. It
is now accepted that mechanical forces acting on cells can regulate signaling path-
ways responsible for cell death, division, differentiation, and migration (Katira et al.,
2013). It is, then, of utmost importance to understand how the mechanical environ-
ment is regulated during tumor progression. At the molecular level, we know that
complex structural changes modify the ECM during tumor initiation and progression,
which would lead to mechanical modified response (Butcher et al., 2009).

6.3.4.2.1 Magnetic Resonance Elastography

Magnetic resonance elastography (MRE) belongs to a noninvasive imaging tech-
nique for quantitative measurement of the mechanical properties of biological tis-
sues (Muthupillai et al., 1995). The technique is based on the MRE pulse sequence,
which employs a magnetic-field gradient that produces changes in spin-emitted
radio frequency phase signals that are proportional to spin displacement. The shift
in the NMR signal phase is expressed by:

’ rð Þ= γ
ðτ

0

G tð Þu r, tð Þdt (6:3:1)
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where γ denotes the gyromagnetic ratio, G the magnetic field gradient, and u the
spin displacement at position, r. Using an external actuator, it is possible to gener-
ate vibrational waves in the brain at a designed frequency, f, and to measure by
MRI the wavelength, λ, of spin displacement, using local frequency estimation algo-
rithm (Knutsson et al., 1994). The shear modulus, μ, is further determined with the
hypothesis that the density of tissue, ρ, is similar to that of water with the following
equation:

μ= ρ ·
ffiffiffiffiffiffiffi
λ · f

p
(6:3:2)

MRE presents the great advantage of being a noninvasive technique and, thus, fol-
lows viscoelastic brain tumor properties (Kruse et al., 2008). MRE was able to demon-
strate that many primary malignancies are softer than the normal brain, contrary to
meningioma tumors that present a stiffer tissue (Simon et al., 2013). This preliminary
work has been confirmed by a prospective study on 18 patients suffering from glioma.
The stiffness (shear modulus) of tumors was compared to unaffected contralateral
white matter. Gliomas were softer than healthy brain parenchyma – 2.2 kPa com-
pared to 3.3 kPa (p < 0.001). Tumor stiffness has an inverse relationship with tumor
grade: High-grade tumors were softer than lower grade tumors. For grades II, III,
and IV, tumor stiffness was 2.7 ± 0.7 kPa, 2.2 ± 0.6 kPa, and 1.7 ± 0.5 kPa, respec-
tively. Grade IV GBMs were significantly softer than grade II gliomas, but no statisti-
cally significant difference between grades II and III or between grades III and IV
was observed. Here, the authors also looked at the impact of IDH1 mutations on stiff-
ness. The IDH1 maker is believed to be associated with better prognosis. Tumors with
an IDH1mutation were significantly stiffer than those with wild type IDH1 – 2.5 kPa
versus 1.6 kPa, respectively (p < 0.007) (Pepin et al., 2018).

6.3.4.2.2 Ultrasonic Elastography

Measurement of local shear wave velocity could be used to quantify the stiffness of
tissue. Ultrasonography can provide modalities authorizing an elastographic analy-
sis of tissue (Chapter 6.6 on chronic liver diseases). Ultrasonic elastography is not
easy for brains as the skull is a clear barrier. Despite this, a perioperative procedure
could be done by a neurosurgeon, and determination of stiffness of brain tissues
could be carried out. A pilot study on 63 patients diagnosed with four different
brain tumor types has been conducted. Patients were suffering from low-grade and
high-grade glioma (glioblastoma), meningioma and brain metastasis. The Young’s
moduli measured by shear wave elastography (SWE) were 23.7 ± 4.9 kPa, 11.4 ±
3.6 kPa for low grade and high grade gliomas, respectively. Meningiomas appeared
stiffer with a Young modulus of 33.1 ± 5.9 kPa, and metastasis was measured at 16.7
± 2.5 kPa. Normal brain tissue was characterized by a mean stiffness of 7.3 ± 2.1 kPa.
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Moreover, low-grade glioma stiffness is different from high-grade glioma stiffness
(p = 0.01), and normal brain stiffness is quite different from low-grade gliomas stiff-
ness (p < 0.01) (Chauvet et al., 2016). These results were confirmatory of findings
with MRE and quantitatively correlated, considering the following approximation
between Young’s modulus and shear modulus E ≈ 3 G*�� ��.

6.3.4.2.3 Atomic Force Microscopy

Several studies have revealed that many cancer cell types display a softer mechanical
signature compared to normal cells (Suresh, 2007). In contrast, cancerous tissues
usually appear stiffer than healthy ones. The extracellular matrix of brains is peculiar
with a particularly low level of fibrous proteins and a high content of glycosamino-
glycan (GAG), hyaluronan, and glycoprotein, and as a consequence, the elasticity of
the brain is one of the smaller ones in our body, lower than 1 kPa. Glioblastomas are
highly invasive, and the fact (through MRE or SWE) that these tumors are softer than
healthy brain tissue is intriguing. An in-depth understanding of the role of mechani-
cal cues in this disease is more than needed. AFM is one of the techniques that could
give us relevant mechanical signatures in glioblastoma tissues. The AFM analysis of
15 samples from patients suffering from glioblastoma and meningioma revealed a
spatial heterogeneity of elasticity in connection with tissue type. The peritumoral
white matter was measured around 1 kPa, necrotic areas were softer with ⁓ 0.3 kPa
and non-necrotic tumor tissues were found ⁓ 10 kPa. This study also confirms the
stiffer mechanical signature of meningioma compared to glioblastoma (Ciasca et al.,
2016). To correlate such mechanical heterogeneity with cellular events, we need to
understand which are the key players of the brain elasticity. Many cell types are in-
volved in the ECM remodeling, but in a cancerous context, innate immune cells like
macrophages are the main noncancerous cellular compartment involved. As normal
tissues of the human brain are impossible to obtain, the importance of immune cells
in brain mechanical homeostasis could only be studied using animal samples. One
tool to study dynamical and mechanical processes in brains is to use brain slices in
culture from newborn rats. With this model, we can illustrate the importance of mac-
rophages (here, resident microglial cells) by selectively depleting these cells. This
could be done by clodronate-loaded liposomes that are selectively phagocytosed by
macrophages. When macrophages are removed from the tissue, the elasticity of the
brain is significantly increased (Figure 6.3.3).

One of the mechanisms that macrophages could use to modify the mechanical
properties of brain tissues is their ability to secrete metalloproteinases. It has been
shown that macrophages associated with glioblastoma use this property to facilitate
glioma invasion (Hambardzumyan et al., 2015). To illustrate this process, ex-vivo
brain slices could be used. Human glioblastoma cancer stem cells, derived from a pa-
tient were transduced to express GFP, and then implanted in a brain slice. Various
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areas comprising distant normal tissue, implantation area, and invading front were
analyzed using AFM working in peak force mode (QNM, quantitative nanomechanical
mapping). We found that invading areas are associated with a softer elasticity com-
pared to other areas (Figure 6.3.4).

Figure 6.3.3: AFM measurement of elasticity of brain tissues when macrophages are depleted in P7
newborn rat after 6 days of ex vivo culture. IT-AFM was used with spherical borosilicate tip of 5 µm
radius. Macrophages (microglia) were stained using anti-IBA1 antibody, and glial cells were
stained with an anti-GFAP antibody. Images were obtained by two-photon microscopy (unpublished
data, A Millet Institute for Advanced Biosciences).

Figure 6.3.4: AFM measurement of elasticity of brain slices with implanted cancer stem cells from a
patient suffering a glioblastoma. Various areas where explored (right panel). Invasion areas were
associated with softer elasticity (Z3 and Z5); these were secondarily analyzed by two-photon
microscopy (glioma cells transduced with GFP and microglia stained with an IBA1 antibody)
showing macrophages paving the way for invasion of cancerous cells (*p < 0.05, **p < 0.01, Welch’s
t-test) (unpublished data, A Millet Institute for Advanced Biosciences).
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The areas where the elasticity is lower were secondarily analyzed using a two-
photon microscope, and we found that macrophages in these areas pave the way for
cancerous cells, illustrating the role of TAM in glioblastoma. These promising results
pave the way for an AFM-based diagnostic strategy on human glioblastoma tissues.
To realize it, the mechanical correlation with histological peculiarities of the brain
should be addressed. The differences between cells of various types of nervous tissue
might significantly contribute to the changes in elasticity of both white matter (WM)
and gray matter (GM). Myelinated nerve fibers mainly occupy WM, numerous oligo-
dendrocytes, and fibrous astrocytes, while GM is densely packed with unmyelinated
fibers, perikaryons of nerve cells, and protoplasmic astrocytes. The content of cells’
nuclei is stiffer than their processes, most likely because of the unequal local distri-
bution of cell organelles (Lu et al., 2006). Myelinated nerve fibers, present in WM, are
tightly bundled, resulting in strong anisotropy of the tissue, particularly when com-
pared with GM (Prange et al., 2000). This property might explain why, in some studies,
WM is found to be stiffer than GM (Prevost et al., 2011). Using AFM, the mechanical
properties of spinal cord samples have already been reported, showing GM region to
be significantly stiffer, regionally heterogeneous, and anisotropic as compared to WM
region (Christ et al., 2010, Koser et al., 2015). In other studies, like the one done by
Ozawa et al. (2001) no differences between WM and GM were found. This area is still
requires intensive research activity.

6.3.4.2.4 Anatomical Peculiarity of Brain

Brain tumors grow in the closed environment of the almost infinitely stiff skull.
Therefore, the growing mass of the tumor will induce tension that compresses nor-
mal tissue surrounding the cancer. The consequences of prolonged compression
have recently been presented in a mouse model of brain cancer (Seano et al., 2019).
In this study, a stiff part of the mouse skull was replaced by a deformable mem-
brane, to which a screw was applied. Thus, a defined compression was applied to
the mouse brain to mimic prolonged compression induced by a growing tumor. In
such a manner, it was possible to distinguish the mechanical effects from biochemi-
cal interactions between the tumor and normal brain tissue in two forms of the
tumor, nodular and infiltrative. It is somewhat obvious that prolonged stress on
normal tissues was higher around nodular tumors than around the infiltrative tu-
mors. Surprisingly, there was no defense mechanism present. Consequently, a re-
duction of peritumoral vascular perfusion linked with impaired oxygenation of the
brain and lower number of neurons in the compressed area have been observed.
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6.3.4.2.5 Nanomechanics of Brain Cancer Summary

Gathered data has shown that mechanical phenotyping of brain cells can be used
to classify patients according to the grade of tumors. Correlating them with precise
mutation opens the doors for the new field of mechanogenomics. Moreover, nano-
mechanics seems to be an effective quantitative biomarker of glioblastoma also at
the tissue level, highlighting the use of elastography approaches realized by MRE or
ultrasonography at the macroscopic level, in clinical practice.

6.3.4.3 Breast Cancers

Breast cancer belongs to the most common cancers occurring in women. Currently,
several screening techniques such as mammography, ultrasound, fine needle aspira-
tion, or biopsy collection exist to enable identifying cancer at an early stage of pro-
gression. Early breast cancers, that is, placed in the breast or only disseminated to
the axillary lymph nodes, are considered curable (usually at the level of above 70%
of patients). By contrast, advanced cancers are far more difficult to cure by the cur-
rently available therapeutic options due to a large heterogeneity level of breast cancer
observed at the molecular level. Thus, it is considered as a treatable disease aiming
at the prolongation of survival by controlling symptoms that maintain or improve the
quality of patients’ life (Waks and Winer, 2019). Large developments in molecular
and genetic techniques have provided us with powerful tools for the diagnosis and
treatment of breast cancer patients. The standard approach includes the use of estro-
gen (ER) and progesterone receptor expression levels to describe biological features
and endocrine responsiveness, histological grade, Ki67, and molecular signatures to
evaluate proliferation and chemotherapy sensitivity, amplification status of the onco-
gene HER2 to stratify patients for HER2-directed treatment, and BRCA1/BRCA2 muta-
tion status, along with other high penetrant genes for hereditary risk assessment.
Treatment strategies differ according to molecular subtype of breast cancer. It in-
cludes surgery and radiation, endocrine therapy for hormone receptor-positive disease,
chemotherapy, immunotherapy (e.g., anti-HER2 therapy for HER2-positive disease),
and poly(ADP-ribose) polymerase inhibitors for BRCA mutation carriers. Future thera-
peutic concepts in breast cancer aim at personalized therapy; however, to achieve it,
new biomarkers are strongly needed.

Breast cancers have been widely studied from a nanomechanical point of view,
both at the cellular and tissue level, bringing results and findings in various aspects.
Breast cancer cell lines have been used in studying nanomechanical properties of
cells during EMT (Cascione et al., 2017), to find a correlation between cytoskeleton
organization and stiffness (Calzado-Martín et al., 2016), to measure viscoelastic prop-
erties of these cells alone or in the presence of neighboring cells (Efremov et al., 2017,
Schierbaum et al., 2017) and to understand the role of nanomechanics during cell
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invasion into collagen matrices (Staunton et al., 2016). Initially, the deformability of
breast cancer cells has been evaluated using an optical stretcher (Lincoln et al.,
2004). Obtained results showed that malignant MCF-7 (human breast adenocarci-
noma cell line) can stretch about 5 times more as compared to nonmalignant MCF-
10A breast epithelial cells. This confirmed the results obtained for bladder cancer
cells (Lekka et al., 1999). Later, AFM has been applied to quantified breast cancer de-
formability (Li et al., 2008). This study is one of the early demonstrations that
Young’s moduli depend on the loading rate, showing the importance of relative
measurements. Force versus indentation curves were recorded at different loading
rates (from 0.03 to 1 Hz). For each dataset, the apparent Young’s modulus was quan-
tified, using Hertzian contact mechanics. It has been shown that malignant cells do
not change their deformability within a whole range of loading rates. Nonmalignant
breast cells were less deformable. The Young’s modulus was 1.4–1.8 times larger, but
in contrast to MCF-7 cells, it increases with loading rate. Together with the nanome-
chanical characterization of breast cells, the organization of actin filaments was in-
vestigated to find the relation between the structure of actin filaments, mechanical
properties of cells, and disease. Actin filaments in malignant MCF-7 cells revealed to
be disorganized in contrast to nonmalignant MCF-10A cells, in which linearly orga-
nized actin filaments were observed in the whole cell volume. The presence of the
latter was associated with an increased rigidity of MCF-10A cells. The more deform-
able malignant cells revealed the impared organization of actin filaments. This im-
plies that malignant cells may possess the ability to migrate more easily through the
surrounding tissue matrix and small capillaries. However, AFM-based measurements
of snap-frozen mammary tissues (ex vivo) showed that the malignant epithelium
in situ is far stiffer than isolated breast tumor cells (Lopez et al., 2011). In further stud-
ies, the stiffness of human breast biopsies appeared to be a unique mechanical finger-
print of cancer-related changes, differentiating between normal, benign, and invasive
cancers (Plodinec et al., 2012). Simultaneously, tumor progression was correlated to
matrix stiffening and softening of the tumor cells that might be connected to the higher
density of collagen in mammary tissues (Provenzano et al., 2008). AFM combined with
confocal microscopy derived results showing that stiffening of breast cancer cells dur-
ing invasion to 3D matrices composed of collagen. By affecting actomyosin contractility
through Rho-associated protein kinase (ROCK) inhibitor, a significant increase in the
deformability of breast adenocarcinoma cells was observed, pointing to actomyosin as
a key player during the initial steps of invasion (Staunton et al., 2016).

In summary, nanomechanical studies of breast cancer cells show a larger de-
formability of cancerous cells, which seems to be independent of cancer progres-
sion but dependent on substrate properties. The increased deformability of cells
was linked with F-actin organization, but some studies showed that the actin con-
tent dominates spatial distribution of actin filaments. The increased deformability
of cancer cells correlates with increased stiffness of cell nuclei, again demonstrated
to be correlated with the actin network.
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6.3.4.4 Ovarian Cancers

Ovarian cancer cells, analogous to other cancer cells, are more deformable as com-
pared to nonmalignant ovarian epithelial cells. However, studies carried out for
these cells demonstrated the capability to distinguish more tumorigenic cells from
less invasive types (Xu et al., 2012). A clear correlation between cell elasticity, mi-
gration, and invasion was observed between IOSE (nonmalignant immortalized
ovarian surface epithelial cells) and two subpopulations of HEY (human ovarian
adenocarcinoma) cells (Figure 6.3.5).

Similar studies were conducted on mouse ovarian surface epithelial MOSE cell lines
from a primary mouse cell model for progressive ovarian cancer from C57BL/6 mice
derived due to the spontaneous transformation in cell culture.

In summary, results showed that ovarian cancer cells are less deformable at benign
stages of the disease progression. Deformability of cells directly increases with the ad-
vancing progression from a benign to a metastatic one. The amount of F-actin (forming
actin filaments in the cytoskeleton of the cell) and its organization are directly associated
with the alterations in cellular nanomechanical properties (Ketene et al., 2012b, 2012a).

Figure 6.3.5: (A) Mechanical, (B) migratory, and (C) invasive properties of ovarian cancer cells.
F(480/520) denotes the fluorescence intensity (excitation 480 nm and emission 520 nm)
proportional to the number of migrating or invading cells (reprinted from Xu et al., 2012).
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6.3.4.5 Pancreatic Cancers

Pancreatic cancer is a lethal disease because most of patients are diagnosed at an
advanced stage. At this point, the only treatment option is chemotherapy, which
together with the inability of surgical removal, results in a noticeably short overall
survival. No effective therapy is currently available for metastatic pancreatic can-
cers; therefore, the development of novel therapeutic options in pancreatic cancer
is urgently needed.

Studies on mechanical properties of pancreatic cancers have been focused on
pancreatic ductal adenocarcinoma (PDAC) due to its highly aggressive forms with
extremely poor prognosis (Kim et al., 2018, Kulkarni et al., 2019, Nguyen et al.,
2016, Walter et al., 2011). Several pancreatic cell lines, already measured using
AFM, can be grouped as cells derived from primary cancers (Panc-1, MIA PaCa-2),
and from metastasis to pleural effusion (Hs766T) and liver (PaTu8988T and
PaTu8988S).

It is widely observed that cells are characterized by a wide distribution of elastic
modulus, revealing, among other aspects, a large mechanical heterogeneity of cellu-
lar structures probed. Some recent study proposes “bottom-up” approach for the bio-
physical characterization of pancreatic cancer cell lines (Kim et al., 2018). Cells
(PaTu8988T and PaTu8988S) were isolated from liver PDAC metastases. PaTu8988T
presents a lower degree of differentiation in the cytoskeleton as well as faster and
more disordered growth behavior. Thus, differences in their cytoskeleton structure,
and consequently, in their elasticity are expected. The “bottom-up” approach relies
on the way the cell cultures were – either apical (i.e., cells cultured on a glass cover-
slip surface) or basolateral (cells cultured on a net-shaped culture substrate). In the
first approach, spherical AFM probe approaches the cells from the top, while, in the
latter, from the bottom side of the cell. Obtained results showed that the basolateral
approach results in a lower level of the experimental errors (a relative error: 12–17%
instead of 32–33%). Simultaneously, AFM-based elasticity measurements demon-
strated that PaTu8988S cells were more than 2 times more rigid as compared to the
PaTu8988T cell line. These results agree with actin cytoskeleton organizations and
could be correlated with predicted, larger invasiveness of the PaTu8988T cells.

The role of cell cycle in influencing the biomechanics of Panc-1 cells along with
the impact of tip geometry was investigated recently (Kulkarni et al., 2019). The
AFM results obtained for Panc-1 cells show that such characteristics as morphology,
membrane roughness, and mechanical properties were significantly influenced by
cell cycle and AFM tip geometries. The first observation is that Panc-1 cells probed
with a sharp tip display larger moduli values as compared to cells measured with a
blunt tip, and it agrees with previously published data for other cells (Guz et al.,
2014). More interesting is that changes in mechanical properties of Panc-1 cells alter
during the cell cycle in a probe-geometry-dependent manner. Cells were found to be
the softest in G0/G1 phase when indented with a pyramidal probe, while they are the
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stiffest when probed with spherical AFM probe. A common feature is that cells ar-
rested in S phase possess elastic moduli values that are between those of G0/G1 and
G2/M phases. Although only 10–15 cells were measured in this experiment, the ob-
tained results are valuable, showing another way of minimizing the often apparent
large experimental variations by synchronizing the cell cycle phases.

In various cancers, mechanical properties of cancerous cells are related to
tumor invasiveness, which has been, for instance, nicely shown for ovarian cancer
(Xu et al., 2012). It is interesting whether such a relation exists for PDAC cells and to
what extent mechanical properties can predict the disease aggressiveness. A study
presented by Nguyen et al. (Nguyen et al., 2016) shows a relation between the inva-
sive potential and mechanical properties of PDAC cell lines derived from human
pancreatic ductal epithelium (HPDE cells), from primary tumors (Panc-1 and MIA
PaCa-2) and a secondary metastatic site (Hs766T). Deformability of these cells was
measured using various complementary methods such as microfiltration, single-
cell microfluidic deformability cytometry, and AFM. Analogous with other cancers,
noncancerous HPDE cells appeared to be the stiffest one, confirming the statement
that cancerous cells are softer than the normal ones. Mechanical properties of
PDAC cells were compared with their invasiveness assessed from a modified scratch
wound invasion assay and a transwell migration assay. Results demonstrated that
the ability of PDAC cells to migrate through pores passively is only weakly corre-
lated with their invasive potential. However, Young’s modulus of these cells reveals
a strong association between cell deformability and invasive potential in PDAC
cells, showing that stiffer PDAC cells are more invasive.. Furthermore, by analyzing
gene expression, vimentin, actin, and lamin A were found to be the most expressed.
Among them, lamin A was identified as a potential protein contributing to the vari-
ability in the mechanical properties of PDAC cells.

Some epithelial pancreatic cancer cells such as Panc-1 express unusual amounts
of keratin filaments. They are a suitable system to study the role of keratin in main-
taining mechanical properties of cells (Deer et al., 2010). In Panc-1 cells, keratin fibers
like the other filamentous structures of the cytoskeletal scaffold constitute one part of
a whole cytoskeleton; therefore, it is interesting to evaluate their impact on mechani-
cal properties of cell cytoskeleton. One way is to compare the mechanical properties
of living cells and intermediate keratin filamentous networks (Walter et al., 2011).
Such studies have demonstrated that the skeletonized but structurally intact keratin
network is characterized by much lower elastic modulus (~10 Pa) as compared to liv-
ing cells (100–500 Pa). Such a low value may indicate negligible contribution of kera-
tin network in mechanics of a whole cytoskeleton. In contrast, significant changes of
mechanical values of living cells are observed because of a rearrangement of the ker-
atin network. Altogether, these findings indicate that the keratin network should be
studied in its intact form inside the cell as cross-linking and interlinking between var-
ious cytoskeletal components defines the dynamic structure of the cytoskeleton fully.
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In summary, nanomechanical studies on pancreatic cancer cells show larger
deformability of more invasive cells that could be linked with rearrangements in
both the actin and the keratin networks. Apart from biomechanical characterization
of these cells, their role as a model or reference cancer cell type to study various
AFM-oriented methodological aspects has been shown.

6.3.4.6 Prostate Cancers

Nanomechanical measurements of prostate cancer cells have been motivated by the
uncertainty of the Gleason scoring system, used to diagnose the aggressiveness of
this cancer type. Until today, the question of whether the mechanical properties of
cells correlate with various stages of cancer progression is not fully answered. In one
of the first papers, dating back to 2008, a comparison of Young’s moduli for a set of
cancerous and nonmalignant cells was presented (Faria et al., 2008). In this study,
the elastic properties of reference primary cells isolated from a tissue collected from a
patient with benign prostate hyperplasia (BPH) were compared with well-established
cancer cell lines (LNCaP and PC-3). Results show larger deformability of PC-3 and
LNCaP cells. Surprisingly, the most deformable cell line was that of low metastatic
potential. LNCaP cells belong to androgen-sensitive human prostate adenocarcinoma
cells derived from the left supraclavicular lymph node metastasis.

Young’s modulus of highly metastatic PC-3 originating from bone metastasis
were comparable to that of PNT2 cells, being immortalized epithelial cells of normal
adult prostate. Such results strongly indicate that the relation between the mechan-
ical properties of cancer cells and their invasiveness or aggressiveness is overly
complex. Further studies on prostate cancers confirmed the lack of such a correla-
tion (Lekka et al., 2012a) but, simultaneously, indicated the need for a standardized
protocol of AFM-based elasticity measurements, enabling a direct comparison be-
tween various laboratories. It is known that cancer cells modify their microenviron-
ments by, for example, accumulating collagen fibers observed in optical microscope
as collagen deposits in some cancer types such as breast cancer (Plodinec et al.,
2012). Studies on individual properties of prostate cancer cells (for the PC-3 and
LNCaP cell lines) cultured on a glass substrate coated with collagen I and fibronectin
(two types of ECM proteins) showed that Young’s modulus of cells can be regulated
by surface properties (Docheva et al., 2010). More invasive PC-3 cells were stiffer on
collagen I coated surface than on fibronectin, while LNCaP cells showed a slight ten-
dency for the opposite relation. They seem to be more rigid when cultured on fibro-
nectin, but Young’s modulus did not exceed that of PC-3 cells. Moreover, PC-3 cells
reveal higher adhesion and spreading capability to collagen I surface, which was ex-
plained by the expression of a certain repertoire of PC-3 specific surface receptors.
Although there is the relation between deformability and invasiveness in prostate can-
cer cells, it has been reported that in one cell line (DU145 being the brain metastasis)
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it is possible to distinguish a population of more invasive cells (Piwowarczyk et al.,
2017). Heterogeneity of cells is characteristic of cancer and seems to be essential for
metastasis. A specific subpopulation of cells is preferentially observed in front of the
region of prostate cancer. For DU145 prostate cancer cells, front cells express con-
nexin-43 but, simultaneously, were also the most deformable ones. This implies that
the expression of connexin-34 and the nanomechanical properties of prostate cancer
cells may govern a change of prostate cells towards more invasive phenotypes. At a
tissue level, in the early nineties, the so-called sonoelasticity imaging has been ap-
plied to differentiate between stiff and hard regions of some exemplary normal tis-
sues, including prostate gland (Parker et al., 1990). Sonoelasticty imaging combines
externally applied vibrations with the Doppler-based detections of abnormal regions.
These early studies show no significant difference in mechanical properties of normal
and benign prostate hyperplasia (BPH).

In conclusions, nanomechanics of prostate cancers measured at the single-cell
level could be used to differentiate between various populations of cancer cells
originating from distinct stages of cancer progression. Its use to quantify changes
on the tissue level requires better-elaborated methodology as most of the prostate
cancer cells are not uniform in their structure. Normal cells overlap with cancerous
ones, which makes it difficult to quantify nanomechanical properties when mea-
sured in tissue.

6.3.4.7 Thyroid Cancers

Measurements of thyroid cancer demonstrated the applicability of AFM in nanome-
chanical assessment of primary cell lines. Cells originating from primary cell lines
carry characteristics of the original tissue. Primary thyroid cells (primary cell line
S748) were obtained from a surgically removed tissue surrounding a papillary carci-
noma (0.7 cm diameter) of a 66-year-old female patient (Prabhune et al., 2012). The
anaplastic carcinoma (primary cell line S277) was obtained from a large tumor sam-
ple of an 86-year-old female patient. Both primary cells were cultured and mea-
sured in a sequence of 3 days. Results show large variability of Young’s modulus
starting from 0.3 kPa. For primary cancer cells, the maximum Young’s modulus is
around 5 kPa, while for normal cells, it is 38 kPa.

The difference between normal and cancerous cells after one day of culture was
smaller as compared to cells measured at days 2 and 3. Results show a significant
increase in cell deformability. The median of the elastic modulus of normal cells was
within the range of 2.2–6.9 kPa, while for cancer cells its value was smaller, that is,
between 1.2 and 1.4 kPa. Cell adhesion to any surface starts with the formation of ad-
hesive sites, followed by continuous spreading. This takes place during the first few
hours of culture and reaches a steady-state phase approximately after 24 h (Hytönen
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and Wehrle-Haller, 2016). A threshold between continuous spreading and steady-state
phase is not sharp. It explains a weak correlation between normal and cancer thyroid
cells observed after 24 h of culture. Notably, the obtained difference in the mechanical
properties of thyroid cells can be correlated with the organization of actin filaments. A
rhodamine-phalloidin fluorescent staining shows distinct organization of the cytoskele-
ton in cells cultured for 3 days. A normal primary thyroid cell exhibits bundles of thick
actin filaments, probably actin stress fibers. Cancer cells show less organized cytoskele-
tal architecture with weakly visible long actin fibers (Figure 6.3.6).

Mechanisms on how cells sense mechanical forces generated by the surround-
ing environment are not fully understood. In particular, there is no clear answer on
how cells modulate their molecular but also biophysical properties in response to
substrate stiffness. Cells cultured on hydrogels surfaces characterized by physiolog-
ically relevant stiffness reveal distinct behavior strongly dependent on the cell type,
with obvious changes in the organization of actin filaments (Georges, 2005). When
cells are cultured on stiff surfaces such glass coverslips or Petri dishes, in most
cases, cancer cells are characterized by large deformability, linked with the remodel-
ing of the actin cytoskeleton. When cells are cultured on compliant hydrogels, remod-
eling of actin cortex allows withstanding stress induced by altered microenvironment.
Thus, intuitively, the overall mechanical properties of cells will be different from those
cultured on a stiff surface. Indeed, thyroid cancer cells turn out to be stiffer than the
normal cells (Rianna and Radmacher, 2017). Moreover, for thyroidal cells cultured on
hydrogels characterized by different stiffness, various mechanical responses can be
measured, that is, elasticity and dynamic viscosity of cells. Normal thyroidal cells
change the mechanical properties depending on the substrate stiffness, whereas thy-
roidal cancer cells do not.

These results emphasize the importance of research towards the understanding
of how cancer cells interact with or adapt to the soft environment to resolve mecha-
nisms of cancer dissemination in the tissue context.

6.3.4.8 Circulating Tumor Cells (CTCs)

In recent years, we have witnessed the translation and application of information
gained in preclinical studies that estimated the physical properties of tumor cells,
with a growing interest in using the physical properties of cancer cells in clinical
studies. Isolation of circulating tumor cells (CTCs) has been attempted with different
design criteria of the devices (Aghaamoo et al., 2015, Harouaka et al., 2013). Most of
the devices for isolating CTCs are based on antigen-independent approaches and tar-
get physical properties of cancer cells, such as cell size and deformability-based sepa-
ration of cancer cells from the blood of patients, with one device currently being
evaluated in clinical studies (Miller et al., 2018). Whereas blood cells have a size
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Figure 6.3.6: Variability of elastic modulus (a) in thyroid cancer in relation to cell thickness (b) and
actin filament organization (c) and (d) (reprinted from Prabhune et al (2012) with modifications).
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<10 µm or area <140 µm2, CTC from several tumors are characterized by wider sized
and area (Harouaka et al., 2013).

High deformability of cancerous cells from solid tumors is indicative of shorter
time to extravasate and intravasate to get efficient spread on secondary sites (Le-
narda et al., 2019). On the contrary, AFM indentation has confirmed that lymphocytes
from chronic lymphocytic leukemia (CLL) patients have higher stiffness (i.e., lower
deformability), as compared to lymphocytes in healthy samples (Zheng et al., 2015).
It is still unclear why cancer cells from solid and liquid tumors have different elastic-
ity. One of the reasons might be the ratio of nuclear to cytoplasmic volume that is
different between neoplastic cells derived from solid and liquid tumors. The nuclei of
CLL lymphocytes occupy almost the entire cell. Thus, it seems that the higher stiff-
ness of the nuclei versus cytoplasm contributes to the overall decreased deformability
of CLL cells. Simultaneously, these findings highlight the relevance of the physical
features of the cells, and how data from preclinical studies can be translated in vivo.
Indeed, the CTCs in the bloodstream represent an invaluable source of material that
can be quickly and serially collected through a simple blood draw; the ability of de-
tecting and separating CTCs is essential for early cancer detection and treatment.
Thus, liquid biopsy has recently been adopted to isolate CTCs from breast, colorectal,
small-cell lung and prostate tumors, and CTCs estimation and characterization have
been associated with different cancer progression and survival rates (Cristofanilli
et al., 2004, Vishnoi et al., 2015). For example, CTCs in bladder cancer patients have
been characterized for their epithelial origin (EpCAM+, or cytokeratin + (Gazzaniga
et al., 2014, 2012, Zhang et al., 2017)); moreover, a recent meta-analysis has shown
the utility of estimating CTCs number in the blood of high-grade BCa patients, show-
ing poorer overall survival for those individuals positive for CTC (hazard ratio of 3.98
and diagnostic OR for European population of 22) (Antoni et al., 2017, Azevedo et al.,
2018, Zhang et al., 2017).

CTCs may represent the clonal component of the primary tumor that left the pri-
mary site, therefore being highly representative of the possible systemic metastatic
spreading of the cancer. Only a few AFM-based studies have focused on their me-
chanical properties. Gathered results showed that CTCs isolated from prostate can-
cers were characterized by increased deformability following the deformability of
cells they were isolated from (Chen et al., 2013, Osmulski et al., 2014).

Studies of the mechanical properties of CTCs can potentially track variations in
the mechanical properties of the isolated CTCs and, simultaneously, serve as a bio-
marker with disease pathogenesis, progression, and metastatic potential.
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6.3.5 Relativeness of Young’s Modulus

The Young’s modulus determined from AFM measurements is a relative value and
can be used only for comparative studies in all cases when experimental conditions
are conserved. Its values are calculated on the basis of the Hertz–Sneddon contact
mechanics that assumes a flat surface with infinitive thickness, indented by an axi-
symmetric punch (Sneddon, 1965). Living cells are not isotropic and, additionally,
they reveal a viscoelastic nature. Thus, Young’s moduli determined from AFM-
based elasticity measurements should be treated as a relative value. Larger deform-
ability of cancer cells has been shown for most cancers for measurements carried
out on individual, isolated cells. However, the direct comparison of the results ob-
tained in various laboratories so far is not easy.

There are multiple sources of uncertainties in AFM measurements, arising from
instrumental, analytical, and biological aspects. Instrumental-related variability in
elastic properties of soft samples like cells can originate from various reasons encom-
passing variability in the determination of deflection sensitivity, spring constant, or
tip geometry. Minimization of instrumental variability has already been tackled, de-
livering the standardized nanomechanical AFM procedure (SNAP, Schillers et al.,
2017). Using this protocol, variability in AFM-based elasticity measurements can be
significantly reduced in samples with stiffnesses comparable to living cells.

Analytical sources of modulus variability encompass two aspects, that is, data
acquisition and analysis. The way in which data are recorded is essential for the
final Young’s modulus used to compare data. Experimental settings such as
time (Figure 6.3.7a) and place of poking (Figure 6.3.7b), AFM probe geometry
(Figure 6.3.7c), and speed of poking (load speed, Figure 6.3.7d) have a signifi-
cant effect on the determined elastic properties of cells. Other experimentally oriented
factors that affect the determination of elastic modulus are maximum loading force or
sample position (e.g., cell central body or periphery). Despite numerous papers show-
ing differences between normal and cancerous cells, only a few of them have reported
on the effect of probe shape on the determined Young’s modulus indicating its large
degree of relativeness (Chiou et al., 2013, Guz et al., 2014, Kim et al., 2013). Reported
results clearly indicate that cells probed with cantilevers possessing pyramidal tips
mounted at the free end reveal larger elastic moduli values (they seem to be more
rigid) as compared to measurements carried out on the same cell type with spherical
probes. From such research, one can impose that sharp probes can be used for AFM-
based nanoindentation measurements under the conditions of keeping constant, both
geometry of the probe and experimental conditions. However, it is not clear how in-
denting probe geometry is linked with the detection level of cancer cells. This is impor-
tant for improving a diagnostic significance of AFM-based elasticity measurements,
especially when absolute value of Young’s modulus is difficult to be obtained.

Data analysis may also be an additional source of uncertainty. It is linked with
theoretical models applied to describe nanoindentation data, especially to the choice

6.3 Cancer 215



Fi
gu

re
6
.3
.7
:E

xp
er
im

en
ta
la

nd
an

al
yt
ic
al

so
ur
ce
s
of

el
as

ti
c
pr
op

er
ti
es

va
ri
ab

ili
ty
:(
a)

ti
m
e
of

po
ki
ng

,(
b)

pl
ac
e
of

po
ki
ng

,(
c)

A
FM

pr
ob

e
ge

om
et
ry
,(
d)

lo
ad

sp
ee

d,
(e
)c

ho
ic
e
of

an
ap

pr
ox

im
at
io
n
of

th
e
A
FM

pr
ob

e,
an

d
(f
)i
nd

en
ta
ti
on

de
pt
hs

(r
ep

ri
nt
ed

fr
om

Le
kk

a
(2
0
16

)w
it
h

m
od

if
ic
at
io
ns

).

216 Małgorzata Lekka et al.



of an approximation of the probing AFM tip, which is typically a pyramid (symmetric
or nonsymmetric). Usually, two geometries are considered, that is, a cone or parabo-
loid. The approximations of the AFM tip shape define the relation between a load
force and indentation depth. The cone predicts that indentation changes as ~ x2,
while, for the paraboloid, it is ~ x3/2. Fitting the corresponding equation to the data
may introduce some additional uncertainty (Figure 6.3.7e). Other important factors
present during the data analysis are the localization of the point of contact between
the indenting AFM tip and the cell’s surface, range of indentation depth, or load
force. The depth of indentation, due to the large structural heterogeneity of the cell
interior, should also be evaluated. The results of the depth-dependent analysis show
larger moduli values for small indentation depths and its decrease for large indenta-
tions (Figure 6.3.7f). The explanation can be linked to three main reasons. It, desir-
ably, demonstrates heterogeneity of the cell interior but, simultaneously, it may
reflect wrongly chosen approximation of the AFM tip shape or the presence of pre-
stress in the sample.

Biologically related sources of uncertainty can be linked with cell culture condi-
tions, obviously from a composition of culture medium (Nikkhah et al., 2011, Zemła
et al., 2018) or modifications of surface properties by, for example, coating with poly-
L-lysine (an agent increasing the number of positively charged amino groups, caus-
ing better adhesion of the cell to the glass substrate). Substrate properties influence
the organization of the cell cytoskeleton and, simultaneously, cell shape (cell height,
volume, and diameter). Thereby, this will affect cell mechanical properties (Docheva
et al., 2010, Lekka et al., 2019, Rianna and Radmacher, 2017). For example, thyroid
cancer cells appeared to be higher (thicker) than normal cells. Thus, one could expect
that increased deformability of cancerous cells results from enhanced thickness of
the cells, not from the cancer-related alterations. To verify it, Young’s modulus was
plotted against cell thickness. The relation shows a clear separation between normal
and cancer cells, regardless of the cell thickness (Prabhune et al., 2012). These data
demonstrate that, together with biological questions, nanomechanical measurements
of thyroid cancer cells must be addressed to achieve better understanding of method-
ological cues influencing the determination of Young’s modulus.

In summary, the relativeness of Young’s modulus value seems to not affect the
cancer detection capability through single-cell mechanics, as it has already been
shown in many papers. It rather strongly affects the comparison of the results be-
tween various laboratories. The latter is particularly essential for diagnostic purposes
where inter-laboratory cross-checking might affect the way of patient treatment.
More importantly, as biomechanics may serve as a tool for understanding cell/tissue
response to specific chemotherapists, understanding factors influencing the deter-
mined Young’s modulus is of great importance in tailoring a personalized medical
anticancer therapy.

6.3 Cancer 217



6.3.6 Monitoring Anticancer Drugs Effect

AFM-based nanomechanical measurements, accumulated till now, clearly demon-
strate that mechanical properties of pathologically altered cells and tissues are sig-
nificantly different from their healthy counterparts. Although it is not common
practice yet, it seems to be obvious that the nanomechanical analysis can be suc-
cessfully implemented in the studies of changes induced by the action of antitumor
drugs carried out for living cells (Pillet et al., 2014). In one of the early studies on
the effect of actin-disrupting agents and microtubule-interfering compounds, it has
been shown that disassembling actin filaments in fibroblasts resulted in a signifi-
cant decrease of the Young modulus. At the same time, disaggregation of microtu-
bules did not affect the elastic properties (Rotsch and Radmacher, 2000). The latter
indicated the crucial role of the actin network in the mechanical properties of living
cells. In addition, different mechanisms of disassembling actin filaments were ob-
served: In physiological conditions, when kept constant during the experiments,
cytochalasin B and D and latrunculin A treatment leads to a general softening of
the cell in regions devoid of stress fibers, while, in contrast, jasplakinolide appears
not to disrupt stress fibers. Such analysis can also be carried out in search of bio-
physical mechanism governing the effectiveness of anticancer drugs. The limitations
are linked with the capability of the AFM to measure changes in mechanical proper-
ties that are mainly linked with the organization of cell cytoskeleton, in particular
with actin filaments or microtubules. This directed an interest in anti-cytoskeletal
agents. They can be classified according to the targeting cytoskeletal elements either
as actin filaments or as microtubules. From two of these cytoskeletal networks, the
microtubular system has already been an object of clinical studies and trials.

Microtubule-targeting anticancer drugs encompass three families of chemical
compounds: vinca alkaloids, colchicine, and taxanes. All of them bind to tubulin
dimers, leading to the diverse mechanisms of action but, regardless of the action
mechanism, the final processes induced by microtubule-targeting anticancer drugs
are impaired mitosis (a process of cell division) and initiated apoptosis (programmed
cell death), both inhibiting cancer cell growth (Jordan and Wilson, 2004). Depend-
ing on the binding site on tubulin dimer, agents interacting with microtubules are
divided into three classes. Two of them, vinca alkaloids and colchicine, upon bind-
ing to tubulin dimer, destabilize microtubule network. Taxanes, the third class of
tubulin-binding agents, stabilize microtubules (Barbier et al., 2014). Determination
of mechanical properties of cells treated by microtubule-targeted antitumor drug
has been mostly studied for taxol-based compounds. AFM-based studies on the
mechanism of taxanes interaction with microtubules showed taxol-based altera-
tions in single protofilament conformation. Microtubules polymerize by changing a
curvature of protofilaments, while taxol prevents microtubule stabilization by pro-
tecting protofilaments from curving (Elie-Caille et al., 2007). Paclitaxel is one of the
antitumor drugs currently used in clinical practice. It is known that it binds to the
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tubulin in tumor cells and promotes the formation of stable microtubules mani-
fested in cell rigidity increases. In this way, it inhibits cell replication through dis-
ruption of a mitotic spindle formation and an initiation of apoptosis. In Ishikawa
and HeLa cells, apoptosis is observed after 24 h of paclitaxel treatment (Kim et al.,
2012). However, alterations in cell stiffness were dependent on the cell type. De-
formability of Ishikawa cells increased in paclitaxel treated cells as compared to
control, untreated cells. In contrast, HeLa cells became more rigid after treatment
with paclitaxel for 6 and 12 h, followed by a decrease for cells treated longer than
24 h. These findings showed a correlation of cell stiffness with the paclitaxel-
mediated activation of apoptosis (Kim et al., 2012).

Nanomechanical analysis of cells’ elastic properties can be applied in the detec-
tion of undesired side effects, as has been shown in chemotherapy-induced periph-
eral neuropathy (Au et al., 2014). Neuropathy is a major problem as it forces cancer
patients to stop their therapies, since even 50% of cancer patients who undergo che-
motherapy may have sensory symptoms (Windebank, 2008). Treatment of DRG (dor-
sal root ganglion) neurons with vincristine and paclitaxel shows that reduced cell
elasticity in DRG neurons accompanies the development of chemotherapy-induced
peripheral neuropathy. Vincristine reduced DRG neurite formation in a dose-
dependent manner, but deformability of cells, quantified by Young’s modulus,
increased upon vincristine treatment (11 kPa versus 7 kPa for untreated and vin-
cristine-treated DRG neurons, respectively). Analogously, DRG neurons treated
with paclitaxel exhibited a significant increase in the average value of Young’s
modulus from 10 to 18 kPa. The two common anticancer drugs applied, for which
the mechanism of action on microtubules is opposite, showed evidence that
there is a link between cell nanomechanics and microtubule organization. Re-
sults obtained show that DRG neurons can be a model system for future develop-
ment of cell-based AFM methodology for testing of upcoming antitumor agents
against neuropathy induction.

Current clinical approaches to treat cancers rely on the use of two or three well-
established anticancer drugs and profit from their synergistic effect. Mostly, taxanes
and vinca alkaloids are combined; however, recently, the interest focused on colchi-
cine, which is also a tubulin targeted drug. Colchicine has found its main medical ap-
plication in gout treatment (Dalbeth et al., 2014). Some researchers tried to use it also
for cancer treatment, despite its capability to cause severe side effects. The example of
such studies was conducted for lymphoma U937 cancer cells (Hung and Tsai, 2015).
Cells were treated with colchicine (microtubule-destabilizing agents) and taxol (micro-
tubule-stabilizing agents). Young’s modulus indicated indentation depth-dependent
relation. For small indentations (less than 200 nm) the colchicine-treated cells exhib-
ited the largest deformability, whereas the taxol-treated cells were the most rigid one.
This was possibly because taxol induces microtubule assembly and increases cell
strength, whereas colchicine induced microtubule disassembly and decreased cell
strength. For larger indentations, colchicine-treated cells were the most rigid cells as
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compared to control and taxol-treated cells. This phenomenon was explained by the
reduction of cell strength caused by microtubule disassembly. In another study, pacli-
taxel and vinorelbine have been applied alone and in combination with human lung
adenocarcinoma cell line (Jung et al., 2004). Vinorelbine and paclitaxel bind differ-
ently to tubulin dimer, inducing different effects on microtubules. Paclitaxel stabilizes
polymerized tubulin into nonfunctional microtubular bundles, and, in this way, it
blocks the progression of mitosis. Vinorelbine blocks polymerization of microtubules
impairing mitosis. Both finally trigger the apoptosis in the treated cells. A combination
of these drugs acts synergistically and enhances apoptosis as a primary mechanism of
cell killing. A very nice demonstrations of the use of nanomechanics as a novel deter-
minant for screening and developing new anticancer agents have been presented for
human prostate cancer cell (PC-3 cell line) treated with eight different anticancer
drugs (Ren et al., 2015). These were disulfiram (DSF), paclitaxel (Taxol), tomatine,
BAY 11-7082 (BAY), vaproic acid (VPA), 12-O-tetradecanoylphorbol-13-acetate (TPA),
celecoxib, and MK-2206 (MK). To study the effect of each anticancer drug on deform-
ability of PC-3 cells, nanomechanical results were compared to control untreated cells.
All the drug-treated cells had a much higher Young’s modulus and followed a rela-
tion: the larger the drug dose, the more rigid the cells. Together with elastic modulus
quantification, two different mechanisms involved in the action of anticancer drugs
were revealed. For the three drugs, DSF, MK, and taxol, the cell cytoskeleton network
reconstruction may lead to stiffening or softening of the proteins’ structures (e.g., fila-
ment shortening and thickening), but it may not cause changes of polymerization of
actin filaments inside the cells. Although MK, taxol and DSF may reveal different
mechanisms of the interactions, the similar trend of changes in Young’s modulus may
explain the similarity of these drugs’ effects on cellular nanomechanical behavior. The
other five drugs had a different effect on the cells. They changed both the elastic and
viscous behavior of the PC-3 cell line. The cell cytoskeleton stiffened in response to dif-
ferent dynamics of actin filament polymerization, resulting in their reorganization. The
commonly used MTT assay failed to show any difference in cell viability upon PC-3 cell
treatment with these drugs. These findings suggest that AFM may reveal new aspects
of the biological effects of anticancer drugs on cells. Microtubule-targeted anticancer
drugs are not the only ones affecting the nanomechanical properties of cells. In one of
the first papers, the effect of chitosan on the stiffness and glycolytic activity of bladder
cancer cells was studied. Chitosan is a linear polysaccharide, derived from chitin with
a potential antitumor activity linked with the inhibition of glycolytic activity of cells.
Bladder cancer cells were treated with microcrystalline chitosan, with three different
deacetylation degrees. While for nonmalignant HCV29 cells, the difference in the stiff-
ness was insignificant, the results obtained for cancerous T24 cells were quite different.
Stiffness of the cells increased significantly after chitosan treatment. Cell deformability
changes were accompanied by an inhibition of glycolytic activity of these cells, upon
chitosan treatment. Positively charged chitosan binds to the negatively charged cell
membrane and induces a change in the group of glycolytic enzymes that required
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cytoskeleton participation. By changing stiffness, chitosan deactivated these classes
of enzymes leading to the inhibition of glycolysis (Lekka et al., 2001). Other studies
focused on human neutrophil peptide-1 (HNP-1), an endogenous antimicrobial pep-
tide, which exerts a cytotoxic effect on cancerous cells (McKeown et al., 2006). After
treatment with HNP-1, prostate cancer cells revealed damage to the cellular mem-
brane accompanied by changes in the cell shape and the fragmentation of the nu-
cleus (Gaspar et al, 2015b). Elasticity measurements showed that HNP-1-treated cells
have a larger deformability related to internal damage in the cytoskeleton. Analo-
gously, as for microtubule-targeting anticancer drugs, apoptosis was observed. In the
studies on how cellular deformability changes in drug-sensitive and drug-resistance
cells upon treatment with the similar anticancer drug, ovarian cancer cells (A2780
cisplatin-sensitive and A2780cis cisplatin-resistant) were treated with cisplatin (Seo
et al., 2015). A2780cis cells showed about 3 times higher migratory behavior as com-
pared to A2780 cells. Subsequently, AFM results show larger deformability of cis-
platin-sensitive cells (80 ± 49 Pa) as compared to cisplatin-resistant cells (273 ±
236 Pa). Interestingly, the drug-sensitive A2780 cells showed a normal Gaussian distri-
bution of the elastic modulus with one major peak. For cisplatin-resistant A2780cis
cells, a bimodal distribution with two main peaks was obtained. More rigid cells may
have obstacles in deforming themselves, but more deformable cells generate too small
traction force to be able to penetrate through the matrix. Thus, A2780cis cells should
be able to generate proper traction forces for invasion, possibly resulting in a better
chance to escape from the drug treatment.

6.3.7 Future of AFM: From Single Cells to Tissue

Although only at the beginning, noninvasive methods for assessing areas of in-
creased stiffness in association with collagen I deposition (i.e., fibrotic areas of the
bladder) will represent a step forward in the development of technological plat-
forms for the detection of bladder area at risk of tumor onset (i.e., relapsing regions
in patients that underwent to previous transurethral bladder resection of neoplastic
area) and/or progression. As a gold standard technique for measuring tissue stiff-
ness, AFM might set up the values of the stiffness of clinical samples, such as the
nonneoplastic and neoplastic bladder regions, and their fold of difference, to be
used as reference values and prognostic markers for noninvasive methods.

In summary, gathered data on nanomechanical properties of cells treated with
various anticancer drugs has demonstrated the functionality of AFM in investiga-
tion of cellular changes induced by them. Nanomechanical assays can be applied
for screening the effectiveness of anticancer drugs, to quantify the magnitude of re-
sistance of cells to a specific drug, or to elaborate the degree of side effects such as
neuropathy. Such measurements provide an excellent tool to better understanding
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of how mechanical properties contribute, change, and affect cellular response to
anticancer drugs. Nanomechanical assays of anticancer drug effectiveness may be
beneficial for antitumor drug design that would improve cancer treatment.
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6.4 Blood Cells

6.4.1 Introduction

Blood is one of the most important fluids of our body. It consists of a buffered liquid
(plasma), rich in salts, organic compounds, proteins, and three different cellular
types: platelets, responsible for the coagulation; white cells (WBCs), that are the
main actors of the immunity response; and the red cells (RBCs). RBCs, in particular,
constitute approximately 90% of the cellular volume of the blood and represent the
evolutionary-selected response to the problem of the low solubility of gases, such as
oxygen and carbon dioxide, in the body fluids. This, in turn, allows cell respiration in
complex organisms. Indeed, to tackle the issue of oxygen transfer in complex sys-
tems, two main approaches have developed in the multicellular species. The first is
the development of large circulating proteins that are capable of capturing a huge
amount of oxygen and are free-to-circulate in the body fluid; this is the case of the
giant erythrocruorins diffused in many oligochaetes and crustacean (Weber and Vi-
nogradov, 2001, Girasole et al., 2005). The second road, adopted by the vast majority
of the higher organisms, consists of the development of a dedicated microenviron-
ment that is easy to regulate and, possibly, defend: the erythrocytes.

The red blood cells contain significant concentrations (millimolar range) of he-
moglobin (Hb), a very much investigated tetrameric protein (Antonini and Brunori,
1970) that contains heme-iron and is capable of cooperative and reversible binding
of molecular oxygen and carbon dioxide, enabling their transport from the lungs to
the peripheral tissues, and vice versa. In addition to this main physiological func-
tion, a variety of secondary roles, mostly regulative, has been suggested for Hb
(Giardina et al., 1995). The presence of the cellular microenvironment is certainly
very important in the protection of the structural and functional integrity of Hb as
well as in the control of the protein’s activity, especially with regard to the oxida-
tion state of iron and the role of allosteric effectors. Besides this protective role,
however, the main cell function of O2/CO2 shuttle induces several important conse-
quences on the structural and cellular biology of the erythrocytes that makes these
cells somehow unique in the body. In the next paragraph we will briefly recall a
few important characteristics of the red cells that will clarify the correlation be-
tween their morphology, structure, and function, and will properly highlight the
importance of studying their mechanical properties.
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6.4.2 RBC Structure and Cellular Biology

A mature RBC has a characteristic biconcave disk shape, which is found only in this
type of cells. Its typical diameter ranges between 7 and 8 µm, while its height varies
from a maximum of about 1 micron at the cell edge to a minimum of a few hundred
nanometers at the central concavity. The mature cell physiology is very simple, as it
does not contain nucleus, mitochondria, or the entire apparata for protein production
or enzymatic synthesis. It is interesting to note that, typically, the newborn erythro-
cytes are released into circulation as immature cells, called reticulocytes. In this tran-
sient status, the red cells still have a residual of nucleic acids and synthetic apparatus
(Ney, 2011) that are lost in the very first days of maturation, but that can be very useful
to quantify and understand the rate of new cell production in the body.

The lack of genetic and synthesis apparata has important consequences: for in-
stance, the cell cannot self-replicate. The blood turnover mechanism relies on the
synthesis of new cells in the bone marrow, produced by pluripotent progenitors,
common to the white and red cell lines, and on the balanced removal of the senes-
cent cell, carried out mostly by the spleen macrophages. The balance of new cells
synthesis and old cells removal is clearly coupled and controlled, but can be the
source of severe health problems in case of mis-regulation. This indicates why the
investigation of the pattern and regulation of erythrocyte aging are important for a
variety of topics. In addition, the lack of genetic and synthetic apparata has other
consequences: the cell cannot regulate its own life cycle and cannot respond to en-
vironmental stimuli by adapting its protein content to the changed environmental
conditions. Therefore, as a whole, the RBCs are biochemical machines that must be
extremely robust and that they contain, since their release into circulation, all that
they need to perform their task for their whole life.

Further unique characteristics of the RBCs are somehow linked to the significant
oxygen flux from the cell body, as a consequence of their physiologic function. In
this condition, the cells experience a strongly oxidative environment associated to a
high level of ROS production, especially superoxide and peroxides. A consequence is
that the role of the reducing power and of the other antioxidant systems is fundamen-
tal for the cell survival. Furthermore, due to the specific role of the oxygen in these
cells and to the lack of mitochondria in mature cells, the production of ATP cannot
be performed by means of conventional oxidative respiration. In erythrocytes, this re-
source is produced by following a simplified, yet robust metabolism, which is well
controlled at the biochemical level. The entire amount of ATP derives from glycolysis,
an ancient pathway developed when the Earth’s atmosphere was still poor in oxygen.
A side pathway of glycolysis, known as the shunt of Rapoport-Luebering, is responsi-
ble for the production of bis-phosphoglycerate, that is, the major allosteric effector
that controls the Hb affinity for oxygen. Finally, the erythrocyte-reducing power
(NADPH) arises from the pentose phosphate pathways (PPP). The NADPH is precious
as it is employed in direct redox reactions as well as to maintain, in a reduced state,
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the glutathione, which is the primary reducing agent of the cell (and blood). To com-
plete the picture, we cite that glycolysis and PPP are correlated, since, depending
on the cell requirements, the metabolic flux can be directed towards the first or
the second pathway. A role in this mechanism is played by the feedback regulation,
which is triggered by the final product as well as by the control of the glucose-6-
phosphate-dehydrogenase enzyme, which drives the PPP. In this particular land-
scape, the profound significance of cell morphology and of the relationship between
the biochemical state, and the morphological and biomechanical properties of eryth-
rocytes must be emphasized.

The cellular shape is maintained through a dense protein network present
below the cell membrane and which, while performing a similar function, differs
in structure, composition, and mechanical characteristics, from the usual cell cyto-
skeleton. In RBCs, this protein network is usually called membrane skeleton, to un-
derline the tight conjugation between these two components. The proteic part
consists of a robust network of coiled spectrin filaments, which is directly con-
nected through suitable junctional complexes (containing important proteins such
as actin, ankyrin, and band 4.1) to the band 3 protein, the most important and
abundant integral membrane protein. This protein, in addition to playing an im-
portant functional and regulatory role in RBC’s respiratory activity and glycolysis
(Cluitmans et al., 2016, Kinoshita et al., 2007), guarantees a very deep contact be-
tween the membrane and the proteic skeleton. As a matter of fact, the membrane-
skeleton architecture controls the cell shape and mediates the morphological re-
sponse to environmental stimuli; moreover, it is responsible for the mechanical
characteristics and for the remarkable elastic deformability of the erythrocytes.
Figure 6.4.1 shows the intricate network of proteins, composing the RBC skeleton,
for two different sample preparations, which produce a slightly stretched (panel a)
and a normal (b) structure.

These exceptional mechanical characteristics are critical in ensuring a proper
cell physiological function. Indeed, these cells travel along the veins and arteries
that are larger than the cell size, but also through tiny capillaries that can be as
narrow as a few microns, where RBCs are squeezed and experience significant me-
chanical solicitations. A major role in the cell shape adaptation, in response to
shear stresses, is played by the cytoplasmic viscosity, which depends on the Hb
concentration (Mohandas and Gallagher, 2008). Furthermore, strong osmotic stress
must be endured while the cells travel across the kidneys and the spleen, and, as a
result, the actual cell survival requires a skeletal architecture that is capable of en-
during the stresses and to support the rapid and elastic cell squeezing. When the
membrane-skeletal support fails, the cell becomes fragile and is no longer capable
of working properly. Moreover, in general, membrane-skeletal failure as well as the
accumulation of degraded forms of Hb (e.g., hemichromes), represent different sig-
nals that the cell is no longer able, either structurally or functionally, to carry out
its physiological role. In these cases, possibly through the mediation of a complex
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pattern involving both structural and functional signals (Antonelou et al., 2010, Pie-
traforte et al., 2007), the erythrocytes are labeled as senescent and, later, their fate
will be their removal from blood circulation.

In light of the above considerations, it is clear that the mechanical properties of
RBCs can be regarded as regulatory functions, whose variations due to aging or
pathological alterations have consequences spanning the entire life cycle and turn-
over of these cells.

6.4.3 Role and Modulation of the Mechanical
Properties: Cell Mechanic and
Mechanotransduction

The mechanical properties of erythrocytes are very important parameters to de-
termine the differences in their life cycle (e.g., young or senescent) or the pres-
ence of pathological situations. Such variations can be observed either very
locally, in specific areas of the membrane, or throughout the whole cell surface,
and in this sense, an AFM-based approach is particularly suitable, since it has
the potential to reveal and measure local as well as global alterations of the cell
architecture.

From the discussion of the previous paragraph it is clear that cell aging is the
fundamental physiological phenomenon that governs the erythrocytes’ turnover and
blood homeostasis. RBC’s aging is associated with biophysical and biochemical alter-
ations of the cells, with potential consequences on blood properties, and hence differ-
ent aspects of the phenomenon have been studied (Antonelou et al., 2010, Pietraforte
et al., 2007, Huang et al., 2011). Moreover, the study of RBC’s aging is extremely

Figure 6.4.1: Electron micrograph of stretched (a) and normal (b) skeleton structure and
organization. Reproduced with authorization from Lux (2016).
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interesting as it determines progressive variations in the structural, morphological,
and functional properties of the cell (Girasole et al., 2010, Dinarelli et al., 2018a), and
provides a unique opportunity to understand the molecular mechanisms that modu-
late the bio-mechanics of erythrocytes. The variation of mechanical properties along
cell aging, in particular, has practical consequences for the use of the blood for trans-
fusion purposes. Indeed, an increased stiffness of the cell at long aging time has
been observed even in blood bank conditions, and it was associated to a reduction of
the transfusion efficiency (D’Alessandro et al., 2010, Huruta et al., 1998, Xu et al.,
2018). Some approaches involving the use of SPM techniques are available in litera-
ture and have been focused on the variation of the nanomechanical properties as
well as to their association with morphological features, both in laboratory (Girasole
et al., 2012) and in blood bank conditions (Kozlova et al., 2017). The general emerging
landscape shows converging evidences that, as aging increases, the observable mor-
phological landscape is accompanied by a complex evolution of the Young’s modulus
and by the observation of local cytoskeletal or membrane defects, possibly related
to metabolically regulated membrane detachments (Klarl et al., 2006, Borghi and
Brochard-Wyart, 2007), which evolve in large-scale morphological features (e.g.,
vesicles or spicule). Measurements of the biomechanical data have also been pro-
posed as a biomarker of cell quality for transfusion. Furthermore, the phenomena
that accompany the morphological alteration characteristics of cell aging were re-
cently investigated by a novel, nanoscale-sensitive approach (Ruggeri et al., 2018). The
combination of AFM and IR nano-spectroscopy (see Figure 6.4.2) allowed to suggest
that the biconcave-to-echinocyte transformation can be driven by oxidation, both at
the membrane level and in membrane-skeletal proteins (very likely the 4.1), resulting
in biomechanical alterations. These phenomena can operate in parallel to the cytoskel-
etal alterations, consequent to (artificial) oxidative stresses, which were observed by
other groups (Sinha et al., 2015), and are also in line with previous biochemical data
(Mohanty et al., 2014) that suggested oxidative stress can induce cell aging through
different pathways.

As previously clarified, the cell membrane-skeleton is responsible for control-
ling the shape and mechanical properties of the RBC, but this is not the only task
that this structure carries out. Indeed, the RBCs are capable of directly sensing envi-
ronmental mechanical stimulation by means of the transmission of a mechanical
deformation at the protein-skeleton interface. Such sensing (usually) results in the
activation of the mechanotransduction pathway, which is devoted to transforming
the mechanical stimulus into biochemical cascades.

Many of the phenomena that activate the mechanotransduction are completely
physiological and are part of well consolidated biological patterns that lead to bet-
ter adaptation to the environment. In other cases, the activation of the mechano-
transduction can be intrinsic or even parasitic, for example, the release of ATP
following cell swelling, a phenomenon that naturally occurs during the cell senes-
cence but that can be encountered also in some pathologies or infections (Alvarez
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et al., 2014, Leal Denis et al., 2016). The most interesting example of the role of me-
chanotransduction in the cell physiology is provided by the behavior of erythro-
cytes in the narrow capillaries. Indeed, at the level of the peripheral vasculature,
the cells must travel along capillaries that are significantly smaller than RBCs’ size.

Figure 6.4.2: Chemical comparison of a biconcave and an echinocyte RBCs. 3D (a) morphology and
(b) IR absorption maps of the cells. (c) Ratio images detail of the echinocyte obtained by the
division of the IR signal at 2930 cm−1 (CH2 asymmetric stretching, lipids) and the morphology map.
Average smoothed and normalized spectra acquired in the spectroscopic (d) protein region and (e)
lipid region for a bright (1) and dark (2) region of absorption within the echinocyte (each spectrum
is the average of 5 independent spectra); the dark region of the cell shows sign of oxidative stress.
(f,g) Averaged and normalized spectra within several dark (n = 45) and bright areas (n = 30) within
the two cells in the amide band I and the lipid regions with their standard deviation. Figure
reproduced with permission from Ruggeri et al. (2018).
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To make the flux possible, the cell releases ATP into the extracellular medium through
a mechanotransductive mechanism that is related to the sensing of the mechanical
pressure exerted by the vessel walls (Forsyth et al., 2011). After release, the ATP dif-
fuses into the endothelial cells, where it triggers the synthesis of nitric oxide (NO), the
actual effector of the relaxation of the endothelium and of the dilatation of capillaries,
thus permitting the cell flux. This phenomenon, as a whole, is initiated by the sensing
of external mechanical stimulus, and takes advantage of the existence of a complex
mechanosensing system for the translation. The release of ATP is strongly regulated,
as it requires activation of a signaling pathway involving G proteins, protein kinases A,
C, and one or more exit channel. Furthermore, RBCs possess several classes of mechan-
ical receptors, such as the CFTR receptors, known for its involvement in the occurrence
of cystic fibrosis, the pannexin 1, and the receptors of the Yz family (Sprague et al.,
2001, Sridharan et al., 2012). As evidenced by some authors (Wan et al., 2008), environ-
mental mechanical solicitation results in deformation of the membrane-skeleton net-
work, which during the subsequent relaxation triggers the activation of suitable
mechanosensors, and, in particular, of the pannexin I. This latter protein, whose
activation requires a specific timescale for the dynamic deformation–relaxation,
is the key factor determining ATP release. From the evolutionary point of view, it
is interesting to note that is not unusual to discover that members of the transduc-
tion machinery play a role in other fundamental, often metabolic or regulative,
cell activities.

It is interesting to conclude this discussion by citing a special case of mechano-
transduction regarding the overlap between mechanobiology and gravitational biol-
ogy (van Loon, 2008). Indeed, gravity or weightlessness can actually be used as a
tool to understand some basic processes of life and, obviously, the mechanisms of
mechanotransduction. In this sense, besides the evidence of full body adaptation to
the environmental conditions (e.g., space anemia), very little information is avail-
able on RBCs exposed to simulated microgravity conditions at the cellular level
(Herranz et al., 2013, Rizzo et al., 2012, Udden et al., 1995, Dinarelli et al., 2018b).
Monitoring the RBCs in simulated microgravity for a long time periods allows de-
picting a scenario in which the cells actually sense the weightlessness conditions as
a particular mechanical stimulus, and react by adapting their metabolism to this
environmental condition. Such rapid metabolic adaptation, over long periods of
time, is rooted in structural and morphological alterations (therefore, in modula-
tions or alterations of functionality). Interestingly, an increase of the expelled ATP
has been observed in microgravity condition, compared to static control, suggesting
that the mechanotransductive machinery plays a role in the response to micrograv-
ity conditions.
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6.4.4 Elastic and Viscoelastic Behavior of RBCs

Blood is a complex fluid that behaves like a non-Newtonian liquid, and thus has
quite complex rheological properties. On the other hand, the flow properties of
blood are so important, even in a clinical perspective, that much effort has been
dedicated to understanding its properties. In principle, the rheological and hemo-
dynamical properties of blood depend on several factors: the number of cells (es-
sentially, red cells, which are more than 90% of the total), the cell-cell interactions
and, of course, the individual mechanical properties of the RBCs. Each of these crit-
ical factors has been the subject of investigation and, in the last 50 years, several
studies have been dedicated to understanding the elastic and viscoelastic behavior
of these cells. The first reports claiming a viscoelastic behavior in erythrocytes were
available since the middle 1960s (Chien et al., 1975), from conventional studies fo-
cused on measuring the relationship between cells’ stress and strain at various fre-
quencies of external solicitation.

While the elastic properties of RBCs can be essentially traced back to the struc-
ture and architecture of the cell skeleton, their viscoelastic behavior is more com-
plex to describe and understand, but it is fundamental to comprehend the capacity
of the cells to adapt to the stresses experienced in the circulation, and to modulate
their shape accordingly. Viscoelasticity is usually associated to the behavior of the
cell membrane, which introduces viscosity, bending elasticity, resistance to area in-
crease, and shear stress (Fischer, 2004, Kloppel and Wall, 2011).

Since the measurement of viscoelastic properties of RBCs is dependent on the
measurement method and on the investigated biosystem, the data collected by means
of different techniques, including micropipette aspiration, optical tweezers, rheome-
try, or flicker spectroscopy, should be compared with some caution and, sometimes, it
suffers from limitation due to the low throughput (Ito et al., 2017). In this landscape,
AFM stands out as particularly apt single-cell tool for such characterizations, as it

Figure 6.4.3: Sketch of the environmental sensing, signal transduction and metabolic regulation
occurring in an RBC. The morphological pattern results from the integration of the mechanical and
biochemical stimuli over time. Obtained with permission from Dinarelli et al. (2018b).
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provides a very accurate control and evaluation of the applied loads, together with an
extremely precise measurement of the cell deformation, which is critical to describe
qualitatively different behaviors of the cells. Indeed, AFM investigations are available
since the pioneering work of Radmacher et al. (1993), which described the use of the
microscope in force modulation mode, to evidence and map the viscoelastic properties
of cells.

In a typical AFM investigation, conventional force curves collected with low
surface sampling frequencies (1–10 Hz or less) can be employed to quantify the
elastic properties of materials, since their frequency allows time for the surface re-
laxation. On the other hand, acquisition of force curves at higher frequencies can
provide a glimpse to the viscoelastic behavior of the cells, since the resulting re-
sponse is characterized by the frequency dependence of stress–deformation rela-
tionships. This behavior has been theoretically described by the Attard model
(Attard, 2001). The model, by introducing two time-dependent elastic limits and a
characteristic relaxation time, predicts that for slow interactions, the material’s
modulus contains only the elastic part, while for high frequency probing also, the
viscous contribution is relevant.

A detailed description of the effects observable from a force–volume measure-
ment on RBCs is reported by Bremmell et al. (2006). These authors used a colloidal
probe, AFM employing a silica glass sphere, to get a detailed measurement of the
deformation of the immobilized RBCs on a surface. The authors measured the hys-
teresis in the forward vs backward force curves, which increases as a function of
the load and the probe speed, in a way identified as a typical viscoelastic behavior.
Furthermore, using the Attard model, they successfully detected anelastic modulus
at low deformations, and several, time-dependent viscoelastic moduli, observed at
higher level of cell deformations (i.e., by fitting different part of the force curves).
Related results have been obtained recently by another group, which observed,
through low frequency AFM measurement, a nonlinear behavior of the mechanical
properties of RBCs at high deformation levels (Kozlova et al., 2018). The authors
tested the effects of stressors (glutaraldehyde and hemin) that induced a stiffening
of the cells, and determined the indentation depth after which the cell mechanics
stops following the classical Hertz law. The response of the cells at high indentation
seems likely to be related to the different viscoelastic properties of the different bi-
olayers that compose the systems.

In the same years, an interesting experimental approach was developed to mea-
sure the elasticity (storage) and the loss components of the complex shear modulus for
RBCs (Puig-de-Morales-Marinkovic et al., 2007). In this work, ferromagnetic beads were
attached to RBCs in order to directly apply torsional forces using a periodic magnetic
field in the frequency range of 0.1–100 Hz, which allowed exploring the cell responses
from the purely elastic regime to a significantly viscoelastic behavior. Remarkably, the
measurement was at the single cell level. In this case, the authors found that the elastic
component of the complex shear modulus was frequency-independent and dominated
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the response at the low and medium frequencies. On the other hand, the loss modulus
increased with the frequency, becoming dominant at higher frequency values, with a
power law that was not previously predicted. Interestingly, the trend and values ob-
served for the RBCs were greatly different from analogous values measured with the
same technique for other cells such as fibroblasts or epithelial cells (Laudadio et al.,
2005, Puig-de-Morales et al., 2004).

It is interesting to note that several reports are available on the relationship be-
tween the cell properties and the characteristics of their motion in vivo (Forsyth et al.,
2011, 2010, Yoon et al., 2008). Indeed, cell shape strongly influences the flow behavior
of whole blood. In recent years, several authors attempted to predict the resting cell
shape and the shape adaptation mechanisms that take place under flow, mostly by
coupling experimental data to the development of simulation or model approaches
(Kloppel and Wall, 2011, Barns et al., 2017, Sen et al., 2005). In some cases, the influ-
ence of physiological or pathological effectors on the blood flow and hemorheological
properties has also been evaluated. For instance, by measuring cell biomechanics
and the adhesion forces between erythrocytes in the presence of fibrinogen, both in
normal cells and in patients affected by arterial hypertension, Guedes and coworkers
recently suggested a role for this protein in producing hemorheological alteration.
The enhanced cell-cell adhesion, which was larger in patients with arterial hyperten-
sion showing higher fibrinogen level, was suggested to be mediated by a mechanism
due to a protein-dependent bridging of two erythrocytes (Guedes et al., 2017, 2019).

Overall, the available data highlight the complex motion and dynamics of the
RBCs shape occurring in microchannels, and evidence the dependence of these pa-
rameters on the flow condition, shear stress, fluid viscosity, and elastic force of the

Figure 6.4.4: Left: Interaction force between a silica probe and a RBC in PBS solution as a function
of nominal separation and at different approach rates: 0.6 m/s (bottom), 1.2 m/s (middle, vertically
shifted) and 2.8 m/s (top, vertically shifted). Right: Interaction force between a silica probe and an
RBC in PBS solution at increasing maximum loading: 0.011 mN/m (bottom), 0.0135 mN/m (middle,
vertically shifted) and 0.017 mN/m (top, vertically shifted). Figure obtained with permission from
Bremmell et al. (2006).
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membrane (Takeishi et al., 2019), although environmental biochemical factor might
also play a role.

Recent systematic experimental and simulation approaches (Reichel et al., 2019),
however, have evidenced that for a fixed microchannel dimension, the flow condition
does not select a single cell shape, and that a distribution of shapes can be possible.
Remarkably, the authors suggest that such a distribution can result from the specific
nanomechanical conditions of single cells. In this way, a potentially very interesting
correlation can be obtained between the cellular (aging-dependent) nano-mechanical
properties, the cell shape, and the flow dynamics. In this three-actor relationship, a
major role is expected to be played by the viscoelastic behavior of RBCs.

Among the various biophysical techniques to characterize cellular mechanics,
optical tweezers (OT) allow studying single RBC mechanics under well-controlled ex-
perimental conditions. The first report of direct tensile stretching of RBCs was pro-
posed by Hénon et al. (1999), who attached two silica beads to the opposite ends of a
single erythrocyte, and imposed tensile elastic deformation by moving the trapped
beads in opposite directions. The obtained stiffness values of 2.5 +/− 0.4 μN/m were
lower than the typical shear modulus values (4–10 μN/m) obtained from experiments
carried out with micropipette aspiration techniques (Boal, 2002, Discher et al., 1998,
Evans and Skalak, 1979).

In the same period, Sleep et al. (1999) measured the elastic properties of human
RBCs with a different OT configuration, in which one bead was held fixed and the
other was moved in order to induce uniaxial tensile deformation in the cell. The
resulting stiffness was nearly two orders of magnitude larger than the one obtained
by Henon. Such differences, probably arose from the severe assumptions on the
model chosen for the data analysis and from the viscoelastic contribution that was
not considered in the study. Yoon et al. (2008) investigated the stress relaxation,
following a fast deformation and the effect of varying the strain rate. They found
that the stress values follow a power-law decay, which reaches a plateau; that the
cell’s elasticity follows a power-law increase as a function of strain rate; and that
the cell stiffness shows a 3-fold larger increase as the cell is deformed at higher
strain rates. Interestingly, since these exponential functions violate the linear super-
imposition principle, RBCs’ response cannot be explained within the framework of
linear viscoelasticity, but this nonlinearity is absent at small strain rates.

In the research on the elastic and viscoelastic properties of RBCs and their con-
sequences on the hemorheology, a primary role must be assigned to the theoretical
approaches. Indeed, it must be mentioned that the classic Attard theory is probably
the simplest one, but is not the only approach employed to calculate or model the
elasticity and viscoelasticity of RBCs. On the contrary, on these specific subjects,
the production of new experimental data goes parallel to the development of theo-
retical or numerical methods, which are often preferred in practice to predict the
cell shape and its dynamic in-flow conditions.
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The most diffused simulation approaches to the study of RBCs, besides the usual
ab initio calculations, are based on (a) finite element analysis, (b) coarse-grained molec-
ular dynamics, (c) dissipative particle dynamics, or (d) coarse-grained particle methods.
Even though all the methods have been widely used, they have inherent advantages or
disadvantages, depending on the case under study. For instance, the finite element
analysis is very accurate but its use is complex when the liquid phase must be consid-
ered; the coarse-grained molecular dynamics is very precise, but requires an enormous
amount of calculations, and, as a consequence, it is mostly focused on patches of the
membrane rather than on the entire cell. The other particle-based methods (dissipative
particle dynamics and coarse-grained particle) have lesser resolution on the membrane
and can include a liquid phase, which makes them preferable when the behavior of the
entire cell must be considered (e.g., for shape dynamic or hemorheology).

Several works can be readily found and reviewed in the literature (Barns et al.,
2017), which have been developed using approaches based on the finite element
analysis (Kloppel and Wall, 2011, Feng and Klug, 2006), the first principle molecular
dynamics (Li et al., 2005), and on the other numerical, computational or analytical
methods (Pozrikidis, 2003, Prado et al., 2015). Often simulations have been used to
model the specific experimental results; thus, the calculation strategies have com-
mon frameworks. For instance, they attribute stretch resistance to the cell skeleton,
but they differ in the treatment of the membrane that is sketched in different ways. In
the most accurate case, the membrane is modeled as a bilayer film with bending re-
sistance, areal incompressibility, and pressed by an incompressible fluid on both
sides. In addition, different physical acting forces have been taken into account, de-
pending on the specific task and on the specific simulation method employed. For
instance, Kloppel and Wall (2011) described a modeling approach based on finite ele-
ment calculations that works properly in validating optical tweezers data. They mod-
eled the nonlinear elastic and viscoelastic behavior of cells, and emphasized the
importance of membrane viscosity and cytoplasm for dynamic cellular motion.

Overall, the numerical calculations and the theoretical approaches employed
were proven very useful in describing specific aspects of the erythrocyte’s mechanical
properties in static as well as in dynamic conditions. Such theoretical approaches cer-
tainly constitute a precious support to the experiments, despite a certain degree of
model specificity in the choice of simulation parameters and a certain fragmentation
in the results, often a consequence of the characteristics of the calculations. Yet, in
spite of the many improvements obtained in recent years and the general good agree-
ment obtained with respect to specific experimental data, a solution to the complex
problems related to the viscoelastic behavior of erythrocytes and to their influence on
the hydrodynamic motion of the blood is still under way.
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6.4.5 Pathological Cases: Overview and Discussion

The biconcave shape and the corresponding mechanical properties of erythrocytes
are important indicators of cellular health. Indeed, since the stiffness of RBCs affects
clinically relevant elements, such as the blood viscosity (Forsyth et al., 2010, Diez-
Silva et al., 2010), the reversible deformability of the cells influences the whole blood
properties. Certainly, the fact that the erythrocytes’ mechanical properties can be used
as a biomarker, stimulates research, especially from a clinical standpoint. Further-
more, since it is likely that the alterations of the mechanical properties of erythrocytes
are connected to or mediated by cellular biochemical states, their variations are ex-
pected to be a consequence of the cell’s network of interactions and of the intracellular
signaling pathways. Many evidences support this idea, such as the fact that repeated
shear stresses that are capable of inducing specific biochemical patterns cause mea-
surable alterations to the spectrin structure (Johnson et al., 2007). Furthermore, there
is evidence that phosphorylation of skeletal proteins, mediated by PKC or of band III
proteins, can be associated to cytoskeletal stiffening (Picas et al., 2013). Finally, it has
been reported that the calcium influx (which is well known for its ability to activate or
regulate intracellular cascades), either mediated by mechanical stimuli or by specific
effectors (e.g., A23187), is associated with a reduction in cellular deformability (Kim
et al., 2015, Muravyov and Tikhomirova, 2013). This latter finding has been also been
validated by direct AFM measurements that showed calcium-dependent stiffening of
the RBC’s skeleton (Liu et al., 2005).

Obviously, the determination of a relationship between the biochemical status
and the nanomechanical properties of the cells has important consequences for the
monitoring or detection of pathological conditions. Indeed, it is generally accepted
that pathological states produce biochemical or metabolic alterations within the cells
and differences in communication between cells. In the case of blood, this scenario is
particularly interesting as the blood cells come in direct contact (possibly through the
mediation of plasma proteins, such as albumin or fibrinogen) with the effectors or tox-
ins released into circulation from all the systemic diseases. In this sense, the range of
the pathologies that could be potentially monitored by blood analyses is very large,
yet, to date, the number of diseases that have been correlated to the analysis of the
biomechanical status of the red cells is still relatively small (Tomaiuolo, 2014).

These studies have been mostly focused on the cases in which the pathological
agent is directly associated to the cell and the most relevant examples can be
roughly grouped in:
(i) parasitosis, the most important of which is, by far, malaria, whose etiology is

due to the colonization of the red cells by the parasite Plasmodium falciparum;
(ii) genetic defects associated to red cell structural disorders – which can be due to

direct skeletal impairment, such as hereditary spherocytosis or hereditary ellip-
tocytosis, or to inherited hemoglobin instability, such as for sickle cell anemia
or thalassemia (Dulińska et al., 2006);
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(iii) defects of the mechanotransduction apparatus;
(iv) systemic pathologies, in which a direct or indirect effect on the cellular struc-

ture or function can be hypothesized.

Following this scheme, we will briefly review the main results obtained from the
investigation of these pathologies, with special emphasis on the role of biomechani-
cal properties.

(i) According to the WHO, malaria is a life-threatening disease caused by parasites
that are transmitted to humans through the bites of infected female Anopheles mos-
quitoes. In 2017, there have been approximately 220 million cases of malaria (more
than 90% in Africa), with more than 400.000 deaths (more than 90% in Africa). A
key feature in the pathogenesis of malaria is the parasite’s ability to change the bio-
mechanical properties of the erythrocytes, as the cells infected with mature stages
of P. falciparum have lesser deformability and higher adhesivity to the endothelium.
These alterations cause the infected RBCs to accumulate in the spleen, leading to
life-threatening complications (Glenister et al., 2009) that have also been investigated
theoretically (Pivkin et al., 2016). While these works confirm the occurrence of cell
stiffening and lesser deformability, they found that the most important parameter
influencing the RBC retention in the spleen is the surface area loss, which, in these
cells, can be rather large. On the other hand, cell stiffening and adhesivity to the en-
dothelium (CD32) is enhanced by a large Plasmodium falciparum protein, translo-
cated from the parasite to the RBC membrane after the infection (Glenister et al.,
2009). At the same time, the RESA (ring-infected erythrocyte surface antigen) parasite
protein complex migrates to the cell membrane, where it interacts with the spectrin,
leading to reduced cell deformability (Diez-Silva et al., 2010).

The biomechanics of the RBCs have been also investigated through optical twee-
zers. In a very well-designed study, Suresh (2006) evaluated the effects of P. falciparum
on the elastic behavior of infected erythrocytes at different developmental stage of the
parasite. Optical images and the elastic response of the RBC, as a function of the intra-
cellular developmental stage f the parasite, are illustrated in Figure 6.4.5. The results
indicate that during the course of a 48 h period after the invasion of the RBC, the effec-
tive stiffness of the cell increases by more than a factor of 10.

As for the AFM-based studies, they were very important to detect the stiffening
of the infected RBCs, also observed in hepatic cells (Eaton et al., 2012). AFM was
employed to investigate many specific aspects of the infections and of the parasite
development in RBCs. For instance, the high affinity of the parasite-infected cell for
the heparin, and its potential pathological consequences for the higher adhesion of
infected cell, have been reported and quantitatively evaluated by monitoring the
nanomechanical properties of RBCs (Subramani et al., 2015, Valle-Delgado et al.,
2013). The skeletal structure and the distribution of knobs formed by P. falciparum
proteins (see Figure 6.4.5) on the erythrocyte membrane-skeleton were deeply
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investigated as a function of the parasite’s development stage (Nagao et al., 2000,
Shi et al., 2009, 2013). The presence of the parasite and some of its subcellular
structure were also investigated by the AFM-IR spectroscopy, which has demon-
strated the capability to monitor the parasite during its development (Perez-Guaita
et al., 2018). Furthermore, a cell–cell communication strategy of the parasite, based
on the release of cargo vesicles has been evidenced and characterized (Regev-
Rudzki et al., 2013). Moreover, Sisquella et al. (2017) have recently found evidence
of a mechanism to connect the infection with the biomechanical alterations of the
cells: the P. falciparum, by binding to the RBC’s glycophorin protein, directly acti-
vates a signaling pathway that stimulates second messengers and a phosphorylation
cascade, affecting the skeletal proteins and inducing a dramatic cell deformation.
The pathway results in a modification of the viscoelastic properties of the host mem-
brane, a circumstance that the authors claim to favor the parasite invasion.

As a whole, we can conclude that the potential of the AFM-based technique in
the study of malaria has proven very interesting, as its application allowed deci-
phering many aspects of the infection and of the alterations induced on the cell
physiology, which contribute to a thorough understanding of this pathology and
could be important for its medical treatment.

(ii) Among the pathologies correlated to the observation of morphological anoma-
lies of the cells, several disorders of RBCs are caused by genetic defects of mem-
brane-skeletal components. These anomalies are the consequence of mutations in
RBC skeletal proteins, such as spectrin, ankyrin, Band 3, and proteins 4.1 and 4.2,
whose impairment produces defects in the elastic and shear moduli of the mem-
brane, as suggested by the micropipette aspiration experiments (Tomaiuolo, 2014,
Waugh, 1987).

Figure 6.4.5: AFM images of an RBC with (a) or without (b) the membrane knobs produced by the
P. falciparum infection. Obtained with permission from Subramani et al. (2015).

6.4 Blood Cells 245



The most common and characterized among these pathologies are hereditary
spherocytosis (HS) and hereditary elliptocytosis (HE). Several investigations on these
ailments have been carried out using AFM’s direct measurement of the Young’s mod-
ulus and also by theoretical simulations. These revealed that, in diseased cells, the
difference in the cytoskeletal organization is a measurable stiffening, compared to
healthy cells (Dulińska et al., 2006, Dumitru et al., 2018). More in detail, it appears
that both the membrane and the skeletal component of the pathological cells have
properties that are different from those of healthy RBCs.

Sickle cell anemia is another special case of genetic defect due, in this case, to
hemoglobin instability. It is believed that sickle cell anemia has diffused as a form of
resistance to some strains of malaria, as sickle cell patients develop RBCs alterations
that complicate the development of malaria’s parasite in the cell. Sickle cell anemia
is due to a recessive point defect in the DNA, which determines a single amino-acid
substitution in Hb. The consequences, however, are quite dramatic, as the mutated
proteins become unstable in low oxygen conditions (e.g., peripheral circulation) and
stick together, forming the aggregates that induce the “sickle” cell deformation (Rees
et al., 2010). The biomechanical characterization of this pathology has been investi-
gated in several works (Maciaszek et al., 2011, Maciaszek and Lykotrafitis, 2011,
Zhang et al., 2017), revealing that the Young’s modulus of RBCs from patients with
sickle cell trait (i.e., only one mutated allele) is much larger than in normal cells, and
that these cells have a stronger adhesion force to epithelial cells. The experiments,
interpreted in terms of Hertz theory by comparing two different tip shapes, allowed
to conclude that the Hb polymerization has an effect on the cell skeleton organiza-
tion, but also that therapeutic treatments can significantly impact this pathological
alteration. On this topic, optical tweezer investigations are also reported in literature.
For instance, Brandao et al. (2003) evaluated the elasticity of RBCs from patients af-
fected by sickle cell anemia with HbSS or HbAS mutation as well as with HbSS muta-
tion, treated with hydroxyurea (HU, a common medical treatment for the disease).
They found that RBCs from homozygous and heterozygous patients were significantly
stiffer than those of healthy subjects, and that the RBCs from patients treated with
HU presented stiffness values comparable to those of healthy erythrocytes.

(iii) There are several examples of pathological consequences related to misfunc-
tioning or to genetic disorders affecting elements of the mechanotransductive path-
ways. In addition to the well-known case of the cystic fibrosis, which is related to
defects of the CFTR receptors (Lasalvia et al., 2016), there is the case of the heredi-
tary xerocytosis, a blood disorder associated to the dehydration of RBCs which can
be traced back to a mutation in the gene coding of PIEZO I protein (Zarychanski
et al., 2012). This is a transmembrane, pore-forming protein involved in mechano-
sensing and transduction that has been recently proven to be involved in the con-
servation of the volume of RBCs, and whose alteration can result in an imbalance of
the cell osmolarity and metabolism. These considerations reinforce the idea that
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mechanotransduction is a very important pathway, deeply carved in the structure
and functioning of this class of cells.

(iv) Some cases of systemic pathologies, such as diabetes mellitus (DM), especially
type 2 (i.e., the insulin resistant), systemic lupus erythematosus (SLE) (Ebner et al.,
2011), neurodegenerative disorders, such as Alzheimer’s disease (AD), and rheuma-
toid arthritis (RA), have been investigated using AFM.

In the case of RA, the AFM approach has demonstrated reduced cell elasticity,
which is directly correlated to the presence of anomalous cell morphology and to de-
fects of the band 3 distribution across the membrane. Interestingly, AFM allowed the
correlation of these alterations to the continuous exposure of the blood cells to in-
flammatory molecules and free radicals that are characteristics of RA (Olumuyiwa-
Akeredolu et al., 2019). Such association is even more stimulating if interpreted from
the perspective of representing a model for several pathologies, including neurode-
generative diseases and cancer, which are associated with the spread of inflamma-
tion or oxidative stress at the systemic level. In particular, the environmental injury
observed in RA resembles the case of favism, a metabolic disorder of the cell metabo-
lism due to the impairment of the critical enzyme that produces reducing power, the
G6PD. This exposes the RBC to environmental oxidation and corresponds to an in-
crease in cell stiffness, which has been measured using AFM (Dulińska et al., 2006).

Other cases of diffused pathological syndromes, for instance, coronary diseases
and hypertension (Lekka et al., 2005), have been analyzed and the blood cells were
compared to RBCs from smokers. Despite the fact that the latter are the most af-
fected, some effects were also detectable in coronary disease and hypertension. The
most prominent was a larger spread of Young’s modulus values, which reflected
the intrinsic variance of the cell behavior arising from the different clinical spectra
of the considered pathologies.

On the other hand, relatively few studies have focused on the investigation of
the morphological and nanomechanical differences between RBCs in neurodegener-
ative pathologies, such as AD. For instance, the investigation of the interaction be-
tween RBCs and Aβ peptide, which is known to be involved in the development
of AD, would highlight the undoubtable interaction that occurs at the blood level,
both in the pathological case and, very likely, also in pre-pathological situations. In
these cases, some AFM-based approaches are already available and have provided
evidence of morphological effects and biochemical regulation of cell metabolism due
to the presence of Aβ peptide. Furthermore, it was found that erythrocytes from AD
patients, which have a high ferritin level, also exhibit higher stiffness, compared to
cells from AD patients with normal ferritin level or compared to a healthy subject,
thus suggesting a role of ferritin in modulating the cell stiffness (Carelli-Alinovi et al.,
2016, 2019a, Pretorius and Kell, 2014).

Among the systemic pathologies investigated with AFM, DM is probably the most
studied disease. This is due to the large diffusion of the pathology that affects, with
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different degrees of severity, more than 400 million people worldwide (AlSalhi et al.,
2018). DM is a widely diffused metabolic disorder characterized by high level of glu-
cose in the blood for a prolonged period of time, and in the vast majority of the cases,
by insulin resistance (type 2 DM). Hemorheological abnormalities, such as higher
blood viscosity, can be observed in DM patients and correlated to impaired cellular
deformability (Fornal et al., 2006). As an example, the nanomechanical properties of
healthy and DM erythrocytes were compared through high resolution mapping. The
viscoelastic cell behavior was identified and evaluated by considering the hysteresis
of the forward and backward force curves (Ciasca et al., 2015). A general heteroge-
neous distribution of the Young’s modulus across the cells was evidenced, with
higher values in the center. Moreover, the existence of a relevant contribution of the
viscous forces in determining the cell mechanics was claimed. A similar system was
also characterized through theoretical modeling by Chang et al. (2017), where a parti-
cle-based, two-component cell model was used to simulate the behavior of whole
cells in terms of their biomechanical properties and of the blood hemorheological
properties. The most relevant cell parameters involved in the description of static cell
deformations were determined, indicating a dominant role for membrane viscosity.
Such simulations also showed that in shear flow conditions, RBCs undergo complex
shape dynamics that can be described by taking into account membrane elasticity,
cell geometry, and viscous dissipation, and the model can reproduce the increased
viscosity of DM blood, compared to healthy subjects.

Several authors investigated the shape alterations, mechanical properties, and
adhesivity of erythrocytes from diabetic patients, reporting converging evidence of
higher stiffness, up to three times the control values (Lekka et al., 2005), and of a
larger number of shape anomalies compared to healthy controls. The morphological
anomalies ranged from large-scale shape alterations, such as higher number of
spherocytic and crenated cells, to larger size of the membrane vesicles, leading to a
stronger loss of surface area, which, as previously recalled, can be a major determi-
nant for the cell survival in the circulation. In addition, the characterization of the
membrane surface can be used to evidence additional defects, such as signs of mild
corrosion related to the interaction with higher concentration of glucose over time
(AlSalhi et al., 2018, Jin et al., 2010). Finally, a higher adhesivity of cells from dia-
betic patients has been observed, and this fact is especially important in the contact
with endothelial cells (Jin et al., 2010, Zhang et al., 2015), and might be considered
a determinant for the complication at the circulatory level.
From what is discussed above, it appears that a common trait in the vast majority of
the pathologies that affect (or influence) RBCs is the induction of an increased stiff-
ness, and correspondingly, a reduction of cellular elasticity and deformability. This
type of alteration correlates with a worsening of cellular functionality, in terms of
O2/CO2 shuttle and, overall, in a reduction of the cell’s life time due to the increased
retention of the impaired erythrocytes in the spleen (Pivkin et al., 2016). Typical
consequences can range from alterations in cell turnover to the development of
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anemic syndromes. Moreover, these modifications of erythrocyte biomechanics,
while altering the elastic properties of individual cells, are also associated to alter-
ations of cell-cell interactions, with consequences on the viscosity and hemody-
namics of blood that can cause stress to the cardiovascular system.

From a molecular point of view, it is very difficult to provide a unifying view for
pathologies of very different etiology. However, it is interesting to note that some
common traits can be observed in the behavior of environmental transduction sys-
tems, which are very effective in these cells, both for the chemical and mechanical
cascades, and in the behavior of secondary messengers. Typical examples are Ca+2

and protein kinases that act as decisive regulators of the structural characteristics
of the skeleton, and of its conjugations with the plasma membrane, triggering,
among other things, important phenomena such as cellular vesiculation (Huisjes
et al., 2018, Carelli-Alinovi et al., 2019b).

6.4.6 Other Blood Cells: White Blood Cells

White blood cells (WBC), also called leukocytes, are the principal regulators of the
human immune system. Similar to RBCs, these are circulating cells that, during their
life, undergo extensive morphological changes, endure shear flow while adhered to
surfaces, and continuously interact with other cells. Their cytoskeleton mediates sev-
eral signal transduction pathways that can rapidly transduce an environmental phys-
ical signal into biochemical changes that lead to cytoskeletal rearrangement. Any
impairment of these mechanosensing capabilities leads to serious issues, such as ves-
sel blockage (i.e., leukostasis), and to an immune response that can be damaged at
several levels. Indeed, cell deformability is thought to play a key role in leukostasis,
as stiffer cells are more prone to mechanically obstruct a vessel (Lichtman and Rowe,
1982, Porcu et al., 2002, Lichtman et al., 1987). A recent review has clarified this
point, describing the role of mechanical forces in the regulation of cell migration,
cell-surface receptor activation, intracellular signaling, and intercellular communica-
tion (Huse, 2017), highlighting the biological ramifications of these effects in various
immune cells types.

Recently, several new technical innovations in the biophysical field have been
employed to evaluate the mechanical forces in immune cells. In general, however,
the field remains in its infancy. Our understanding of the immunoreceptor mecha-
notransduction, for example, is limited to antigen receptors and to a small number
of well-characterized cell adhesion molecules. To be more specific, the major issue
in mapping the elastic properties of WBCs by AFM arises from their nonadhesive
behavior on standard substrates, and conflict with the cell’s capability to respond
to substrate functionalization and chemical composition. In order to perform an
AFM mapping on passive (not-activated) leukocytes, two major problems must be
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addressed: the first is that most of the cells tend to slip under the tip pressure,
while the remaining cells are leukocytes with altered adhesive characteristics;
the second problem is the use of functionalized surfaces, which can activate the
cells, leading to an extensive alteration of morphologies and mechanical properties
(Frank, 1990). The complexity in performing AFM and OT characterizations has
been compensated by the extensive use of other techniques, such as micropipette
aspiration, to determine the mechanical properties of fully differentiated leukocytes
(Dong et al., 1988, Needham and Hochmuth, 1990, Tsai et al., 1993). Among the
very few studies involving AFM characterization of leukocytes, it is worth citing
Rosenbluth et al. (2006) who have developed an interesting AFM experimental setup
to measure the deformability of human myeloid and lymphoid leukemia cells, and
neutrophils al low deformation rates by mechanically immobilizing the cells in micro-
fabricated wells. The authors, as shown in Figure 6.4.7, found that myeloid (HL60)
cells were 18-fold stiffer than lymphoid (Jurkat) cells and 6-fold times stiffer than
human neutrophils, on average (855 +/− 670, 48 +/− 35 and 156 +/− 87 Pa, respec-
tively), and evaluated the viscosity contribution on the mechanical properties by
varying the z-piezo extension rates from 24 to 8,643 nm/s. In HL60, the apparent stiff-
ness remains relatively constant up to 415 nm/s, but increases monotonically at
higher piezo extension rates. These cells show no increase in the apparent stiffness
when piezo extension rate is increased from 24 to 415 nm/s, indicating that within

Figure 6.4.6: Microfabricated wells for force microscopy measurements. Panel (A): schematic
diagram of the experimental setup that shows how the cell were mechanically immobilized in the
holes. Panels (B) and (C): SEM micrograph of the microwells, scale bar 50 μm and 2 μm,
respectively. Figure reproduced with permission from Rosenbluth et al. (2006).
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this range the measurements are not significantly influenced by viscosity. This same
viscoelastic response was observed in Jurkat cells and neutrophils.
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Marta Targosz-Korecka

6.5 Diabetes and Endothelial Nanomechanics

6.5.1 Introduction

Diabetes and the related hyperglycemia are severe health problems, globally. The
elevated glucose level causes metabolic disorders of many cell types (glucose toxic-
ity) and, in consequence, leads to cellular dysfunction and various types of compli-
cations such as heart disease, stroke, kidney damage, and nerve damage (Vinik and
Vinik, 2003, Fowler, 2008, Yang et al., 2011, Michaelson et al., 2014). The vascular
endothelium is particularly vulnerable to the hyperglycemia effect. Due to its loca-
tion, the endothelium is a direct “victim” of hyperglycemia and is complicit in the
development of vascular diseases in diabetes (Duffy et al., 2006). Moreover, a pro-
longed elevated glucose level is a very promoting environment for carcinogenesis.
Epidemiological studies indicate the relation between chronic hyperglycemia and
an increased risk of several types of cancer development (Pothiwala et al., 2009,
Vigneri et al., 2009, Zhou et al., 2010, Li et al., 2019).

The biological and medical context of the influence of hyperglycemia on cells
motivates us to check the relationship between the cells’ nanomechanics and the
biological aspects of dysfunction development. In this chapter, the relationship be-
tween hyperglycemia and the changes in the endothelial nanomechanics in both
in vitro and ex vivo observations will be discussed.

6.5.2 Hyperglycemia-Induced Endothelial Cells
Stiffening

In most cases, the starting points of diabetes complication development are vascular
injury or complications directly related to vascular dysfunction (Kaiser et al., 1993,
Tabit et al., 2010). Endothelium is one of the main effector organs that regulate the
physiology of the vascular system. This single layer of endothelial cells (ECs) controls
the vascular tone by production of vasoprotective factors like nitric oxide (NO). It reg-
ulates the blood flow in vessels and controls coagulation and fibrinolysis (Kemeny
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et al., 2013). Hyperglycemia has an impact on endothelium metabolism and leads to
ECs dysfunction, which is, in particular, manifested by the deficiency of the bioavail-
able NO, reduced endothelium mediated vasorelaxation, overproduction of growth
factors, and increased expression of adhesion molecules and inflammatory genes
(Altannavch et al., 2004, Tabit et al., 2010). In normoglycemic ECs, there are three
metabolic pathways: glycolysis process, mitochondria ROS signaling, and NO pro-
duction by eNOS, which cooperate and control the EC’s metabolism and function.
Hyperglycemia disrupts this cooperation by modifying the glycolysis pathway, en-
hancing mitochondrial biogenesis, and inhibiting NADPH oxidase activity that re-
sults in an increased ROS production.

In consequence, the production of NO by eNOS is diminished, and eNOS are
transformed to uncoupled form, which, in turn, enhances the ROS production. These
changes cause the overproduction of ROS in ECs (Duffy et al., 2006, Quintero et al.,
2006, Busik et al., 2008, Yao and Brownlee, 2010, Tang et al., 2014). The excess of
ROS induces a cascade of events, leading to a failure of the function of some proteins
(nonenzymatic glycation process), and even to irreversible changes with epigenetic
character (metabolic memory) (Ceriello, 2012). The effect of these changes is the pro-
gressive long-term endothelial dysfunction, which is reflected in the limited bioavail-
ability of NO and other vascular endothelial mediators. Consequently, the functioning
of the vascular system is disturbed, which leads to serious diseases such as hyperten-
sion or atherosclerosis. The biological and physiological aspects of the hyperglyce-
mia-induced endothelial dysfunction are well known. In this context, the interesting
question is how hyperglycemia influences the nanomechanical properties of ECs.

Hyperglycemia, as have been shown in Chen et al. (2013), increases the stiffness of
ECs, which is associated with actin polymerization and a decreased NO production by
ECs. In this study, human umbilical vein ECs were exposed to constant hyperglycemia
(25 mM) and variable hyperglycemia (25/5 mM) conditions for 7 days. Authors have proven
that both constant and fluctuating hyperglycemia harm the ECs; however, the difference
in the changes of the stiffness and NO production between the cells exposed to constant
and fluctuating high glucose conditions were not significant. In general, stiffening of ECs
and the related decreased NO production are hallmarks of endothelial dysfunction (Fels
et al., 2012). The disruption in NO availability leads to disorders of vasodilatation and hy-
pertension, and it is one of the reasons for the vascular complication.

The effect of chronic hyperglycemia on the nanomechanical properties of ECs
was studied by Targosz-Korecka et al. (2013). The ECs of the EA.hy926 line were ex-
posed to chronic long-term hyperglycemia for almost 80 days. In the experiments,
EA.hy926 ECs were cultured under hyperglycemic conditions (glucose concentra-
tion 25 mM), from the first passage up to the 26–28 passage. This continuous, long-
term experiment showed that within the first 20 passages, a gradual increase of the
EC stiffness could be observed (Figure 6.5.1).

After the twentieth passage, there was a decrease in EC stiffness. At the same
time, a decrease in cell population and an increase in the number of apoptotic cells
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was observed. Such a result showed that metabolic changes, which occur in ECs as
a result of chronic hyperglycemia are reflected in the process of a gradual increase
in stiffness of these cells.

In the same publication, it has been shown that the changes in cell stiffness
caused by chronic hyperglycemia are irreversible. Normalization of the glucose level
after the fourteenth passage (horizontal dotted line in Figure 6.5.1) did not cause per-
manent normalization of EC stiffness. Although, directly after the change of the glucose
concentration in the culture medium from 25 mM (HG) to 5 mM (NG), the elastic modu-
lus decreased, after subsequent passages, the stiffness of the cells began to increase
again, to the level corresponding to the value obtained for the cell permanently grown
in hyperglycemic condition. The observed effect of permanent changes in the stiffness
of ECs under hyperglycemic conditions has been referred to as “stiffness memory.” The
obtained results could be related to clinical observations (Ceriello, 2012), which showed
that short-term normalizations of glucose levels in people with chronic hyperglycemia
might be not sufficient to reduce the risk of complications in the cardiovascular system.
The effect of “stiffness memory” is a coherent element of metabolic memory, that is,
the phenomenon of irreversible epigenetic changes at the cellular level, induced by
chronic hyperglycemia.

Figure 6.5.1: Changes in the modulus of elasticity of endothelial cells subjected to chronic
hyperglycemia (black spots) and after normalization of glucose level (red points). The return of the
elastic modulus values to the level corresponding to the cells cultured in hyperglycemia was
referred to as “stiffness memory,” by an analogy to the metabolic memory effect. The entire
experiment (26 passages) lasted about three months. HG – high glucose, NG – low glucose
(reprinted with permission from Targosz-Korecka et al., 2013).
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6.5.3 Modification of the Endothelial Glycocalyx
in Hyperglycemia

Glycocalyx plays an essential role in the nanomechanics of ECs. A brush-like poly-
mer sugar-rich layer covers the cell and plays an important role in cell mechanobi-
ology, as mechanosensor and an interface between the extracellular matrix and the
cell (Reitsma et al., 2007). In pathological environments such as hyperglycemia, re-
duction of the glycocalyx thickness and density as well as the collapse of its internal
structure significantly change the mechanical properties of this external cell over-
lay, leading to impairment of the cell functionality (Tarbell and Pahakis, 2006, Es-
kens et al., 2013).

In recent years, the nanoindentation method with AFM probe has been success-
fully applied to detect and characterize the mechanical properties of the glycocalyx
layer (Wang and Hascall, 2004, Wang et al., 2011). In those experiments, a spherical
AFM probe mounted on the soft spring cantilever was used, because of a larger inter-
action area between probe and sample. If the cell surface is covered by the glycoca-
lyx, at first, the probe squeezes the glycocalyx layer and then indents the cell
body (Figure 6.5.2A) The deflection of the cantilever during approach and squeez-
ing is recorded as a function of the relative vertical sample/scanner movement, in
the form of force–distance curve or force–indentation curve. On the curve shown
in Figure 6.5.2B, one can recognize two distinct regions that correspond to the de-
formation of two layers with different properties. The first range, for a small in-
dentation depth, corresponds to the squeezing of the glycocalyx layer, whereas

Figure 6.5.2: Principle of nanomechanical detection and characterization of endothelial glycocalyx
with an AFM probe. (A) Schematics of nanoindentation process. At shallow depths, the probe
senses the glycocalyx layer (region I) and, at larger indentation depth, the cell body (region II).
(B) A typical nanoindentation curve recorded for an endothelial cell.
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the second one, for larger indentation, corresponds to mechanical response of the
cell body (Singleton, 2014).

Measurements of changes in the glycocalyx structure under hyperglycemic condi-
tion were carried out for pulmonary human aortal EC by Malek-Zietek et al. (2017).
The cells were incubated in hyperglycemic condition in various time regimes – “short-
term” (below 2 h) and “prolonged” (up to 24 h). For incubation times below 2 h, an
increase in the length of the glycocalyx-forming chains was observed, compared to
normoglycemia (Figure 6.5.3). This rather surprising effect of the increase in the length
of glycocalyx chains in hyperglycemia could be, however, explained based on the ob-
servations in (Wang and Hascall, 2004, Wang et al., 2011) and the increase in the syn-
thesis of hyaluronan (one component of glycocalyx) in hyperglycemia.

An AFM experiment with the enzymatic removal of hyaluronan by hyaluronidase val-
idated this hypothesis. For a prolonged time of hyperglycemia, the reduction of the
glycocalyx layer was noted by decreasing the glycocalyx length and density. This ex-
periment has shown that changes of glycocalyx occurred dynamically, and synthesis
or removal of glycocalyx molecules occur in a response to biological stimulation such
as hyperglycemia.

6.5.4 Nanomechanical Properties of Vascular
Endothelium in Diabetes: An Ex Vivo Experiment

Changes of the endothelial stiffness in progression of diabetes were also studied in
an ex vivo experiment on the murine model of type II diabetes. In in vitro measure-
ments of ECs, we deal only with hyperglycemia. In the development of diabetes, in

Figure 6.5.3: Hyperglycemia-induced two-step
alteration of glycocalyx length. For short-term
hyperglycemia (0–100 min), the synthesis of
hyaluronic molecules can be observed, which may
increase the glycocalyx length. In prolonged
hyperglycemia (2–24 h), a significant decrease of
the pulmonary human aortal endothelial cell
glycocalyx length was observed (reprinted with
permission from Malek-Zietek et al. (2017)).
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addition to hyperglycemia, other factors such as increased cholesterol and triglycer-
ide levels, or protein glycation products might be important, as well. Therefore, ex
vivo measurements performed on the endothelium from mice aorta revealed a more
complete picture of the endothelial nanomechanical changes in diabetes. Experi-
ments described by Targosz-Korecka et al. (2017) were performed for C57BLKsJ-db/db
mice (homozygotes with a leptin gene mutation), in which type II diabetes develops
with age. The C57BLKsJ-db / +mouse (heterozygotes, with the normal leptin gene)
was used as a reference. The descending aorta was collected from both groups of
mice at ages 11, 12, 16, and 19 weeks. In the cited research, the nanoindentation ex-
periments focused on the characterization of the nanomechanical properties of the
glycocalyx layer and endothelium. The layered structure of the aorta as well as the
surface heterogeneity surface required a new method for data classification. There-
fore, the analysis and tailored data classification methods were applied in order to
distinguish the area of endothelium covered with glycocalyx and the area without
the glycocalyx layer (Figure 6.5.4A).

For diabetic mice, a statistically significant increase in the stiffness of the endo-
thelial layer was observed. The increase in endothelial stiffness obtained for ex vivo
measurements correlated with the reduction of the effective surface coverage with
glycocalyx (Figure 6.5.4B and C). However, the length of the glycocalyx chains was
gradually reduced, with the progression of diabetes. This means that in the devel-
opment of diabetes, the degradation of glycocalyx manifests first as a reduction of
the glycocalyx coverage. The shortening of the glycocalyx brush takes place at a
later stage. Moreover, the elasticity modulus values obtained in the experiment in-
dicated an increase in endothelial stiffness in the progression of diabetes, which is
a prognostic factor for the development of hypertension and other pathological vas-
cular changes in patients with diabetes.

The nanomechanical method applied to the study of endothelial “mechanical
dysfunction” that occurs in diabetes provided important complementary informa-
tion about the reduction of the glycocalyx coverage and gradual degradation of the
glycocalyx length. From the medical point of view, the correlation between endo-
thelial stiffness and the reduction of glycocalyx coverage is interesting. Both the
mechanical properties of the endothelium and the structure of glycocalyx play a
significant role in the process of regulating the arterial balance between vasocon-
striction and vasoconstriction. Hence, the dysfunctional changes of both these pa-
rameters broaden knowledge about the development of vascular diseases, which,
in diabetes, are dynamic and lead to many complications. The applied method of
nanoindentation with the AFM probe combined with the developed data classifica-
tion method provided complementary information on the cells’ elasticity and the
glycocalyx characterization.
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6.5.5 Summary

This chapter focused on studies of endothelial nanomechanics in the context of hy-
perglycemia and diabetes. Endothelium, as an organ regulating the vascular sys-
tem, plays a crucial role in the formation of vascular complications in diabetes. The

Figure 6.5.4: Diabetes impairs the glycocalyx layer and causes endothelial stiffening: results from
an ex vivo experiment on diabetic mice. (A) Examples of spatial maps (from left to right) of the
elastic modulus, brush length (glycocalyx), data classification and determined spatial coverage of
the glycocalyx. Top row: db/+ control mouse. Bottom row: db/db diabetic mouse. As a result of the
data analysis and classification procedure, a significant reduction glycocalyx coverage was
demonstrated in diabetic mice at an early stage of diabetes (B) and (C) Aggregate result of an ex
vivo experiment carried out on type II diabetes mellitus mice model. Endothelial elasticity modulus
(B) and glycocalyx parameters (C), that is, length and coverage of the endothelial surface with
glycocalyx (reprinted with permission from Targosz-Korecka et al. (2017)).
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nanoindentation method is a unique method that provides complementary infor-
mation on the cell elasticity as well as the glycocalyx structure. The main effect of
the hyperglycemia on the ECs is the cell stiffening and degradation of the glycoca-
lyx layer.

It should be emphasized that hyperglycemia has a harmful effect on a variety of
cells and organs. For example, hyperglycemia also increases the stiffness of the in-
sulinoma cell line that is related to the ion channel activation (Yang et al., 2011).
Moreover, in clinical observations, one of the most severe problems of diabetes pa-
tients is the increase in the risk of cancer development and cancer metastasis. As
was shown, hyperglycemia significantly increases the adhesive interaction between
cancer and ECs, which promotes attaching the cancer cells to ECs and crossing the
vessel walls (Malek-Zietek et al., 2017).
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6.6 Chronic Liver Diseases

Chronic liver diseases are an increasing cause of death worldwide. Even if the
causes leading to liver dysfunction is broad, a common physiopathological step is
the appearance of fibrosis leading to cirrhosis. This clinical stage is associated with
the development of hepatocellular carcinoma (HCC), the main type of primary can-
cer of the liver, which present a devastating prognosis. From a physiopathological
point of view, the appearance of cirrhosis is related to a mechanical modification of
liver tissues offering a clue to diagnose the disease and propose new prognostic
markers. In this chapter, we will review the various methodologies used so far to
address this question.

6.6.1 Cirrhosis: A Common Feature of Chronic
Liver Diseases

Cirrhosis is an increasing cause of morbidity and mortality in developed countries.
This condition results from various liver injuries that lead to a diffuse nodular re-
generation surrounded by dense fibrotic septa. It is the 14th most common cause of
death worldwide corresponding to 1 million deaths per year (Tsochatzis et al.,
2014). Cirrhosis is the main indication for liver transplant in Europe (Blachier et al.,
2013). The main causes depend on the geographical origin of patients. In developed
countries, hepatitis C virus, alcohol misuse, and nonalcoholic liver diseases are the
predominant cause, and this contrasts to the situation found in southeast Asia or
sub-Saharan Africa where the leading cause is hepatitis B virus. The prevalence of
cirrhosis is not easily determined; nevertheless, a French screening program has
found a prevalence of 0.3% (Blachier et al., 2013).

A striking finding of the histopathology of liver is the fact that, irrespective to the
aetiology of the liver disease (toxic, genetic, auto-immune, or infectious), the liver tis-
sue will ultimately be characterized by an excess of deposition of extracellular matrix
leading to fibrosis. Pathologists use the METAVIR classification to stage fibrosis: F0
corresponds to the absence of fibrosis, F1 is associated with portal fibrosis without
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septa, in F2 rare septa are found, numerous septa characterize the F3 stage, and cir-
rhosis is described as F4 (Bedossa and Poynard, 1996). These different stages are il-
lustrated in Figure 6.6.1.

Patients suffering from cirrhosis do have a high mortality rate and usually pres-
ent various decompensation episodes. Cirrhosis is associated with a hepatocellular
insufficiency, impacting the ability to synthesize proteins like albumin. The pro-
gression of fibrosis will also increase the vascular resistance leading to a portal hy-
pertension as well as an increase of the porto-hepatic venous pressure gradient.
From the clinical point of view, cirrhosis is associated with ascites (liquid collection
in the peritoneum) which could be spontaneously infected leading to peritonitis;
esophageal varices could bleed; liver failure and HCC are the ending stage of the
disease. When compensated, the diagnosis of cirrhosis could be challenging. Liver
biopsy is the gold standard for assessing the stage of liver fibrosis, but it is an inva-
sive procedure. Classical imaging techniques like ultrasound echography, com-
puted tomography (CT), or magnetic resonance imaging (MRI) lack specificity and
sensitivity to detect the first stages of the disease. Serum biomarkers, even if useful,
do not correlate perfectly with the fibrosis stage. Benefiting from clinical knowledge
that cirrhotic livers are stiffer than normal ones, the last decade has shown an in-
creased interest in the mechanical characterization of tissues in the context of
chronic liver diseases.

Figure 6.6.1: Sirius red staining of liver tissues illustrating the various stage of the METAVIR
classification (EP, portal area; VCL = centrolobular vein) (images from Pr Nathalie Surm, Pathology
Department, University Hospital of Grenoble Alpes).
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6.6.2 Liver Stiffness: A New Clinical Parameter

The way to quantitatively assess the stiffness of a material is advantageously done
by measuring its Young’s modulus or elasticity. The physical content of this param-
eter could be easily grasped as followed: If we apply a force F on a surface S of a
body, the elastic response will correspond to a compression in the direction of the
force. The shrinkage of the body could be quantified by the difference between the
resulting size l and the steady-state size l0. The relation that links these physical
quantities is called the Hooke’s law:

F
S
=E

l0 − l
l0

*ð Þ

The proportionality parameter E is the Young’s modulus; its unit is in Pa (the same
as a pressure).

The intuitive meaning of this equation is that in order to deform a body by a
certain percentage of its size, one must apply a force that will be higher for stiffer
material compared to softer ones, and the Young’s modulus is a quantification of
this property. Biological tissues like liver have a Young’s modulus typically of few
kilopascals. Before describing the various techniques used to measure the stiffness
of livers, we need to understand what are the various parameters that could modify
it. The first factor is our target: the extracellular matrix. But external and internal
pressure of the organ (blood outflow, respiratory dysfunction, inflammation, etc.)
could sensibly increase the measured stiffness. Another point that should be raised
is the fact that from a physical point of view, the Young’s modulus is a static param-
eter. In practice, it is not what we directly measure as we always obtained a visco-
elastic response related to the finite characteristic time our techniques. This is a
concern as stiffness usually increases with the frequency of mechanical stimulus.

Various excellent reviews have been published describing the different techni-
ques used to assess liver’s stiffness. We have summarized the different methods
used in Table 6.6.1, adapted from Mueller and Sandrin (2010).

Many studies have addressed the clinical validation of liver stiffness as a
marker of fibrosis. Despite some variability, it has been possible to propose cutoff
values for stiffness of stage F3 and for F4. F1 and F2 fibrosis stages present mild
increase stiffness and are not discriminated by shear wave methods. In a recent
meta-analysis, transient elastography measurement of liver stiffness in apparently
healthy individuals has been addressed. The mean stiffness in truly healthy nonob-
ese individuals was 4.68 kPa (95% CI, 4.64–4.73). Statistically significant modifiers
of stiffness included diabetes, dyslipidemia, waist circumference, serum transami-
nases (AST), and systolic blood pressure (Bazerbachi et al., 2019). It also appears
clear that the proposed cutoff values for fibrosis stages should be adapted when in-
flammation and cholestasis are present. In the following table, we have summa-
rized the different studies validating the connection between stiffness (measured by
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shear wave method) and fibrosis stages in various liver diseases, in an updated ver-
sion of a Table 6.6.2 published in Mueller and Sandrin (2010).

In addition to this clinical validation of the correlation between liver stiffness
and cirrhosis, a met-analysis included 32 studies for the use of transient elastogra-
phy to detect the presence of esophageal varices. The pooled sensitivity, specificity,
and diagnostic odds ratio were 0.8 (95% CI, 0.78–0.86), 0.68 (95% CI, 0.62–0.74),
and 10 (95% CI, 7–14) for any EV; 0.81 (95% CI, 0.77–0.85), 0.72 (95% CI, 0.66–0.77),
and 11 (95% CI, 8–15) for substantial EV; and 0.92 (95% CI, 0.83–0.96), 0.78 (95% CI,
0.70–0.85), and 40 (95% CI, 15–107) for large EV (Cheng et al., 2018). Transient elas-
tography appeared, also, as a relevant clinical tool for assessment of complications of
cirrhosis in a non-invasive manner.

The clinical validation performed in these studies were associated with a selec-
tion of patients for which the transient elastography could be performed. Indeed,
various factors have been identified that could increase liver stiffness:
– Hepatitis (inflammation)
– Obstructive cholestasis
– Liver congestion
– Cellular infiltrations
– Amyloidosis

Steatosis, even if a major provider of chronic liver disease, is usually associated
with a decrease of liver stiffness. In order to cope with these confounding factors,
the assessment of fibrosis by transient elastography in a clinical setting could be
described as follows (Figure 6.6.2).

Table 6.6.1: A summary of various methods used to quantify mechanical properties of the liver.

Method Vibration
mode/
source

Frequency Advantages Limitations

Static elastography Quasi-static
compression

None NA Widely
available

Qualitative

Magnetic resonance
elastography

Shear wave Continuous
mechanical
actuator

– Hz D/D
stiffness
mapping

Expansive, pacemaker

Acoustic radiation
force impulse (ARFI)

Shear wave Transient
radiation
force

Ascites No clinical validation

Vibration-controlled
transient
elastography
(Fibroscan®)

Shear wave Transient
radiation
force

 Hz Clinical
validation

Obesity, ascites,
limited range of
stiffness values
(.– kPa)
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6.6.3 Is There a Place for Atomic Force Microscopy
in Liver Stiffness Assessment?

Atomic force microscopy (AFM) is a technique coming from physics that has been
used to assess mechanical signature in cell biology for more than a decade and re-
cently its use on human tissues has gain interest (Plodinec et al., 2012). AFM
presents several advantages, such as the possibility of combining topographical
and mechanical (rheological) imaging with high spatial and force resolution, as
well as adding specific mapping abilities using functionalized probes. This surface
technique is only applicable on tissue samples from surgical procedure or biopsies.
Fresh samples are released from internal or external pressure, and the elasticity of

Table 6.6.2: A correlation between stiffness and fibrosis stage in various liver diseases.

Patients Number of
patients

Correlation
fibrosis-stiffness

AUC
F

AUC
F

Cutoff
F
(kPa)

Cutoff
F
(kPa)

References

HCV  ND . . . . Castéra et al. ()

HCV  ND . . ND ND Kettaneh et al. ()

HCV/HIV  . (p < .) . . ND . de Lédinghen et al.
()

HBV  . (p < .) . . ND  Marcellin et al. ()

ALD  . (p < .) . .  . Nguyen-Khac et al.
()

ALD  . (p < .) . .  . Mueller et al. ()

NAFLD  ND . . . Wong et al. ()

PBC/PSC  . (p < .) . . . . Corpechot et al. ()

PBC  ND . ND ND Gómez-Dominguez et al.
()

Prospective
study for
liver biopsy

 . (p < .) . . . . Guibal et al. ()

HBV/NAFLD  ND . . . . Zhang et al. ()

Abbreviations: HVC, hepatitis C virus; HBV, hepatitis B virus; ALD, alcoholic liver disease; NAFLD,
nonalcoholic fatty liver disease; PBC, primary biliary cirrhosis; PSC, primary sclerosing cirrhosis;
AUC, area under the curve; ND, not determined.
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the tissue measured by AFM will be directly related to extracellular matrix deposi-
tion and cellular infiltration. Few studies have used AFM to study liver tissues. One
study directly addressed the question of the mechanical signature during hepato-
carcinogenesis using the DEN (diethylnitrosamine) rat model. In this model, ani-
mals develop HCC on a cirrhotic liver. Using a V-shaped probe, the authors were
able to follow the increase of rat liver stiffness during the course of the disease.
Control rats without exposition to DEN were found to have a liver stiffness of 0.18 ±
0.06 MPa. Rats exposed to 8 weeks of DEN were found to have an increased stiff-
ness at 0.25 ± 0.06 MPa and cirrhotic rats after 12 weeks of DEN presented a stiffness
of 0.39 ± 0.06 MPa. HCC appeared after 16 weeks of DEN without differences from
the cirrhotic state. The stiffness was measured at 0.42 ± 0.07 MPa (Gang et al.,
2009). A recent study specifically addressed the mechanical signature associated
with the HCC apparition. Using a pyramidal probe, they find a bimodal distribution
of elasticity in samples from human livers. They also reported that HCC was associ-
ated with a downward shift of the lowest elasticity peak and could be used as a me-
chanical fingerprint of malignancy (Tian et al., 2015). These promising results need
to be confirmed, but AFM appears as a new tool for diagnosis and prognosis in
chronic liver diseases.

Liver stiffness
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No chronic liver disease
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• Stiffness > 12.5 kPa = F4
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oesophageal varices
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interpret

Figure 6.6.2: Assessment of liver stiffness according to various clinical conditions (Mueller and
Sandrin, 2010).
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Prem Kumar Viji Babu, Manfred Radmacher

6.7 Mechanics of Dupuytren’s Disease

Dupuytren’s disease is a connective tissue disorder of the hand, which leads to, and
to a larger extent causes, alteration in the pathological tissue mechanical properties.
The primary function of connective tissue in interplay with tendons and ligaments is
to support various cellular types by providing a suitable microenvironment mainly
defined by macromolecular proteins found in the constituting cells and the surround-
ing extracellular matrix (ECM). Investigating the mechanical behavior of tissues
started in the late 1950s, where the mechanical response and structure of the connec-
tive tissues were characterized on the macro level. This load-bearing biological tissue
withstands the mechanical tension created within the body and thus restores the
overall tissue and organ-level orientation to its original configuration. Most of the
connective tissues are abundantly enriched with collagen and elastin, which makes
them the predominant mechanome. Large-scale mechanical studies were con-
ducted using the so-called Instron testing machine on these collagenous and elasti-
nous tissues and their varying proportions in particular tissues directly affect its
mechanical response (Greenman et al, 2012). Stress-relaxation tests were conducted
on tissues extracted from different parts of the human body including lung, aorta,
tendon, dura mater, pericardium, or skin from the thoracic or abdominal regions
(Dunn et al, 1983). Nevertheless, there is still a need to conduct micro- or nanoscale
mechanics on connective tissues using nanoindenters or atomic force microscopy
(AFM). This could help to understand cell and ECM architecture in tissues and also
help to follow their dynamic interplay at the tissue level. Basically, ECM components
such as collagen, elastin, glycoproteins, proteoglycans, and glycosaminoglycans are
synthesized by the cells of connective tissue, namely fibroblasts. Connective-tissue-
linked diseases are mostly originating by the disordered biochemical or biophysical
cues that are invoked in these fibroblasts and its surrounding matrices. The patholog-
ical aspects of connective tissue are mainly investigated from the viewpoint of protein
expression level such as its secretion, orientation, degradation, and dynamics. But,
further exploration in diseased tissue mechanics leads to the basic understanding of
the pathological tissue elasticity, thus comparing it to the healthy tissue phenotype.
This can be related to the identification of many connective-tissue-related diseases
such as fibrosis. The formation of abundant connective tissue filaments creates a
dense and hardened environment which leads to organ-specific fibrosis, namely in
the lung, kidney, liver, heart, and skin (Jun et al., 2018). For example, the stiffening
in human lung fibrosis compared to healthy lung in both native and decellularized
states was observed by AFM (Booth et al., 2012).
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Dupuytren’s disease is a fibrocontractive disease that affects the cords and nod-
ular region of the palmar aponeurosis, which leads to the permanent contracture of
the finger joints (Figure 6.7.1A). Distortion of tissue architecture by the excessive

Figure 6.7.1: (A) Schematic drawing of the stepwise cords and nodules stiffening, which leads to
finger contracture (reproduced without permission from https://cliffordcraig.org.au/dupuytrens-
disease-research-update/). (B) Normal fibroblast from normal healthy dermal region of the skin
and Dupuytren’s fibroblast from palmar fascia of the same Dupuytren’s diseased patients shows
distinguishable phenotypes: large and no/less stress fiber formation in Dupuytren’s and normal
fibroblasts, respectively. Scale bar: 50 µm.
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deposition of ECM and uncontrollable exertion of contractile forces on ECM by my-
ofibroblasts leads to the fibrotic environment. From the mesenchyme family, fibro-
blasts synthesize, degrade, and maintain the ECM, thus providing a meshwork for
other cell types to coordinate at the tissue and subtissue level organization and
function. Fibroblasts, by acquiring myofibroblast phenotype, actively participate in

Figure 6.7.2: (A) Schematic drawing of the experimental setup to follow the fibroblast and its
microenvironment mechanics by recording mechanical maps of high resolution. Maps were
obtained on the decellularized/synthesized matrices at each step: bare, cell occupied, and cell
removed in order to follow the mechanical changes. (B) Histogram representation of Young’s
modulus shows that normal fibroblast softens the matrices on the larger degree whereas
Dupuytren’s fibroblast stiffens its microenvironment (Reprinted with permission from Viji Babu
et al. (2019)).
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wound healing. However, loss of their apoptosis or reversion to a fibroblast pheno-
type after the wound has healed results in various pathological reactions related to
connective tissue disorder. Viji Babu et al. have studied the mechanical and migratory
properties of fibroblasts and myofibroblasts extracted from the same Dupuytren’s pa-
tient (Figure 6.7.1B). They observed that normal fibroblasts are softer and migrate
faster than Dupuytren’s fibroblasts, which exhibit a myofibroblast-like phenotype (Viji
Babu et al., 2018). This can be inferred from the expression of alpha-smooth muscle
actin and the formation of long stress fibers in Dupuytren’s fibroblasts. In this study,
it has been found that Dupuytren’s fibroblast mechanics depends on substrate stiff-
ness, showing the interplay between cell mechanics and ECM stiffness and vice versa.

In another study from the same research group, AFM force spectroscopic experi-
ment was designed to mimic their subtissue level dynamics of cell and ECM by seed-
ing normal and Dupuytren’s fibroblasts on decellularized matrices (Figure 6.7.2A).

These decellularized matrices, differing in their biochemical and biophysical
cues, are used to study the interdependent interplay between fibroblasts and their
microenvironment. Normal fibroblasts tend to soften its surroundings, whereas Du-
puytren’s fibroblasts stiffen the decellularized matrix, MatriDerm (Viji Babu et al.,
2019) (Figure 6.7.2B). These findings could be related in the future to the tissue-
level mechanics in such connective tissue disorders, including Dupuytren’s con-
tracture explored using AFM.
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Wolfgang H. Goldmann

6.8 Intermediate Filaments

Abstract: Intermediate filaments (IFs) are one of the three types of cytoskeletal pol-
ymers that resist tensile and compressive forces in cells. They cross-link with each
other as well as with actin filaments and microtubules by means of proteins such as
desmin, lamin (A/C), plectin, and filamin C. Mutations in these proteins can lead to
a wide range of pathologies, some of which exhibit mechanical failure of the skin,
skeletal, or heart muscle.

Keywords: cellular mechanics, desmin, filamin C, intermediate filaments, lamin (A/C),
plectin

6.8.1 Introduction

Intermediate filaments (IFs) are found in many cell types and are part of the actin
filament and microtubule cytoskeleton (Figure 6.8.1). They extend throughout the
cytoplasm connecting the nuclear and cell membrane and are responsible for cell
morphology and mechanics (Capetanaki et al., 2007, Fletcher and Mullins, 2010,
Etienne-Manneville, 2018). While extra-sarcomeric IFs constitute a filamentous net-
work through a number of cross-linking and regulatory proteins in cells that con-
nect membrane-anchored structures with Z-disks, sarcomeric IF proteins integrate
the cytoskeleton with organelles such as mitochondria and nuclei. Various IF pro-
tein types have been described in many cell types, whose staggered assembly into
protofilaments impart high tensile strength, thus enhancing their resistance to com-
pression, stretching, and bending forces (Herrmann et al., 2009, Goldman et al.,
2011, Köster et al., 2015, Herrmann and Aebi, 2016, Brennich et al., 2019).

In the following, the four prominent proteins (desmin, lamin (A/C), plectin, and
filamin C) from an IF network will be described in terms of their biological, disease,
and mechanical function in living cells. Such IF proteins have been reported as im-
portant contributors to cellular contractility and prestress and serve as molecular
“guy wires” that facilitate the transfer of mechanical loads between the cell surface
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and the nucleus, and thereby stabilize microtubules and actin filaments (Winter and
Goldmann, 2015). A complete list of all IF proteins and their characteristics in various
cell lines is provided in Cooper (2000).

6.8.2 Desmin and Diseases

Desmin is the most commonly studied disease entities in human myofibrillar myopa-
thies. It belongs to the group of IFs that form 3D extra-sarcomeric filamentous net-
works in cells and is responsible for a number of functions, including maintenance of
sarcomeres, specific positioning of organelles, and cell signaling. Desmin-deficient
cells compromise the general organization of muscle fibers in that they misalign and
mislocate myofibrils and mislocate nuclei and mitochondria. In certain neurodegen-
erative diseases, desmin mutations can trigger increased oxidative stress and cause
abnormal protein aggregates. Moreover, inhibition of the clearance mechanisms dur-
ing ageing might exacerbate protein accumulation and contribute to the progression
of the disease (Schröder et al., 2007, Schröder and Schoser, 2009, Clemen et al.,
2009, 2013, Winter et al., 2019, Herrmann et al., 2020, Spörrer et al., 2022).

Figure 6.8.1: A representation of the intermediate filament proteins in the cell. These interact with
the actin cytoskeleton connecting with integrins, the nuclear membrane, and intercalated disk,
forming a tight cellular filament network. The different proteins are color-coded in the graph.
Taken from Cell Biol. Int. (2018) 42: 321 with permission.
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The autosomal dominant missense p.Arg350Pro belongs to a subset of desmin
mutations as the most commonly reported mutation. The exchange of arginine
through proline affects the unfolding during desmin assembly that could lead to IF
collapse. To date, the propensity of desmin mutants to modify the normal organiza-
tion of myogenic cells has only been analyzed in murine C2C12 myoblast clones, ex-
pressing exogenously desmin mutants (Charrier et al., 2016). Disease mutations
identified more recently showed skeletal and cardiac myopathies that correlate
with pathological protein aggregation. Mücke et al. (2016) dissected the pathway
and the kinetics of desmin assembly, in detail; and it was shown that its pathway
deviates significantly from that of vimentin, another IF protein (Mücke et al., 2018,
Schween et al., 2022). Further, comparing the assembly kinetics of mutant and wild-
type desmin indicated how the interaction between the plakin family and cellular
chaperones influence the assembly.

6.8.3 Desmin and Cell Mechanics

An important question raised within the present research community is the func-
tion of desmin and how its mutants exert their deleterious effects on human skele-
tal and cardiac muscle cells, with respect to their structure and function. Here,
desmin is a key component of the 3D filamentous extra-sarcomeric cytoskeleton
that interlinks neighboring myofibrils at the Z-disk, connecting the entire myofibril-
lar apparatus to costameres, intercalated discs, myotendinous, and neuromuscular
junctions (Hnia et al., 2015). This network provides important anchorage points for
the alignment of myofibrils and for the attachment to the sarcolemma, nuclei, and
mitochondria by performing the important function of adapting striated muscle fi-
bers to active and passive stresses. Studies in desminopathic patients showed that
heterozygous/homozygous mutations affect the structure and function of the extra-
sarcomeric network in different ways; however, nothing is known about the early
disease stages that actually precede the clinical manifestation of muscle weakness
in human desminopathies. To address this issue, Clemen et al. (2015) used hetero-
and homozygous R349P knock-in mice, which possess the ortholog of the most fre-
quently occurring human desmin missense mutation, R350P. The mice exhibited
age-dependent skeletal muscle weaknesses, dilated cardiomyopathies, cardiac ar-
rhythmias, and conduction defects. Further, as described in a mouse model, mor-
phological and biomechanical alterations were evident in the early disease stages.
Using nonlinear second harmonic generation (SHG) and 2-photon fluorescence mor-
phometry analysis in combination with active and passive biomechanical record-
ings of muscle fibers, Diermeier et al. (2017a) unveiled an early disease pattern, in
which mutant desmin showed aberrant myofibrillar alignment and orientation as
the basis for compromised active force production. These authors showed altered
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passive and biomechanical properties, which made them more prone to fiber dam-
age and provided initial insights into adaptive mechanisms that may compensate
for force discrepancies in preclinical disease. Further, Diermeier et al. (2017b) used
small fiber bundles from unfixed soleus mice muscles in multicellular biomechan-
ics experiments. Since the morphological pathology of R349P desmin knock-in mice
is most prominent in soleus muscle, these researchers restricted their biomechani-
cal experiments to this mutation.

Fiber bundles were also used in a mechatronic device called “MyoRobot,” which
was custom-built, is automated, and mimics skeletal muscle (Haug et al., 2019). The
fiber bundles, here, were measured by a force transducer pin and software-controlled
voice coil actuator. An automated image-processing algorithm developed by Buttgereit
et al. (2013) was used for the morphometric analysis of 3D SHG and multiphoton fluo-
rescence images. A second morphometric parameter extracted from SHG microscopy
called “verniers” described Y-shaped deviations that resulted from out-of-register devi-
ations in the regular signal pattern of adjacent myofibrils (Friedrich et al., 2019).

These researchers tested the hypothesis that the mutated R349P desmin also ex-
erts a detrimental effect on biomechanics by testing the steady-state axial elasticity
of small fiber bundles. Two recordings from DesR349P soleus fiber bundle experi-
ments were carried out with simultaneous measurements on the individual, stretch-
related, passive restoration force. Results from quasi-static passive biomechanics
showed higher axial elastic stiffness in hetero- and homozygous DesR349P soleus
fiber bundles compared to the wildtype (Diermeier et al., 2017b). To determine the
viscoelastic behavior of soleus fiber bundles from DesR349P mice, stretch-jump ex-
periments were also performed by stretching bundles successively; however, the re-
laxation kinetics proved inconsequential among the genotypes.

Subcellular morphological alterations detected by SHG provided a structural
basis for explaining early alterations in biomechanical properties of slow-twitch mus-
cle in DesR349P desminopathy (Buttgereit et al., 2013, 2014). Since desmin is also
known to link to the nuclear domain and the sarcoglykan complex of muscle fibers
(Goldfarb and Dalakas, 2009), an impairment of mutant DesR349P desmin as a means
to contribute to lateral compliance was also suggested by Bonakdar et al. (2012) for
human DesR350P myoblasts. Further evidence for the effects of the DesR350P mutation
on the viscoelastic properties of IF-networks emerged from in vitro bulk assembly
studies, where DesR350P exhibited a merely weak increase in viscosity, when assem-
bled on its own, but showed a marked hyperviscosity when co-assembled with equi-
molar amounts of wildtype desmin (Bär et al., 2006). Interestingly, mutations in the
tail domain of desmin highlighted diminished stiffening in filament networks (Bär
et al., 2010).

Each of the aforementioned studies provided initial insights into the detailed ef-
fects of the murine R349P desmin knock-in mutation on the passive and active bio-
mechanical properties in preclinical stages of skeletal muscle, where desmin-positive
protein aggregates are not yet present. The studies are supported by state-of-the-art
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multiphoton microscopy data that showed vast morphological alterations in the sub-
cellular architecture of both fast- and slow-twitch muscle fibers, which point toward
myofibrillar lattice disruptions that are more evident/accentuated in slow-twitch
muscle (soleus). The lattice disruptions and less tightly oriented myofibrils suggest a
compromise in biomechanical properties consistently observed in the passive quasi-
static elasticity and for viscoelastic properties. Simply speaking, desminopathic mus-
cle fiber bundles, myofibrillar bundles, as well as the membrane complex in myo-
blasts carrying the very same mutation were much stiffer compared to wildtype
desmin. The severity of increased stiffness depended on the maturation level and
was more pronounced in homozygous mutations in the preclinical adult stages (fiber
and myofibrillar bundles). This might explain why affected muscles are prone to
stretch-induced injury and aggravate subsequent protein aggregate formation, which
is more pronounced in slow-twitch muscle. Interestingly, homozygous soleus muscle
fibers show, by means of a mechanism not yet confirmed, a compensation of force
over heterozygous preparations that otherwise reflect reduced myofibrillar Ca2+ sensi-
tivity. Since the heterozygous DesR350P genotype in humans is pathologically predom-
inant, as reflected by the murine DesR349P genotype, the specific result fully explains
the detrimental effects of a single mutated desmin allele in affected patients: compro-
mised passive extensibility of muscle, cellular architecture, and active force produc-
tion (Diermeier et al., 2017b).

6.8.4 Lamin A/C and Diseases

Nuclear lamins are cytoskeletal proteins that belong to the family of IFs and are lo-
cated on the inner nuclear membrane. There are two main classes of lamin proteins,
A and B-type. B-type lamins are further classified into B1-lamins and B2-lamins en-
coded through the genes LMNB1 and LMNB2, respectively. As many mutations and
particularly the lack of B-type lamins were found to be lethal to cells, no genetically
inheritable disease is connected to mutations in the LMNB genes. In contrast to that,
LMNA, the gene that encodes the A-type lamins A, AD10, C, and C2 is one of the most
mutated genes in humans. The loss of A-type lamin function, however, can still lead
to serious diseases, so-called laminopathies. The most prominent of these diseases
are Emery-Dreifuss muscular dystrophy, cardiomyopathies, and premature ageing
syndromes like Hutchinson-Gilford progeria syndrome. All the above laminopathies
can be correlated to point mutations on the LMNA gene. Thus, the exact mechanism
between the nanoscale punctual mutation and macroscopic changes of the tissue of
diseased patients is largely unclear. It has repeatedly been suggested that laminopa-
thies stem from a disturbance of a gene-regulating function in the LMNA gene. A gen-
eral mechanical weakness, likely caused by diminished nucleocytoskeletal integrity
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after lamin A-loss, has previously been suggested to cause laminopathy (Bonne
et al., 1999, Moir et al., 2000, Vignier et al., 2018, Pfeifer et al., 2019).

The nucleus is the most prominent cell organelle in all eukaryotic cells. It contains
most of the cell’s genetic material in the form of heterochromatin, euchromatin, and
nucleoli, and protects and controls the genetic replication machinery. The nucleus
regulates gene expression through various transmembrane nuclear pore complexes
and channels and defines cell mechanical properties to a large extent, due to its domi-
nating volume and higher stiffness. The deformability of the cell nucleus may likely
be regulated by the state of chromatin, since chromatin condensation correlates with
cell stiffness. The cell nucleus is surrounded by the nuclear membrane and stabilized
by the nuclear skeleton, also called the nuclear lamina. The lamina is an organized
meshwork of IFs, mainly lamin A/C and B, located at the interior boundary of the nu-
clear membrane, providing support and anchoring points for pores and channels. The
nuclear lamina is connected to the cell cytoskeleton, e.g., to actin, microtubule, and
IFs through LINC-complexes. These are assembled by the transmembrane proteins,
SUN and nesprin, which interact with molecular motors such as dynein (Fatkin et al.,
1999, Lloyd et al., 2002, Broers et al., 2004, Brull et al., 2018).

6.8.5 Laminin A/C and Cell Mechanics

IFs are a family of related cytoplasmic and nuclear proteins, which are, on average,
10 nm in diameter. They are categorized into six subfamilies according their similarities
to amino acid and protein structures. Prominent examples are keratins (I and II), des-
min and vimentin (III), neurofilaments (IV), lamins (V) and nestin (VI) (Mücke et al.,
2018). The existence and number of certain IFs greatly depend on the cell type and
their function. IFs are the least stiff of the three cytoskeletal proteins, having a Young’s
modulus of around 4 × 106 (Pa) (Charrier and Janmey, 2016). Moreover, they have a
persistence length of only 1 micrometer, but are reported to counterbalance large
strains. Lamins were found to play an important role in the cell’s protection against
nuclear stresses during the migration through confined spaces, thereby the nuclear
lamina is assumed to function as protection against DNA compression and shear.

Local force generation, dynamic modification of stiffness, the viscosity of cells,
and their responses to traction or compressional forces are general hallmarks of cel-
lular and tissue mechanics (Dahl and Kalinowski, 2011). These parameters were ex-
amined by Lee et al. (2007) in lamin A-deficient mouse embryonic fibroblasts (MEFs).
Either the disassembly of actin filaments or microtubule networks proved to lead to
the decrease in cytoplasmic elasticity and viscosity. Further, studies by Lanzicher
et al. (2015), using atomic force microscopy (AFM) on cardiomyocytes, which carry a
lamin A/C mutation (D192G), showed increased maximum nuclear deformation load,
nuclear stiffness, and fragility compared to control cells. They deduced from their
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experiments that a non-association of the cytoskeleton with lamins was the trigger
for cellular morphological and adhesive changes that could lead to reported fatal car-
diomyopathies (Chatzifrangkeskou et al., 2018). Aptke et al. (2017) investigated the
mutation E145K on lamin A, which has been shown to cause Hutchinson-Gilford pro-
geria syndrome (HGPS), by using the atomic force microscope. They found that this
mutation dramatically increased nuclear stiffness compared to the wildtype in Xeno-
pus oocytes.

Mechanical studies on lamina A-mutated in vitro systems have been conducted
in a wide range of research facilities during the last years (Nikolova et al., 2004, Lam-
merding et al., 2004, 2006, Osmanagic-Myers et al., 2015b, Mitchell et al., 2015, Kolb
et al., 2017). Pivotal results from Lange et al. (2015, 2017) showed that lamin A, in
contrast to B-type lamins, is linked to cell mechanosensing, suggesting that lamin A
is upregulated on stiffer matrix surroundings. Moreover, lamin A was found to hin-
der, but at the same time, to protect the cells against nuclear stresses during cell mi-
gration through confined spaces. Thereby, the nuclear lamina is assumed to function
as protection against DNA compression and shear. Still, several questions remain un-
clear, one of which is, how the loss of lamin A results in a possible overall cell weak-
ening, where the dose–response of lamin A-loss or overexpression on cell mechanics
is concerned. In studies with K562 leukemia cells overexpressing lamin A, Lange
et al. (2015) used the microconstriction methods and investigated lamin A fluores-
cence extension. Depending on the fluorescence expression levels after measure-
ment, cells were sorted accordingly. This can be attributed to the fact that averaging
the mechanical properties over the entire population would almost certainly lead to
biased results. Such mechanical properties would, in turn, strongly depend on the
transfection efficiency during the actual transfection process.

Expression levels of nuclear lamins have also widely been connected with over-
all cell stiffness and fluidity. All three network components are highly connected to
each other, to the nucleus via LINC complexes, and to the cell membrane via focal
adhesion sites and integrins. This poses a problem, when investigating the mechan-
ical properties of reconstituted cytoskeletal networks in vitro and applying this
knowledge to the in vivo complex system of a cell cytoskeleton.

Summarizing the above, cell mechanical measurements with a microconstric-
tion setup showed that cell stiffness increases significantly in a dose–response
manner with lamin A-overexpression level. At the same time, cell fluidity decreases
significantly. The reason for this clear-cut correlation may be that lamin A supports
the integrity of the nuclear lamina. The nuclear lamina, in turn, is connected to all
other cell cytoskeletal components through so-called LINC complexes and might
therefore provide stability for the actin cytoskeleton, as well. These results are in
accordance with previous measurements on lamin A overexpressing adherent cells
and nuclei. To the author’s knowledge, a dose–response curve associating lamin A
overexpression with cell stiffness and fluidity has not been explored.
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Recently, Schürmann et al. (2016) examined the cellular mechanics of human fi-
brosarcoma (HT1080) cells in 2D under isotropic stretch in cells with overexpressed
lamin A. From their results, they assumed stiffening of the nucleus membrane area
and the cytoskeleton, as the cell area was smaller in these cells, compared to control
cells for stretches up to 10%. The authors showed that, the increased stiffness of the
mutant HT1080 cells resulted in complete detachment of cells from the extracellular
matrix at 15% stretch, which confirmed the stiffening of the global cellular cytoskele-
ton through an isolated increase in nuclear stiffness in lamin A overexpressing cells.

To explain how mutations in lamin A of the nuclear envelope can affect the heart
muscle, it has been proposed that nuclear envelope abnormalities can cause cellular
fragility and decrease the mechanical resistance to stress. This could partially explain
hypertrophic cardiac muscle disease, considering that the heart muscle is constantly
subjected to mechanical force. It is believed that abnormal activation of stress-
activated ERK1/2 signaling in mice hearts that carry lamin A mutations might be the
cause. Administering drugs which inhibit ERK1/2 signaling could improve cardiac
ejection fraction. Recent observations by Schwartz et al. (2017) also showed that path-
ogenic LMNA mutations in human muscle precursor cells, which are responsible for
severe muscle dystrophies, exhibit accumulated contractile stress fibers, increased
focal adhesions, and higher traction force, compared to control cells. Thus, deactivat-
ing the ROCK-dependent regulator, formin, responsible for remodeling actin, pre-
serves the morphology of mutant cells. Further, the functional integrity of lamin/
nesprin-1 is necessary to modulate formin and cellular mechanical coupling. Previ-
ously, the role of cell and nuclear stiffness was investigated on multiple cell lines
(the fibrosarcoma cell line HT-1080 and the breast cancer cell line MDA MB-231).
These cell lines overexpressed lamin A that migrated through 3D devices consisting
of a linear channel with a length of 630 μm, height of 3.7 μm, and decreasing channel
width from 11.2 to 1.7 μm (Lautscham et al., 2015). All cell lines showed reduced cell
migration, which was attributed to higher cell stiffness and lower adhesiveness. To
separate the effect of cell stiffness from other invasion-modulating cell properties,
the expression levels of lamin A were increased, which correlated with nuclear stiff-
ness. The authors hypothesized that cells with higher lamin A levels experience
higher resistance, when migrating through confined spaces due to the increased cell
stiffness. In another study, the effect of lamin A by means of microconstriction
method was investigated (Lange et al., 2015). To test how lamin A overexpression af-
fects the overall cell mechanical properties, the stiffness and fluidity of various cells
(leukemia cells, K562, and breast cancer cell line, MDA MB-231) were measured. Com-
pared to wildtype cells, the stiffness cells that were overexpressed by lamin A in-
creased significantly (Lange et al., 2017). This data confirms that lamin A contributes
greatly to cell stiffness, but the method does not discriminate between the stiffness of
the cell nucleus and the cytoskeleton. Lange et al. (2017) were ultimately unable to
exclude the possibility that lamin A overexpression leads to altered cytoskeletal me-
chanics and structure.
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More recently, we investigated the impact of A-type lamin (p.H222P) mutation
on the mechanical properties of muscle cells by microconstriction rheology. We
demonstrated that the expression of point mutation of lamin A in muscle cells in-
creases cellular stiffness compared to cells expressing wild type lamin A, and that
the chemical agent selumetinib, an inhibitor of the ERK1/2 signaling, reversed the
mechanical alterations in mutated cells. These results highlight the interplay be-
tween A-type lamins and mechano-signaling, which are supported by cell biology
measurements (Chatzifrangkeskou et al., 2020).

6.8.6 Plectin and Diseases

Plectin was first reported by Wiche et al. (1982), who found that plectin gene defects
cause epidermolysis bullosa simplex with muscular dystrophy (EBS-MD). This, in
turn, is characterized by severe skin blistering and muscular dystrophy. Using skel-
etal muscle, Wiche et al. (1982) showed that at least four plectin isoforms are re-
sponsible for targeting and linking desmin IF networks to Z-disks, costameres,
mitochondria, and the nuclear/ER membrane system, severe skin blistering, and
muscular dystrophy. Plectin deficiency leads to desmin aggregation and mito-
chondrial dysfunction. Further, they established numerous plectin isoform-specific
knock-out mouse strains, elucidating the function of plectin in normal and EBS-MD
muscles (Andrä et al., 1997). Moreover, Konieczny et al. (2008) established several
plectin isoform-specific and conditional knock-out mouse strains, of which two
closely mirror the human EBS-MD muscle pathology. Special focus was directed to
plectin-mediated effects on the structure and function of the desmin cytoskeleton,
mitochondrial positioning, and metabolism, as well as intracellular signaling
events, including AMPK-mediated energy homeostasis, the mTOR pathway, and
apoptosis.

6.8.7 Plectin and Cell Mechanics

Plectin is a prominent cytoskeletal linking protein based on IFs. It strengthens cells
mechanically by interlinking, anchoring cytoskeletal filaments, and acting as scaf-
folding- and docking platform for signaling proteins. In this function, it controls the
dynamics of the cytoskeleton; however, research results of its biomechanical effects in
muscle are scarce. Hijikata et al. (1999) showed that plectin links desmin IFs to Z-disks
and prevents individual myofibrils from disruptive contractions. Although Na et al.
(2009) examined its role in setting cell stiffness, stress propagation, and traction gen-
eration in wildtype plectin and plectin-deficient skin fibroblasts, its influence on mus-
cle biomechanics through the various organ scales was not known. Thus, Bonakdar
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et al. (2012) showed that pathogenic plectin mutations cause increased cell stiffness
due to higher baseline contractile activation. This leads to higher intracellular stress
during cyclic stretch and, consequently, to higher stress vulnerability in muscle. In re-
lated experiments, Winter et al. (2014) investigated the effect of a plectin knock-out in
mouse myoblasts. These experiments are particularly relevant because the same pro-
cedure for obtaining immortalized myoblasts with the knock-out mutations of extra-
sarcomeric cytoskeletal proteins was followed in all subsequent studies. Cell stiffness
was decreased two times in the plectin knock-out cells. In agreement with lower stiff-
ness, plectin knock-out cells showed a higher power-law exponent of the creep modu-
lus, indicating a less stable cytoskeleton and a more fluid-like mechanical behavior of
these cells. Furthermore, plectin knock-out cells were approximately 2.5 times less
contractile, which indicates a diminished cytoskeletal prestress that is likely the pri-
mary cause for lower stiffness in these cells (Bonakdar et al., 2015). The hypothesis
that cell death after stretching is caused by stretch-induced mechanical stress corre-
lates with cell stiffness. Osmanagic-Myers et al. (2015a) confirmed that the softer plec-
tin knock-out cells are approximately twice as less vulnerable to cyclic stretch,
compared to wildtype cells. Almeida et al. (2015) also showed that plectin is an essen-
tial regulator of nuclear morphology and protects the nucleus from mechanical
deformation.

6.8.8 Filamin C and Diseases

Filamin C is an actin-binding and regulatory protein that is closely associated in
myofibril formation. The first mutation in the filamin C gene that caused myofibril-
lar myopathy (MFM) in humans was reported by Vorgerd et al. (2005). Studying the
pathogenic consequences, these authors provided the biochemical evidence for al-
tered filamin C properties that lead to protein aggregation. Further, in-depth studies
on the pathogenesis of filamin C myopathy were carried out by the group of Dr.
Fu ̈rst, who used ES cells stably transfected with wildtype and mutant filamin C as
well as human samples (Fu ̈rst et al., 2013). More recently, compelling evidence of
filamin C’s involvement in human hypertrophic cardiomyopathy was shown with
the help of SIFT and other screening algorithms (Gomez et al., 2017).

In cells, filamin C binds to both alpha-actinin and actin and can interact with the
co-chaperone BAG3 and with the membrane fusion machinery containing the VPS
protein (Selcen et al., 2009). These interactions are essential for chaperone-assisted
selective autophagy (CASA) and found in muscle. Filamin C isoforms may also have
degradation-independent functions in the regulation of mechanical-stress-related sig-
naling pathways, thus necessitating the precise subcellular localization and dynamic
behavior of all filamin C protein variants in muscle cells. Functional studies should
therefore reveal their involvement in mechanically stress-induced degradation and
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signaling. Further, the impact of phosphorylation and the dynamics of complexes
containing filamin C protein, in the context of contractile activity, is of importance; a
similar study was conducted for desmin (Diermeier et al., 2017a).

6.8.9 Filamin C and Cell Mechanics

Filamin C is a key component of sarcomeric Z-disks and cell–matrix contacts, where
it binds to a wide range of cytoskeletal and signaling proteins and to a large number
of proteins, including aciculin, Xin, XIRP2, FILIP-1, myotilin, and podins. Further,
many phosphorylation sites on filamin C have been identified, which could give the
protein a regulatory function. It was shown that mechanical activity directly alters
the dynamic behavior of filamin C and its interaction partners, and that protein com-
plexes are immediately recruited to mechanically damaged areas. A lack or the func-
tional impairment of components in this regulatory network has been reported to
have severe muscle damage in human patients and animal models.

In our first experiments, we asked whether mechanical stress has a different effect
on the dynamics of mutant filamin C than on wildtype cells (Winter and Goldmann,
2015). We were able to show that molecular processes contribute to a reduced me-
chanical stress resistance in diseased muscle cells, using live-cell confocal microscopy
and protein expression studies on myoblasts derived from p.W2710X filamin C knock-
in mice. Early, unpublished results have suggested that: (i) filamin C mutant cells
detach at a higher percentage compared to wildtype cells after external stress appli-
cation, (ii) the strain energy of mutant cells is lower compared to wildtype cells, and
(iii) the stiffness of mutant cells is higher compared to wildtype cells. Some observations
were confirmed by Chevessier et al. (2015), in that mutant filamin C in muscle interferes
with the mechanical stability and strain resistance of myofibrillar Z-disks.

However, more in-depth studies are needed to unravel the biomechanical mecha-
nisms responsible for muscle weakness in the filamin C myopathy (p.W2710X), using
skeletal muscle preparations (whole muscles, fiber bundles, single fibers, myotubes)
from heterozygous and homozygous mice. The role of mutated filamin C affecting the
lateral versus the axial biomechanical properties should be elucidated. This can
be accomplished using force transducer recordings in single myofibers with intact
integrin–filamin C complexes and mechanically skinned fibers after removal of the
sarcolemma, thereby leaving only the filamin C anchorage at the Z-disk. The lateral
compliance can be determined through magnetic tweezer experiments in myotubes
and in intact single fibers among genotypes. As a novel approach, the nonlinear trac-
tions of the integrin–filamin C complex on the extracellular matrix should be consid-
ered with intact cells (myotubes, myofibers) embedded in a collagen hydrogel, and by
applying traction force microscopy to quantify the traction forces in resting and field-
stimulated hydrogels. The central question to be answered through these experiments
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is whether the filamin C-integrin or the filamin C-Z-disk anchorage is more crucial in
determining the compromised biomechanical properties, for instance, in p.W2710X-
filamin C myopathy. In addition, after answering this fundamental biological question,
the efficacy of therapeutic approaches to filamin C treatment in the murine models,
that is, mild exercise regimes and the use of chemical chaperones, should be ad-
dressed. Of relevance and importance is linking these methods to imaging projects so
as to define whether and under which manipulations filamin C also acts as a mobile
fraction in the mutated phenotype, that is, translocating from the Z-disk to the I-band
region, and how this affects biomechanical properties of muscle (Leber et al., 2016).

More recently, Kathage et al. (2017) showed that the filamin C-associated protein,
BAG3 regulates protein synthesis through mechanical strain, and Collier et al. (2019)
reported that phosphorylation of another filamin C-associated protein (HspB1) is re-
sponsible for mechanosensitive chaperone interaction with filamin C. In conclusion,
more in-depth studies are needed to elucidate the effect of mechanical stress on the
localization and dynamic behavior of other filamin C-associated proteins and their
variants.
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6.9 Laminopathies

The primary function of the nucleus of eukaryotic cells is to securely store the cell
chromosomes. A nucleus is surrounded by a double membrane: the outer and the
inner nuclear membrane. The membranes are bridged with nuclear pore complexes,
which facilitate the transport of mRNA into the cytosol. The inner membrane is
underlined by the lamina, an elastic polymeric network, whose principal compo-
nents are lamins, a class of intermediate filament proteins. The lamina offers a scaf-
fold for binding transcription factors and provides mechanical stability to the
nucleus (Sapra, 2020). Mutations in lamins result in laminopathies. One of these is
the Hutchinson-Gilford progeria resulting in premature ageing. It is an inherited
single point defect in the gene of lamin A, resulting in the exchange of amino acid
145 (E145K) (Broers, 2006). This disease is a prototype example, where a conforma-
tional change in a protein leads to a mechanical fingerprint: here, changed stiffness
of the lamin layer and, as a consequence, a modified morphology of the nucleus. In
addition, protein expression is hampered in a very general fashion, possibly in-
duced by the changed properties of the lamina, which, as stated above, can serve
as a scaffold for expression factors.

Despite the interest in the mechanobiology of the cell nucleus and particularly
the lamin layer, there is only limited experimental knowledge on the mechanobiology
of the nucleus (Sapra et al., 2020) and not many studies of the mechanics in lamino-
pathies. The study of mechanical properties of the lamin layer, or even the nuclear
membrane, is very complicated in situ, i.e., within the cell, due to the linkage be-
tween the actin cytoskeleton and the nucleus itself. Tension in the actin cytoskeleton
will deform the nucleus such that tension is built up in the nucleus, and the mechan-
ical properties of the nuclear region will be influenced by the tension of the cytoskel-
eton, and thus not reflect, or only reflect to some degree, the properties of the
nucleus itself (Vishavkarma, 2014). Consequently, in an early study (Schäpe, 2009),
the mechanical consequence of a laminopathy was studied in a model system: Xeno-
pus oocytes. The nuclei of oocytes are easy to isolate due to their size of roughly
500 µm diameter; thus, they can be investigated by the AFM. It has been shown that,
after the expression of human lamin A (wildtype and E145K mutant), the stiffness of
the oocyte increased due to the increased thickness of the lamin layer. At comparable
thicknesses of lamin layers, the networks formed from the mutant lamin were 2–3
times stiffer than the networks formed by the wildtype lamin. Mechanically speaking,
the lamin layer resembles a thin, spherical shell, resulting in a linear force indenta-
tion curve if the tip is smaller than the radius of the curvature of the shell, i.e., the
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nucleus (Boulbitch, 1998). Then, the response of the shell can be considered due to a
point-like force with the consequence of a linear force law, where the apparent spring
constant will depend on the elastic modulus of the shell, its radius, and most impor-
tantly, its thickness. Thus, it was essential, in this study, to characterize the thickness
of the lamin layer by electron microscopy after measuring the apparent stiffness by
AFM. A follow-up study showed that the lamin layer formed by the mutant protein is
stiffer than lamin layers formed from the wild type protein (Kauffmann, 2011). This
corroborates the idea that this mutation may have a mechanic implication. Finally, it
could be demonstrated that nuclei from a progeria patient are much stiffer than nu-
clei from a young, healthy donor and have a similar stiffness as the nucleus of an
older donor (Apte, 2017) (see Figure 6.9.1). Combining all these results, it can be ar-
gued that the mutation, E145K, which leads to the phenotype of Hutchinson-Guildford
progeria in humans, is due to the different mechanical properties of the lamina layer.
Distinct mechanics may change the binding of expression factors; it definitely changes
the morphology of the nuclear lamina, thus resulting in the phenotype of this disease.
So, there is a clear link between the mechanics of the nucleus and disease.
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Figure 6.9.1: (A) Phase-contrast images of isolated nuclei from human skin fibroblasts from an old
patient (OP), a 4-year old progeria patient (PP), and a 10-year old young patient (YP). (B) shows a
typical force with a well-pronounced linear relation between force and indentation as expected
from the response of a thin shell (lamin layer) to a point-like force (from Apte 2017).
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6.10 Integrative Approaches Using AFM
to Study Pathogenic Bacteria
and Infection

During infection, both the infectious agents (toxins, viruses, parasites, and bacteria)
and the host cells act as sensors of their environment and respond to environmental
conditions by using their surface constituents first. Therefore, understanding the bio-
physical properties of pathogens and hosts, especially their surfaces, is the key to un-
derstanding pathogenesis. To this end, the use of AFM has progressively increased
over the years, as a stand-alone technique from which multiple parameters such as
location, adhesion, binding, mechanics, and kinetics can be obtained. Equally emerg-
ing is the combination of this technique with others, such as fluorescence, to elucidate
structure–activity relationships. Here we will review some of the major breakthroughs
in the biophysics of infection by bacteria where the AFM technique has been
paramount.

6.10.1 Bacteria

Pathogenic bacteria have the ability to adhere to a wide range of surfaces, leading
to the formation of biofilms, and to interact and colonize the surface of host cells
during infection. Bacteria have developed a great variety of mechanisms to promote
or regulate their ability to adhere, including adhesion proteins (i.e., adhesins), sur-
face appendages (pili, fimbriae), or hydrophobicity. Exploring the surface proper-
ties of bacteria and getting as much knowledge as possible about the mechanisms
and strategies used during host cell colonization is of prime importance. This
knowledge is also crucial in the face of increasing antibiotic resistance. Improving
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understanding of the structure of the bacterial wall and the effect of antibacterial
drugs on it is the key for developing new antimicrobial strategies.

AFM imaging is certainly, along with electron microscopy, the technique that has
offered the greatest advances in our knowledge of the structure of bacterial cell walls
over the last 20 years. It has the major advantage of being able to work in a liquid
medium, therefore close to the physiological conditions, and thus keep the bacteria
alive during the analysis. We will herein review the potentials offered by the AFM in
this quest for knowledge of structural and biophysical properties of bacteria.

6.10.1.1 Bacteria Immobilization

Since the first applications of AFM in microbiology (Butt et al., 1990), cell immobili-
zation on a solid substrate remains a prerequisite prior to performing AFM imaging
or force measurements. For mammalian cells, a simple preparation method is to ex-
ploit the ability of the cells to spread and adhere to solid surfaces (e.g., glass or bio-
compatible polymers supports) (Matzke et al., 2001, Radmacher et al., 1992). For
bacteria, cell-support contact area is significantly reduced and most of the cells do
not spontaneously adhere to solid surfaces. Thus, a key challenge consists of devel-
oping procedures allowing imaging of the cells in their native state but without cell
detachment by the scanning AFM probe. It then requires a firm immobilization of
the microbial cells on the solid support.

Stronger attachment may be achieved through several approaches (Figure 6.10.1).
Drying a droplet of a concentrated cell suspension on a mica or glass substrate (Amro
et al., 2000) is probably the simplest way to proceed; nevertheless this approach may
lead to significant alterations of the cell walls and thus limiting cell viability (Beck-
mann et al., 2006). In addition, a lack of stability is often observed, and cells can
sweep away during scanning.

Physisorption has been intensively used to immobilize bacteria on flat surfaces
based on electrostatic interactions. Thus, glass or mica can be coated with a poly-L-
lysine (PLL) (Bolshakova et al., 2001, Fantner et al., 2010, Schaer-Zammaretti and Ub-
bink, 2003), PLL hydrobromide (Camesano and Logan, 2000), or poly(ethyleneimide)
(Vadillo-Rodrigues et al., 2004, Velegol and Logan, 2002) to create a positively
charged surface (Figure 6.10.1A). However, such polycations can have significant ef-
fects on bacteria physiology (Colville et al., 2010) and could easily contaminate modi-
fied AFM probes during force measurements. Gelatin-coated mica surfaces were also
used to image gram-positive and gram-negative bacteria (Doktycz et al., 2003, Sulli-
van et al., 2005).

Chemical fixation (Figure 6.10.1B), including covalent binding and cross-linking,
is commonly used to immobilize rod-shaped bacteria. For instance, one commonly
used technique is to treat glass slides with aminosilane so that the bacteria could be
coupled to the amino groups using the N-hydroxysuccinimide (NHS)/1-ethyl-3-(3-
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dimethylaminopropyl)carbodiimide (EDC) treatment (Camesano and Logan, 2000,
Liu et al., 2008). Glutaraldehyde may also be used to enhance immobilization (Raza-
tos et al., 1998). Nevertheless, these two approaches are limited to the study of nonvi-
able cells since bifunctional reagents used for cross-linking and reactive groups used
in covalent binding may affect cell viability (D’Souza, 2001).

As an alternative approach, Kailas et al. (2009) introduced mechanical immobi-
lization of bacteria using lithographically patterned surfaces (Figure 6.10.1C). Inert
surfaces with hole arrays are used to immobilize and image Staphylococcus aureus
cells. Due to the absence of chemical linkage and confinement effects, this ap-
proach appears very promising to follow dynamic events such as cell division (Kai-
las et al., 2009). In a similar way, Cerf et al. (2009) used chemically engineered
template to probe the nanomechanical properties of Escherichia coli bacteria, a
method that could be applied to various microbes (Formosa et al., 2015).

Another possibility is to immobilize the cells mechanically in a porous membrane or
filters (Figure 6.10.1D and E). In this method, microbial cells are trapped in a polymer
membrane with a pore size that is slightly smaller than the dimensions of the cell,
allowing repeated imaging without cell detachment or cell damage (Dufrêne et al.,
1999, Kasas and Ikai, 1995, Touhami et al., 2004). During the last two decades, this
approach has been successfully used to immobilize various round-shaped microbial
cells, including S. aureus (Touhami et al., 2004) or Lactococcus lactis (Gilbert et al.,
2007), and in some occasions rod-shaped bacteria (Vadillo-Rodrigues et al., 2004,
Francius et al., 2008). Only in very rare cases, bacteria spontaneously adhere to the
membrane; it was observed for mycobacteria (Dupres et al., 2005), presumably be-
cause of the strong hydrophobic properties of the cells. Another advantage of the me-
chanical trapping approach is that it allows observing cell surface dynamics, such as
cell growth and division (Touhami et al., 2004, Dague et al., 2008, Turner et al., 2010),
as well as structural changes resulting from cell wall–drug interactions (Francius
et al., 2008, Verbelen et al., 2006) and to probe mechanical properties of individual
proteins (Alsteens et al., 2009, Dupres et al., 2009b). Nevertheless, several disadvan-
tages must be pointed out: (i) the mechanical trapping could exert a pressure on
the cell, (ii) only a small part of the cell appears accessible, and (iii) trapping may

Figure 6.10.1: Different approaches for bacteria immobilization ((A) physisorption, (B) chemical
fixation, (C) patterned surfaces, and (D) mechanical trapping) and AFM image of a Lactobacillus
plantarum cell trapped in a porous membrane (E) (image scan size: 3 µm × 3 µm).
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condition the selection of a bacterial population matching with the pore size. Lim-
itation to commercially available pore sizes was another limitation since Turner
et al. (2010) present an elegant study to modulate pore size using a chemical
treatment.

Finally, bacterial cells have also been immobilized to glass-coated surfaces
with highly adhesive polyphenolic proteins originating from the mussel Mytilus
edulis (Louise Meyer et al., 2010).

To summarize, none of these immobilizing methods appear unambiguously ap-
plicable for all bacterial cells but each microbial specimen should be considered in-
dividually. While mechanical trapping in porous membrane is particularly suited
for yeast cells (Alsteens et al., 2008a, Dupres et al., 2009a), fungi (Dague et al.,
2008), or round-shaped bacteria (Touhami et al., 2004), chemical fixation and phys-
ical adsorption are widely used for rod-shaped bacteria (Schaer-Zammaretti and Ub-
bink, 2003) or gram-negative species (Gaboriaud et al., 2008, Greif et al., 2010).
Moreover, in some occasions, imaging in air is required; this is the case when imag-
ing of lateral bacterial appendices such as pili or flagella (Doktycz et al., 2003).

6.10.1.2 Imaging Bacteria

Already in the mid-1990s, the AFM demonstrated its ability to perform high-resolution
imaging of many different bacterial protein crystals (Karrasch et al., 1994, Engel et al.,
1985, Müller et al., 1995). It took a few more years and substantial improvements in
the AFM instrumentation (both at the level of cantilever probes and imaging modes)
for high-resolution imaging to be transposed to living microorganisms and enable
subnanometer resolution to be achieved on such samples, thus revealing various cell
surface features.

One of the first examples is the evidence of the presence of a crystalline bacterial
cell surface layer (S-layer) on living Corynebacterium glutamicum bacteria (Dupres
et al., 2009b). The presence of two highly ordered surface layers has then been dem-
onstrated. The most external layer represents the hexagonal S-layer, and the inner
layer displays regular patterns of nanogrooves that could act as a bimolecular tem-
plate promoting the 2D assembly of S-layer monomers (Dupres et al., 2009b). More
recent work has enabled to visualize S-layer lattices on Lysinibacillus sphaericus and
Viridibacillus arvi (Günther et al., 2014) and on gram-negative Tannerella forsythia
bacteria (Oh et al., 2013).

As a major component of both the gram-positive and gram-negative bacterial cell
wall, peptidoglycan is the target of antibiotics such as β-lactams and glycopeptides
that will impair its assembly. André et al. (2010) have used AFM to image the nano-
scale organization of peptidoglycan in living L. lactis bacteria. They showed that
wild-type cells display a smooth, featureless surface morphology, whereas mutant
strains lacking cell wall exopolysaccharides feature 25-nm-wide periodic bands,
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made of peptidoglycan, running parallel to the short axis of the cell. Pasquina-
Lemonche et al. successfully imaged at high-resolution the inner peptidoglycan sur-
face, with glycan strand spacing typically less than 7 nm. They were able to discern
morphological differences as a function of the location of the inner peptidoglycan
layer; the cylinder of Bacillus subtilis showed dense circumferential orientation,
while in S. aureus and division septa for both species, peptidoglycan was dense but
randomly oriented (Pasquina-Lemonche et al., 2020).

But the main quality of the AFM is not so much high-resolution imaging itself,
which could also be accessible by other techniques, but the possibility of imaging
live bacteria and thus monitor dynamic events. Hence, Turner et al. (2010) have fol-
lowed the division of S. aureus bacteria trapped in a porous polymer membrane
with near molecular resolution. But one of the most common and interesting appli-
cations of AFM in the field of bacteriology is its ability to directly visualize the effect
of drugs on the bacterial cell wall.

Kasas et al. (1994) were among the first research groups that used AFM imaging
to study the effect of penicillin on the morphology of B. subtilis cells in air. In a sim-
ilar approach, Braga and Ricci (1998) used AFM to visualize the action of cefodi-
zime, a β-lactam antibiotic, on E. coli. Although the impact of these works was
limited by the drying protocol applied during sample preparation, they were precur-
sors and opened the door to numerous studies.

Continuous improvements in bacterial immobilization procedures, as previ-
ously discussed, made it possible to keep the cells alive throughout the analysis,
thus ensuring the relevance of the results obtained. Liquid imaging of living cells
was used by Francius et al. to observe the digestion of S. aureus cells walls by lysos-
taphin, a bacteriolytic enzyme targeting peptidoglycan (Francius et al., 2008).
Time-lapse images collected following addition of lysostaphin revealed major struc-
tural changes in the form of cell swelling, splitting of the septum, and creation of
nanoscale perforations.

The mycobacterial cell wall is overly complex and essential for growth and sur-
vival in the infected host. Due to this complexity, the molecular mechanisms by
which antibiotics affect the cell wall structure and properties remain poorly under-
stood. Verbelen et al. (2006) imaged the surface of hydrated Mycobacterium bovis
bacillus Calmette Guérin (BCG) before and after exposure to ethambutol, an antimy-
cobacterial drug that inhibits the synthesis of the polysaccharidic portion of the en-
velope. They found that the drug dramatically alters the fine surface architecture of
the cells. Interestingly, the concentration of ethambutol causes the selective re-
moval of the outer layers of the cell wall while concentric striations are observed on
top of the remaining layers. In the same perspective, Alsteens et al. (2008b) imaged
the surface of live M. bovis BCG cells prior and after incubation with four antimyco-
bacterial drugs. If the overall integrity of the cells was maintained, all the four
drugs induced substantial modifications of the cell surface architecture (increase of
the surface roughness, layered structures, striations, and porous morphologies).
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These modifications were suggested to reflect the inhibition of the synthesis of
three major cell wall constituents (i.e., mycolic acids, arabinans, and proteins).

The use of antimicrobial peptides (AMPs) is an alternative to conventional anti-
biotics and antimicrobial drugs to fight pathogenic bacteria. These AMPs have been
demonstrated to have their own advantages over the traditional antibiotics with a
broad spectrum of antimicrobial activities, including gram-positive and gram-negative
species (Lei et al., 2019). AMPs usually form a helix structure, act through the bacterial
cell membrane, form ion channels or pores on the microbial membranes, leading to
membrane permeability and causing leakage of intracellular substances to result in
bacterial death (Lei et al., 2019). Nevertheless, how these peptides target and disrupt
bacterial membranes is a key issue since a better knowledge of their mode of action
could prove to be beneficial in the design of new antimicrobial strategies. Since their
introduction a large number of AFM experiments have been attempted to study how
these peptides disrupt membranes, mainly on reconstituted phospholipid bilayers
(Hammond et al., 2021). These samples are flat enough so that subtle differences in
topography can easily be seen, such as pore formation. Nevertheless, bacterial mem-
branes differ greatly from reconstituted bilayers, both in their lipid composition and
in the number of transmembrane proteins that they contain. It is therefore very tricky
to know to what extent the mechanisms of action of peptides on bilayers can be trans-
posed to live membranes. The topography (curvature) of bacterial pathogens makes
high-resolution imaging challenging and does not currently allow detailed mechanis-
tic studies of peptide-induced membrane disruption to be deciphered. Thus, the AFM
studies on living pathogens mainly focused on modifications and alterations induced
by AMPs across the membrane surfaces (Mortensen et al., 2009, Overton et al., 2020,
Meincken et al., 2005).

In an original approach, Fantner et al. (2010) used high-speed AFM to measure
the kinetics of a pore-forming, membrane-disrupting AMP (CM15) on individual live
E. coli cells in an aqueous solution. With a rate of just few seconds per AFM image,
it allows the characterization of the initial stages of the AMP action, revealing a
two-step killing process: a time-variable incubation phase (which takes seconds to
minutes to complete) followed by a more rapid (less than one minute) execution
phase (Figure 6.10.2).

6.10.1.3 Stiffness Mapping of Bacteria

Unlike mammalian cells, bacteria are surrounded by thick, mechanically rigid cell
walls, which resist the internal turgor pressure and play important roles in control-
ling cellular processes such as growth, division, and adhesion (Krieg et al., 2019).
In many bacteria, these cell walls are composed of several layers of peptidoglycan.
As previously mentioned, some antibiotics will directly affect the biochemical ma-
chinery that assembles the peptidoglycan structure, leading to mechanical cell wall
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modifications. Besides imaging, measuring bacterial cell wall stiffness can then
help elucidate the mechanism of antimicrobial compounds.

AFM has been extensively used to probe the mechanical properties of bacteria
(Francius et al., 2008, Formosa et al., 2015, Kasas et al., 2018). In the same way as for
experiments carried out on mammalian cells, force–distance curves are recorded on
the surface of the bacteria. A fitting of the data associated with the contact part of the
approach curve using the Hertz model is generally used to determine Young’s modu-
lus of the bacteria. The values found are in the order of MPa, much higher than those
obtained for mammalian cells, highlighting the stiffness of the bacterial cell walls.
The significant curvature associated with the topography of the bacteria nevertheless
questions the relevance of the values obtained, as the contact area between the tip
and the surface never remains constant with respect to the cell wall region analyzed.

In most experiments, mechanical measurements are correlated with imaging.
Francius et al. (2008) studied the effect of lysostaphin on S. aureus cells. Treatment of
the bacteria with this enzyme was found to decrease the bacterial spring constant and
the cell wall stiffness, demonstrating that structural changes were correlated with
major differences in cell wall nanomechanical properties. Young’s modulus decreases,
indicating a cell wall almost 10 times more elastic after treatment; it was attributed to
the digestion of the peptidoglycan layer by the lysostaphin. This was confirmed by
Loskill et al. (2014) with AFM experiments performed on S. aureus strains expressing a
reduced peptidoglycan cross-linking and showing a reduction in cell wall stiffness.

Measuring cell mechanical properties can also participate to unravel the mecha-
nisms by which AMPs act on the bacterial cell wall. Duramycin is an antibacterial

Figure 6.10.2: Escherichia coli cell disruption induced by CM15, imaged with fast AFM. Time series
of CM15 antimicrobial action. CM15 injected at t = −6 s and images recorded every 13 s, with
resolution of 1024 × 256 pixels and rate of 20 lines/s. The upper bacterium’s surface starts
changing within 13 s. The lower bacterium resists changing for 78 s. Scale bar = 1 µm. Reproduced
from Fantner et al. (2010) with permission.
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peptide that acts specifically on certain gram-positive strains and very rarely on
gram-negative strains. Hasim et al. used AFM to image and probe the mechanical
properties of both susceptible and resistant gram-positive strains. They found that
only sensitive strains exhibit morphological changes that correlate with a decrease in
Young’s modulus values after duramycin exposure while the duramycin-resistant
strains retain their elasticity (Hasim et al., 2018).

Recently, multiparametric AFM has been used to simultaneously acquire high-
resolution imaging and to probe the mechanical properties across the whole cell
surface, thus making it possible to correlate the heterogeneity of the surface to var-
iations in elasticity (Dufrêne et al., 2013; Saar Dover et al., 2015).

6.10.1.4 Single-Molecule Recognition and Molecular Imaging

Bacterial adhesion is the key step in the colonization of surfaces. It is a fundamental
process that occurs both during biofilm formation and infection, leading to the in-
vasion of host cells by pathogenic bacteria. The design of antiadhesive therapies
can be beneficial in the light of increasingly problematic antibiotic resistance. How-
ever, the development of such therapies requires precise knowledge of the molecu-
lar mechanisms used by pathogenic bacteria to colonize the host surface and resist
the mechanical stresses exerted by their environment. It is probably in this direc-
tion that the AFM, and more precisely single-molecule force spectroscopy (SMFS),
has made it possible to make the greatest advances in recent years.

Specific interactions between receptors and related ligands play central role in
bacterial adhesion. SMFS appears as a useful approach to probe the specific interac-
tion between these complexes at the single-molecule level. This requires immobiliz-
ing the ligands, or other (bio)molecules, at the apex of the AFM tip (Hinterdorfer
and Dufrêne, 2006). Several protocols can be followed to attach ligands. A simple
method leading to the formation of a covalent bond between the probe and the li-
gand involves the use of self-assembled monolayers of alkanethiols (SAMs). The
first step is to functionalize the tip surface with SAMs that terminate in carboxyl
functions, which can then be reacted with the amino groups of proteins using EDC
and NHS (Dammer et al., 1995). The investigations of antigen/antibody interactions
require more complicated setup: both antigens and antibodies need firm attach-
ment, their interactions usually depend on geometric factors (steric hindrance must
be avoided) while nonspecific interactions must be reduced (expected specific
forces are in the same piconewton range). To fulfill these requirements, different
flexible cross-linkers were used to covalently attach a biomolecule to a silicon ni-
tride tip (Dammer et al., 1996, Ebner et al., 2007a, 2007b, Hinterdorfer et al., 1996).
As a cross-linker, Ebner and coworkers used poly(ethylene glycol) (PEG), a water-
soluble polymer (6 nm extended length) which is known to prevent surface adsorp-
tion of proteins. Furthermore, the stretching of the spacer is not linear, providing
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characteristic force spectroscopy curves that allow discriminating between specific
and unspecific interaction (Ebner et al., 2007a).

Using such biologically modified probes, AFM can be used to determine how
cell-surface-bound molecules are organized, and how they interact with their envi-
ronment (Dupres et al., 2009a).

Besides peptidoglycan, teichoic acids represent other major constituents of bac-
terial walls. André et al. (2011) used fluorescence microscopy and AFM to image
their distribution in Lactobacillus plantarum, in relation with their functional roles.
AFM topographic images of living bacteria showed a highly polarized surface mor-
phology, the poles being much smoother than the side walls. Both AFM and fluores-
cence imaging with lectin probes revealed that the polarized surface structure
correlates with a heterogeneous distribution of teichoic acids, the latter being ab-
sent from the surface of the poles. Based on control experiments performed on dif-
ferent mutant strains, this heterogeneity was found to play a key role in controlling
cell morphogenesis (surface roughness, cell shape, elongation, and division).

Focusing more specifically on the adhesive properties of bacteria, molecular rec-
ognition based AFM is a valuable tool to detect and reveal the distribution of adhe-
sion proteins, that is, adhesins (Alsteens et al., 2010). For instance, Dupres et al.
(2005) investigated single heparin-binding hemagglutinin adhesins (HBHAs) on the
surface of mycobacteria. Topographic images of the cells immobilized onto porous
polymer membranes revealed a fairly smooth and homogeneous surface, consistent
with both the expected cell wall architecture and earlier scanning electron micros-
copy observations. To address the question of the spatial distribution of the adhesins
across the cell surface, adhesion force maps were recorded using a heparin-modified
tip. These maps revealed that adhesion events were detected in about half of the loca-
tions. Together with blocking experiments, adhesion maps obtained on a mutant
strain lacking HBHA and that did not show specific binding suggest the detection of
single HBHA molecules. Interestingly, the HBHA distribution was not homogeneous
over the mycobacterial surface, but rather concentrated into nanodomains that may
have important biological functions (i.e., promoting adhesion to host cells).

In 2009, the same approach was used to investigate the binding strength and
the surface distribution of fibronectin attachment proteins (FAPs) in mycobacteria
(Verbelen and Dufrêne, 2009). The specific binding forces of FAPs were measured,
and found to increase with the loading rate, as observed for other receptor–ligand
systems. The distribution of FAPs was also mapped with a fibronectin-modified tip,
revealing that the proteins were widely exposed on the mycobacterial surface. The
authors then showed that treatment of the bacterial cells with enzymes or antibiot-
ics led to a substantial reduction of the FAP surface density, confirming that the
proteins localize specifically on the outermost cell surface.

The most recent developments in force spectroscopy make it possible to probe,
on a molecular scale, the mechanisms that pathogenic bacteria display during the
infection process. It is thus possible to specifically target various molecules of the
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bacterial cell wall by means of functionalized AFM probes, and to study the behavior
of these molecules under stress. Different surface proteins have been identified to
promote the adhesion of gram-positive bacteria to host cells and were then studied
by AFM (Sullan et al., 2015, Herman et al., 2014). Mathelié-Guinlet et al. focused on
the adhesin SpsD from Staphylococcus pseudintermedius, which is known to bind to
fibrinogen. Using force-clamp spectroscopy, they showed that the interaction be-
tween SpsD and fibrinogen is strong and exhibits an unusual catch–slip transition in
response to force (Mathelié-Guinlet et al., 2020). Mechanical force first prolongs the
lifetime of the bonds up to a critical force around 1 nN, above which the bond lifetime
decreases as an ordinary slip bond. This study is the first to reveal such a catch bond
behavior in living gram-positive pathogens. It is thus suggested that such behavior
could be used by pathogens to tightly control their adhesion properties during coloni-
zation and infection: catch binding to strengthen adhesion during colonization and
biofilm formation while slip binding promoting cell dissemination.

Whatever the application of the AFM mentioned so far, one of the major draw-
backs resides in the time-consuming operation-intensive process in contrast to the
high-throughput approaches routinely applied in the omics fields. Consequently,
experiments described in many publications are often done with too few samples to
ensure proper statistical significance of the results. We therefore propose a solution
which consists in automating the procedure on a sequential but multisample basis
operating in fluid thus valid on biological cells (Dujardin et al., 2019). We demon-
strated the potential of this approach to detect and scan both fixed and living bacte-
ria before completion of data processing. Several hundred cells were thus detected
and scanned automatically. To emphasize the relevance of this approach, the effect
of two distinct treatments (gentamicin and heating) was then evidenced on physical
parameters of fixed Yersinia pseudotuberculosis bacteria. If the system in its current
state is directly applicable to image the topography of bacteria and probe their me-
chanical properties, its application to molecular imaging requires further develop-
ment, including functionalized AFM probes management. The opening of this
approach to more complex systems, such as mammalian cells or tissues, is cur-
rently under development.

6.10.1.5 Single-Cell Force Spectroscopy

As illustrated in the previous section, SMFS is a leading-edge approach to detect
and map adhesive proteins directly on living bacteria surfaces. It also allows advan-
ces in the understanding of the molecular mechanisms involved in adhesion, at the
scale of the single molecule. It is also fundamental to gain a more detailed under-
standing of the mechanisms that promote cell adhesion at the whole cell level to
eventually understand how bacterial pathogens interact with surfaces. For this pur-
pose, a single cell can be immobilized at the end of the AFM cantilever, in place of
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the probe, a so-called single-cell force spectroscopy (SCFS) mode (Helenius et al.,
2008, Benoit et al., 2000).

The immobilization of individual bacteria at the end of an AFM cantilever,
while ensuring that the cell remains alive, appeared challenging during the first at-
tempts to study such systems. Indeed, chemical approaches commonly used have
highlighted changes in the structure of the bacterial surface, which can lead to cell
inactivation after immobilization (Vadillo-Rodríguez et al., 2004). More gentle ap-
proaches based on polydopamine or Cell-Tak, a commercial wet cell adhesive, were
then proposed (Kang and Elimelech, 2009, Beaussart et al., 2014b, Zeng et al.,
2014).

Studying the adhesion of pathogenic bacteria to medically relevant abiotic sur-
faces is one of the possibilities offered by SCFS (Thewes et al., 2014, Merghni et al.,
2017). Probing surfaces of different natures (i.e., hydrophobic vs. hydrophilic, for
instance) allow a better understanding of the mechanisms governing the formation
of biofilms. In the context of host–pathogen interactions, SCFS can also be used to
identify specific adhesins involved in cell adhesion (Formosa-Dague et al., 2016,
Feuillie et al., 2018). Bacteria appendages such as pili and fimbriae also contribute
to cell adhesion through nonspecific and specific interactions. SCFS also enabled to
gain knowledge on how these appendages govern bacterial adhesion to abiotic sur-
faces or host cells (Beaussart et al., 2014a, Sullan et al., 2014, Beaussart et al.,
2016).

Although extremely useful to better understand the adhesion mechanisms devel-
oped by pathogenic bacteria, the SCFS has one major limitation: the difficulty in hav-
ing a sufficient panel of cell probes for each study, since each bacterium used as a
probe involves the specific preparation of a cantilever, making this approach really
time intensive. The fluidic force microscopy (FluidFM) technology is a valuable alter-
native which does not involve chemical fixing or glue (Dörig et al., 2010). It is based
on microchanneled AFM cantilevers with nanosized apertures, connected to a pump
through a microfluidic system, to easily capture and release individual cells on demand
(Meister et al., 2009, Guillaume-Gentil et al., 2014, Amarouch, El Hilaly & Mazouzi,
2018). While this approach has proven to be very effective for yeast immobilization
(Dörig et al., 2010), the small dimensions of the bacteria currently make their handling
even more challenging (Potthoff et al., 2015).

6.10.2 Host–Pathogen Interactions

The host-bacteria system can be first envisioned from a reductionism perspective. In
this manner, AFM allows studying the interactions between isolated molecules from
both host and bacteria and among that latter, adhesins play a crucial role being the
first front in the earliest interaction step. As an example, we can discuss the case of
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Neisseria meningitidis, the causative agent of meningitis. Neisseria meningitidis, or
meningococcus, uses signaling surface sensors from the endothelial cells, the beta2-
adrenoreceptor and the beta-arrestin pathway, which, in turn, activates the host cell
surface (Coureuil et al., 2010). After the knockdown of this receptor, bacteria are still
able to bind the host cell surface thanks to pilins E and V adhesins-mediated interac-
tion to CD147 as clearly established by several approaches (Bernard et al., 2014).
Among those, AFM allowed to investigate interaction forces with CD147 linked to an
inert substratum and pilins to the AFM tip (Bernard et al., 2014). Moreover, it has
been possible to further investigate the rupture forces and adhesion work for the
pilin/CD147 interaction when knocking down actinin 4, an actin-associated protein,
demonstrating the importance of the anchorage of the surface machinery to the under-
lying cytoskeleton (Maïssa et al., 2017). This can be also examined in the case of the
Listeria monocytogenes Internalin B adhesin interaction with the MET receptor. In that
case, depending on the type of septin expression depletion, rupture forces and adhe-
sion work were found affected (Mostowy et al., 2011). These two examples illustrate
the added value of AFM when studying the specific interaction of adhesins on the tip
and the cell surface receptors. Moreover, AFM can provide measurements of how dis-
turbed an interaction is when playing with the level of expression of internal cellular
molecular machineries directly or indirectly linked to plasma membrane receptors.

The next experimental configuration to consider is to link the bacterium to the
cantilever. As in the previous paragraph, alteration of rupture forces and adhesion
work can be investigated including when comparing heat-killed bacteria (or killed
upon antibiotic treatment) versus live bacteria on the tip-less cantilever as shown for
Yersinia pseudotuberculosis (Ciczora et al., 2019). Another aspect permitted using this
experimental configuration is to study directly in real time the recruitment of fluores-
cent-labeled host cell proteins when the bacterium lands on the cell surface (Ciczora
et al., 2019). These host proteins can be receptors, cytoskeleton (-associated) proteins,
and signaling molecules. It is possible to compare on the same host cell the landing
of living bacteria and killed bacteria – both coated on the cantilever (Ciczora et al.,
2019). Also, while the bacterium on the cantilever lands on the host cell surface, one
can monitor posttranslationally modified protein recruitment at the binding site (Cic-
zora et al., 2019). These are extremely valuable information for microbiologists to de-
cipher the triggering of the cell response cascade.

The coating of the bacterium can be achieved by several ways. Physisorption is
the most straightforward procedure (e.g., for Yersinia pseudotuberculosis; Ciczora
et al., 2019)), but it is not possible for all bacteria species and this has to be tested
in preliminary experiments. An alternative is to use chemical crosslinking, when-
ever the cell receptor is identified, so that it can be coated via a functionalized flexi-
ble linker (i.e., PEG). That is the case for the extracellular part of the MET receptor
for Listeria (Mostowy et al., 2011). A third possibility is to use the FluidFM micropi-
pette device that allows using a cantilever with a hollow tip and the microaperture
(300 nm and a spring constant of 0.28–0.52 N/m) connected via a canal to a tubing/
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pump system to apply a aspiration force in order to trap the bacterium, though only
bacteria–glass interaction have been studied to date (Hofherr et al., 2020).

AFM could also be useful to study internalized bacteria (more detailed in the
next section). With the introduction of the stiffness tomography approach (Roduit
et al., 2008, 2009) and its validation (Roduit et al., 2009) it is now possible to sense
bacteria within vacuolar compartment identified using fluorescence labeling of spe-
cific markers (Janel et al., 2017). For this, “correlative light AFM microscopy” (CLAM)
and even “correlative light, atomic force, electron microscopy” (CLAFEM) are funda-
mental. In the latter case, electron microscopy allows to identify those intracellular
structures of different stiffnesses that are not labeled with fluorescent probes (Janel
et al., 2017). The interest of such an approach is to understand how the mechanical
properties of vacuoles may influence clustering of signaling molecules that could af-
fect the cell response. One can think about variation of lipid composition due to spe-
cific diet or diseases like diabetes, lysosomal storage disease for instance.

6.10.3 Intracellular Pathogens

Even though AFM seems most relevant for studying first steps of infections (binding,
adhesion) due to its unique combination of sensitivity and versatility, it can also deci-
pher later infection processes when pathogens reach inside the cell. Being the golden
standard of surface analysis, the main added value of AFM is to monitor cellular sur-
face changes upon infection. In this regard, infected erythrocytes led to many publi-
cations although more related to parasites than bacteria. Plasmodium falciparum
hijacks the red blood cell to express proteins that progress to the cell membrane, al-
lowing vascular cytoadhesion and further infection. These proteins are located in
knobs-like membrane protrusions of nanometric size (Aikawa et al., 1996). AFM was
employed to characterize the knobs height, diameter, number, and homogeneity for
different parasite strains and we found a correlation between the genotype of the par-
asite and the phenotype of the cell membrane Figure 6.10.3A (Nacer et al., 2011).
Kwon et al. (2019) first observed an increase in the curvature, then stiffness, and later
height and volume at the different steps of Plasmodium berghei ANKA infection.

Virus-infected cells were also studied with the AFM (Häberle et al., 1992). Indeed,
virus entry and/or budding can be observed in real time with good resolution. Sur-
face roughness analysis of enveloped or nonenveloped virus-infected cells did not
show any difference, while line profiles show minor, possibly because of different
entry process (Moloney et al., 2004). Kuznetsov et al. (2004) observed Moloney mu-
rine leukemia virus (M-MuLV) in NIH 3T3 cells, and found out that the envelope gly-
coprotein greatly stabilizes the virion envelope, but not homogeneously throughout
the viral population. Same individual retrovirus budding events were characterized
in real time and classified into two populations: fast (<25 min) and slow (>45 min)
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(Gladnikoff and Rousso, 2008). It demonstrated how human immunodeficiency and
Moloney murine leukemia retroviruses infection reorganize the actin cytoskeleton from
fibers to aggregates and how budding is actin driven (Gladnikoff et al., 2009). Correlat-
ing with fluorescence adds the unambiguous identification of what is seen in topogra-
phy, for example, Figure 6.10.3B, the budding in HeLa cells expressing HIV-1 Gag-GFP
and immuno-stained with anti-CD9 for STORM/AFM correlation (Dahmane et al., 2019).

After this digression from bacteria, remodeling of cell surface can be even more
dramatic in the case of RhoA-inhibitory bacterial toxins effects on epithelial cells.
S. aureus EDIN toxin or Bacillus anthracis edema toxin form large transient transen-
dothelial cell macroaperture (TEM) tunnels by disrupting the contractile cytoskele-
tal network, allowing the bacteria to disseminate. AFM was key to monitor the
height profile of TEM opening and to model it as liquid dewetting with an increased
height at the cell border (Gonzalez-Rodriguez et al., 2012, Maddugoda et al., 2011).
It was then further described how a stiff actin cable Figure 6.10.3C limits the TEM
widening, following non-muscle myosin II increase of line tension and ezrin promo-
tion of actomyosin cable structuration (Stefani et al., 2017).

However, AFM is not limited to surface characterization. It can assess elasticity
of infected cells, and even intracellular stiffness changes. It has been demonstrated
how discontinuities visible on the approach curve performed on cells with rather
sharp tips are not instrumental artifacts, but intracellular compartments detected

Figure 6.10.3: Cell surface remodeling upon infections with parasite, virus, and intoxication. (A)
Plasmodium falciparum (3D7)-infected erythrocyte identified at the trophozoite step (top) and
corresponding AFM error signal displaying parasite-derived knob-like structures responsible of
adhesion in human endothelial cells (bottom). (B) CD9 recruitment at HIV-1 budding sites. HeLa
cells expressing HIV-1 Gag-GFP were immuno-stained with anti-CD9 coupled to Alexa-647 and
imaged by AFM (up), conventional fluorescence (middle), and dSTORM (bottom). Scale bars are
500 nm (up) and 200 nm (middle and bottom). Reproduced from (Dahmane et al., 2019) with
permission. (C) Transendothelial cell macroaperture on HUVEC cells induced by edema toxin. Top:
LifeAct-GFP fluorescence image, bottom: cell elasticity showing the stiff actin ring stabilizing the
aperture opening.
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because of their higher stiffnesses (Janel et al., 2019, Roduit et al., 2009). This has
been applied to the detection of intracellular Yersinia pseudotuberculosis bacteria
inside LC3-positive vacuole in Potorous tridactylus kidney (PtK2) cells, using correl-
ative AFM, fluorescence, and electron microscopy (Janel et al., 2017).

6.10.4 In Vitro Reconstituted Systems to Study
Toxins and Infection

In biophysics, to tackle the complexity of living systems, in vitro reconstituted sys-
tems are widely used. Whether from synthetic components or reconstituted from
purified parts of the living systems, they have been used to understand the struc-
ture and function of viruses (Kuznetsov and McPherson, 2011), bacterial mem-
branes, the bacterial outer membrane (Michel et al., 2017), host–cell interactions,
and the effect of xenobiotics, like the effect of antimicrobial compounds (Domenech
et al., 2009) or the kinetics of some antibiotics (Hammond et al., 2021). This section
is not intended to be exhaustive but rather to survey some of the issues where the
combination of a reconstituted system together with the use of AFM has been a key
to advance in the understanding of the biophysics of infections.

6.10.4.1 Dynamics of Pore-Forming Toxins

Pore-forming toxins (PFTs) are soluble proteins that can oligomerize on the cell
membrane and induce cell death by membrane insertion. PFTs can be secreted by
bacteria but also by fungi, plants, and animals, constituting a defense mechanism.
These toxins bind to the target membrane forming pores or channels through lytic
capabilities that eventually will lead to the cell death. The structure of the mem-
brane-spanning region defines the type of PFT: α-PFT (α-helical) or β-PFT (β-barrel)
(Iacovache, Bischofberger, & van der, Goot 2010). β-PFTs oligomerize on the mem-
brane surface before membrane insertion. These prepores are needed for the forma-
tion of the β-barrel, although the oligomerization does not have to be complete to
form the transmembrane lytic pores. Arc-shaped oligomeric intermediates can also
form functional pores (Hodel et al., 2016).

The first toxic proteins visualized by AFM were cholera toxin (Mou et al., 1995)
and pertussis toxin (1994), produced by different types of bacteria. They exist as
oligomers in solution, in the form of nonlytic prepores, that show tropism to specific
components of the target membrane and hence is adsorbed. For instance, cholera
toxin B-oligomers (CTX-B) are adsorbed on lipid bilayers containing monosialotetra-
hexosyl ganglioside (GM1), which is the receptor for CTX-B (Mou et al., 1995). Another
bacterial PFT, α-hemolysin (αHL), exists as a water-soluble monomer that can self-
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assemble into well-defined structures upon oligomerization on a lipid membrane.
One of the most studied models for this latter mechanisms has been α-hemolysin
(αHL) (Cheley et al., 1997). For a review on assemblies of PFTs visualized by atomic
force microscopy, see Yilmaz and Kobayashi (2016).

AFM probed to be useful to resolve the oligomeric structures of PFTs and the
consequent induced membrane reorganization. However, the dynamics of the pro-
cess remained unexplored until the AFM time resolution limit was pushed by the
development of high-speed (HS)-AFM (Kodera et al., 2010). Improving the acquisi-
tion rate, molecular movies capturing the motion of membrane proteins were possi-
ble, and in 2013 HS-AFM was used for the first time to study the subsecond dynamics
of PFT oligomers on a lipid membrane (Yilmaz et al., 2013). In this work, Yilmaz and
coworkers studied lysenin that oligomerizes on the membrane forming hexagonal
close-packed (hcp) structures. Hcp assembly was driven by reorganization of lysenin
oligomers such as association/dissociation and rapid diffusion along the sphingo-
myelin/cholesterol containing membrane. Once the entire membrane was covered by
the lysenin lattice, lysenin molecules were any longer diffusive neither dissociated.
Later on, Yilmaz and Kobayashi (2015) studied the effect of lysenin binding on the
dynamics of a phase separated membrane formed by liquid-ordered (Lo) cholesterol
containing domains and a phosphatidylcholine-rich liquid-disordered (Ld) phase. Ly-
senin oligomerized on the sphingomyelin (SM)-rich Lo, keeping stable the phase
boundary, which suggests that lysenin did not affect the line tension between Lo and
Ld phases. After the full coverage of the SM-rich domain by oligomers, their hcp as-
sembly gradually expanded into the Ld phase and eventually covered the entire mem-
brane. This suggested that pore formation itself induced the exclusion of SM and
cholesterol from the SM-rich domain, which was followed by further binding and
oligomerization of lysenin. Other studies on PFTs by means of HS-AFM followed (Yil-
maz and Kobayashi, 2016, Morante et al., 2016). The nonlytic oligomeric intermediate
known as prepore plays indeed an essential role in the mechanism of insertion of the
class of β-PFTs. However, in the class of α-PFTs, like the actinoporins produced by
sea anemones, evidence of membrane-bound prepores is sometimes lacking. In
Morante et al., they employed HS-AFM imaging together with single-particle cryo-
electron microscopy (cryo-EM) to identify, for the first time, a prepore species of
the actinoporin fragaceatoxin C bound to lipid vesicles (Morante et al., 2016). The
size of the prepore coincided with that of the functional pore, except for the trans-
membrane region, which is absent in the prepore. Biochemical assays indicated
that, in the prepore species, the N terminus is not inserted in the bilayer but is
exposed to the aqueous solution. Our study reveals the structure of the prepore in
actinoporins and highlights the role of structural intermediates for the formation
of cytolytic pores by an α-PFT.

Munguira et al. (2016) used the PFT lysenin as a model to study anomalous dif-
fusion of crowded membranes. This approach is unique and interesting because
anomalous diffusion cannot be related with single-particle tracking approaches to
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local molecular details due to the lack of direct and unlabeled single-molecule ob-
servation capabilities. HS-AFM imaging was then used to analyze the lysenin pre-
pore and pores on supported lipid membranes in highly crowded environment.
They were able to describe the variance and kurtosis of the images as a function of
the lag time and the area, ultimately describing the diffusion. They showed the for-
mation of local glassy phases, where proteins are trapped in neighbor-formed cages
for time scales up to 10 s, which had not been previously experimentally reported
for biological membranes. Furthermore, around solid-like patches and immobile
molecules a slower glasslike phase is detected, which traps the protein in a de-
creased diffusion area.

Finally, Ruan et al. (2016) used HS-AFM to investigate listeriolysin-O (LLO) ac-
tivity. LLO is a virulence factor secreted during infection by Listeria monocytogenes.
It enables the bacteria to escape from the phagocytic vacuole, which is necessary to
the dissemination to other cells and tissues. HS-AFM was particularly used to ana-
lyze the assembly kinetics of the prepore-to-pore transition dynamics and the mem-
brane disruption in real time. LLO toxin efficiency and disrupting mechanism
depends on the membrane cholesterol concentration and the environmental pH.
Moreover, LLO can form arc pores as well as damage lipid membranes as a lineac-
tant, and this leads to large-scale membrane defects, as shown in Figure 6.10.4.
Overall, the work of Ruan et al. provides a mechanistic basis of how large-scale
membrane disruption leads to release of Listeria from the phagocytic vacuole in the
cellular context.

6.10.4.2 Antimicrobial Peptides on Lipid Membranes

Quantitative characterization of membrane defects (pores) is important for elucidat-
ing the molecular basis of many membrane-active peptides. AFM observations on
supported lipid bilayers are often complemented with fluorescence spectroscopy
measurements to study the antimicrobial compound-induced time-dependent calcein
leakage, as by Pan and Khadka (2016) where they studied melittin-induced defects or
by Domenech et al. (2009) where they studied the interaction of oritavancin, semisyn-
thetic antibiotic, with supported lipid bilayers mimicking gram-positive organisms.

Regarding AMPs, De Santis et al. (2017) developed an AMP capsid of de novo
design. They introduced a de novo peptide topology that self-assembles into dis-
crete antimicrobial capsids, which mimics the viral architecture. By means of AFM
high-resolution and fast imaging, they could show that these artificial capsids as-
semble as 20-nm hollow shells that attack bacterial membranes and upon landing
on phospholipid bilayers instantaneously (seconds) convert into rapidly expanding
pores causing membrane lysis (minutes). This is shown in Figure 6.10.5. The de-
signed capsids show several antimicrobial activities that will eventually lead to bac-
terial death.
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New approaches are continuously emerging in biophysics. A recent work from
Kikuchi et al. (2020) focused on the study of bacterial extracellular vesicles (EVs).
EVs are nanometer-sized lipid bilayer-based colloids naturally released from cells.
In the case of bacteria, they are implicated in the transport of virulence factors, lat-
eral gene transfer, interception of bacteriophages, antibiotic and eukaryotic defense
factors, cell detoxification, and bacterial cell-to-cell communication (Schwech-
heimer and Kuehn, 2015, Kaparakis-Liaskos and Ferrero, 2015). There is an increas-
ing interest in use EVs as biotechnological platforms, for example, in drug delivery
or vaccines design (Gnopo et al., 2017). In this case, Kikuchi and coworkers used
HS-AFM to analyze individual bacterial EVs. HS-AFM is typically operated in acous-
tic-modulation (tapping) mode, the authors used the phase image channel in this
case, that correlates to different intrinsic viscoelastic properties of the material, to
discern different EVs isolated from bacterial cultures. Interestingly, they demon-
strated that a single bacterial species generates physically heterogeneous types of
MVs. AFM phase imaging showed in this case a quantitative analysis of physical

Figure 6.10.5: C 3-capsids disrupting phospholipid bilayers. (a) In-water AFM imaging of supported
lipid bilayers treated with C 3-capsids (3 µM total peptide). Topography (height) images, captured
at 13 s per frame, are shown. The time stamp corresponds to the middle line of each AFM scan,
referenced to the time (00:00) of capsid injection. White arrowheads indicate the AFM scan
direction. The scale bar is 1 μm. (b) Cross-sections along the lines marked in (a, − 00:13 and 01:57)
before (left) and after (right) the addition of capsids. Reproduced from (De Santis et al., 2017),
licensed under CC BY 4.0.
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properties of individual EVs. The development of this new methodology provides a
first step toward a better understanding of the biophysical properties of individual
vesicles in their native state, which will lead to a better understanding of bacterial
membrane vesicles biological functions (Cohen-Khait, 2020).

6.10.4.3 High-Speed AFM and Its Combination with Optical
Microscopy

The combination of AFM and optical microscopies is a strong tool that can address
long-standing questions about pathogens entry mechanisms, for example, as dis-
cussed earlier in Section 6.10.3, for revealing the membrane topography including
viral budding sites (Dahmane et al., 2019). HS-AFM imaging allows one step further to
decipher the molecular dynamics of pathogens or pathogenic compounds. Recently,
Lim et al. used HS-AFM to decipher the dynamics of influenza A hemagglutinin, prob-
ing its interaction with exosomes (Lim et al., 2020). They showed conformational
changes of the protein as a function of the acidity of the aqueous medium, and dis-
cussed it in the context of a possible mechanism of insertion of a fusion peptide into
the exosomal layer and subsequently destabilizing it upon rupture of the exosome,
releasing its content. The combination with optical microscopy would allow the great
advantage of keeping the target localized during pathogen internalization while per-
forming HS-AFM dynamic imaging.

However, there have not yet been any studies to our knowledge where HS-AFM
coupled to optical microscopy is used to tackle the pathogen entry. Fukuda et al.
(2013) developed the first tip-scan HS-AFM with total internal reflection fluores-
cence (TIRFM) microscopy. For the combination of HS-AFM with optical micros-
copy, the configuration of the AFM should be a tip-scanning setup rather than a
sample scanning, to allow a configuration where the stand-alone HS-AFM can be
mounted on an inverted optical microscope. They demonstrated the capability of
their combined system by imaging with a HS-AFM wide-range scanner and TIRFM
imaging chitinase A moving on a chitin crystalline fiber and myosin V walking on
an actin filament. Later on, Umakoshi et al. (2020) achieved simultaneous, correla-
tive HS-AFM/SNOM imaging in a setup where they accomplished a spatial and tem-
poral resolution of 39 nm and 3 s per frame, respectively, for SNOM imaging.

The combination of HS-AFM with optics is still in its infancy but promising in
the field of infection. Interestingly, Shibata et al. (2015) successfully imaged by
means of HS-AFM the dynamics of mammalian living cells. Imaging high-aspect
ratio objects such as living eukaryotic cells with HS-AFM is technically challenging.
The authors overcame this difficulty by using customed microfabricated AFM canti-
levers and attaching exceptionally long (~3 μm) and thin (~5 nm) tips of amorphous
carbon to the cantilever. This allowed them to image for the first time the surface
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structure of live cells with the spatiotemporal resolution of nanometers and sec-
onds, opening the avenue to study infected cells by the same means.

6.10.5 Conclusions

In the fields of microbiology and infection, AFM has proven to be particularly useful
for several purposes, from structural and mechanical characteristics of bacterial
cells, their adhesion properties to both surfaces and their hosts or the exploration of
the effect or mechanism of action of antimicrobials or other therapeutic agents, and
even following not only the first steps of infection but also deciphering later infec-
tion processes once the pathogens are inside the host cell. Both in cells and in vitro
reconstituted systems, the contribution of AFM is unique in terms of its imaging ca-
pabilities, force sensitivity, and nanomanipulation, all in near-physiological condi-
tions. In addition, at the single-molecule level, AFM also provides a tool to study
the kinetics and thermodynamics of ligand-receptor interactions between pathogen
and host factors. It is foreseeable that the combination of HS-AFM with advanced
optical microscopy discussed in the previous section will be of great relevance for
the study of pathogen–host cell interactions. In addition, one of the major avenues
of development that will benefit this study of host–pathogen interactions is the im-
provement of acquisition rate during nanomechanical characterization. As dis-
cussed, herein nanomechanical mapping allows the assessment of the mechanical
properties of heterogeneous surfaces such as the bacterial cell wall at high-spatial
resolution. If the development of fast or high-speed mapping sees the light, it will
serve to open a new avenue in the correlative studies between structure, dynamics,
and mechanics in general and in particular to better understand thermodynamics
and biophysics of infection processes.
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6.11 Stiffening of the Plant Root Cell Wall
Induced by a Metallic Stress

6.11.1 Introduction

Phosphate (Pi) is one of the main nutrients for plant growth, and Pi starvation has
many physiological and developmental effects on crops. One of these responses is
the inhibition of the primary root growth, correlated with a rapid decrease of cell
elongation. We demonstrated that this inhibition occurs soon after the root-tip en-
counters substratum acidity, containing iron and low phosphate (–Pi). This condi-
tion is called low-Pi stress.

Genetic analysis in Arabidopsis unveiled several proteins whose mutation de-
crease or increase the root growth sensitivity to the low-Pi stress. These proteins be-
long to a putative functional pathway with two converging branches. In one branch of
this pathway, the transcription factor STOP1 (SENSITIVE TO PROTON TOXICITY 1)
directly activates the expression of ALMT1 (ALUMINUM-ACTIVATED MALATE
TRANSPORTER 1), coding a malate transporter of the plasma membrane. In seed-
lings exposed to a low external pH, Fe (as well as Al3+) triggers the accumulation
of STOP1 in the nucleus. RAE1 (RIBONUCLEIC ACID EXPORT protein 1), an E3 ubiqui-
tin ligase, negatively regulates the stability of STOP1 in the nucleus. Thus, under iron
deficiency, RAE1 promotes the degradation of STOP1, which can be prevented by the
treatment with the proteasomal inhibitor, MG132. In the other branch of the pathway,
LPR1 (LOW PHOSPHATE ROOT 1) that codes for a cell wall located ferroxidase.
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Wild-type (WT, Coler105 1) seedlings exposed to a low external pH, Fe (as well as
Al3+) triggers the diminution of root elongation, while for the mutants stop1 and
almt1, the roots continue to grow. The current model postulates that exuded malate
interacts with the apoplastic Fe. The mechanism inhibiting the cell elongation and cell
wall modification is a matter of debate.

The primary cell wall (CW) is a 0.1–1 µm thick network of interconnected cellu-
lose microfibrils and a matrix composed of hemicelluloses, pectins, and structural
proteins (see Chapter 4.4). Located in between the two cell walls, the middle la-
mella primarily contains pectins. Cellulose microfibrils are made of highly crystal-
line domains (3–8 nm in diameter and several µm in length) linked together by
amorphous regions with an interfibril spacing of 20–40 nm; they are very stable
with negligible turnover (Cosgrove, 1997). Hemicelluloses, soluble only in strong al-
kali solutions, form a resilient and robust network with cellulose whereas pectins,
soluble in hot aqueous buffer or diluted acids or with calcium chelators, form hy-
drated gels that push microfibrils apart, participate in wall thickness and wall po-
rosity, and act as an adhesive layer between cells that are together in the middle
lamella (Cosgrove, 2005). The major role of primary CW is to resist plant tensile
stress while allowing a plant cell turgor-driven elongation. The cell wall is strong
enough to support the cell turgor pressure (~1 MPa), which imposes a wall stress of
about 10–100 MPa (Cosgrove, 1997).

The thickness, rigidity, and viscoelastic behavior of the cell wall determine the
size, shape, morphology, and growth of a plant (Forouzesh et al., 2013). Studying
plant biomechanics and mechanobiology extends our understanding of biological
acclimation and adaptation of plants to changing physical environment (Moulia,
2013). Although biomechanical studies have been numerous for aerial parts of
plants, there is much less study on roots due to the complexity of soils and the prac-
tical difficulties in visualizing roots in soils (Moulia, 2013).

One of the factors contributing to the complexity of the plant cell wall is the non-
uniform spatial distribution of mechanical properties such as the elastic modulus
(Yakubov et al., 2016). Several biophysical techniques have been used to study micro
and nanomechanics on plant CW (Burgert and Keplinger, 2013) and several reviews
on mechanical principles in plant growth, such as cell extension, growing CW, and
CW architecture, can be found here (Cosgrove, 1997, Schopfer, 2006). Plant cell elon-
gation theories are more than 100 years old, with a major account found in 1940
(Heyn, 1940), where it was emphasized that CW must be considered more as a living
organ than a dead structure. To study the plant CW, the cellular force microscopy has
been developed for large probes and high forces (up to mN), and revealed that

 Col is the accession name that stands for Columbia (the city where this Arabidopsis thaliana
strain has been found). er, stands for erecta, a mutation in the ERECTA gene. 105 is the allele (i.e., a
specific mutation) number 105. See Torii et al. (1996).
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stiffness experiments provide a convoluted property of CW elasticity, turgor pressure,
indenter geometry, and history in indentation stress (Routier-Kierzkowska et al.,
2012). By using the conventional atomic force microscopy (AFM) with a nanosized tip
(~10 nm in radius), it is possible to perform nanoindentation experiments, with forces
ranging from 0.1 to 100 nN and with a cantilever of <3 N/m spring constant. It is com-
monly assumed that with standard AFM, nanomechanical experiments probe only
the CW, with an average indentation below 500 nm. It is also commonly accepted
that an indentation depth of <5% of the size of the investigated object is a reasonable
depth target for AFM experiments on plants (Braybrook, 2015).

Most of mechanical properties of plant cell wall studies by AFM have been ob-
tained on isolated cells (Zhao et al., 2005, Peaucelle et al., 2012, Zdunek and Kur-
enda, 2013, Yakubov et al., 2016) or on sectioned plant materials (Arnould et al.,
2017, Torode et al., 2018, Kozlova et al., 2019). Only a few nanomaterial studies in
plant tissues have been performed (Milani et al., 2011, Peaucelle et al., 2011, Milani
et al., 2014, Balzergue et al., 2017). It has been proposed that strain-stiffening limits
growth and restricts organ bulging (Kierzkowski et al., 2012), but it has also been
recently found that plant roots can become stiffer as early as 30 min after exposition
to iron stress (Balzergue et al., 2017, Godon et al., 2019).

To understand how the –Pi condition could rapidly inhibit root cell elongation,
we reasoned that the mechanical properties of the CW could be modified. We ex-
plored the use of nanomechanical experiments with an AFM instrument to analyze
the effect of the –Pi stress on the Arabidopsis root tip. We focused the probed region
on the root epidermis cells located in the transition zone. In this region, cells have
ceased their divisions and are ready to elongate rapidly. Results showed that a CW
stiffening occurs around 30 min after the onset of the –Pi stress. This stiffening
does not arise in the almt1, stop1, and lpr1mutants, and the WT grown on a medium
with no added Fe. Using pharmacological drugs, we could show that peroxidases
(probably the class III peroxidases that are abundant in the CW) are essential for
this stiffening; they probably catalyze some covalent cross-links between macromo-
lecular components of the cell wall. This is the first study showing plant CW stiffen-
ing, induced by stress. Most of the nanomechanical results with plant grown in –Pi
condition have been published previously (Balzergue et al., 2017).

6.11.2 Elasticity Measurements in the Elongation
Zone of Living Plant Roots

All the related materials and methods are located in Chapter 5.4. First, we asked
how low Pi (–Pi) inhibits cell elongation. In plants, one mechanism that could alter
cell expansion is the modification of the mechanical properties of their surrounding
cell wall. Cross-links between some polysaccharides or proteins can be at the origin
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of this alteration of cell expansion. Thus, our hypothesis was that the cross-links in
CW increase cell wall stiffness. To test the hypothesis that stiffness increases early
after the onset of low Pi, we used a nanoindentation probe to measure cell surfaces
stiffness on root plant seedlings. We measured the stiffness of the root surface in
the transition zone, which is located between the root apical meristem (RAM) and
the elongation zone (EZ) (Figure 6.11.1), where cells rapidly elongate when condi-
tions are permissive. This region is localized at about 500 µm from the root tip.

AFM measurements were performed on WT seedlings that grew on a +Pi medium
and transferred to a –Pi medium for up to 2 h. We discovered that cell wall stiffness
increased as early as 30 min after transfer to –Pi and continued to increase in later
time points (Figure 6.11.2). All the experimental details for these experiments could
be found in Chapter 5.4.

Three different mutants lpr1, stop1, and almt1, in which root cell expansion is
not restrained under –Pi and isolated in our laboratory (Balzergue et al., 2017),
were tested under –Pi condition (Figure 6.11.32).

Figure 6.11.1: Scheme depicting different cell types of the primary root tip. Figure adapted from
Balzergue et al. (2017).

 Coler105 is the wild-type seedling whereas lpr1,lpr2 is a double mutant in the lpr genes. Stop148

and almt132 are mutants in STOP1 and ALMT1 genes. All the mutants lpr, stop1, and almt1 are insen-
sitive to the reduction of phosphate concentration in the environment (or the increase of iron con-
centration in the environment).
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We observed that the higher cell wall stiffness, measured for the WT, was de-
creased for the four stop1, almt1, and lpr1,lpr2 mutants (Figure 6.11.4). For the first
time, using AFM/nanoindentation probe, our results reveal a negative reciprocal re-
lation between cell wall stiffness in the root transition zone and the final epidermal

Figure 6.11.2: WT (Coler105) seedlings were transferred to –Pi or +Pi medium for the indicated time,
prior to measuring by AFM the stiffness of the cell surface in the transition zone of the primary root
(See Methods, Chapter 5.4) (median +/– interquartile, Mann–Whitney’s test. **** P < 0.0001; ns,
not significant (P > 0.05)). –Pi indicates the absence of added Pi in the culture medium. Figure
adapted from Balzergue et al. (2017).

Figure 6.11.3: Seven-day-old seedlings of the indicated genotype were transferred to +Pi or –Pi
medium for 24 h before measuring the final length of root epidermal cells (median +/–
interquartile; Tukey’s whiskers; Mann–Whitney’s test: **** P < 0.0001; n, number of cells). Figure
adapted from Balzergue et al. (2017).
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cell length. This suggests that low Pi triggers cell wall stiffening of pre-elongated
cells to restrict their elongation.

Class III peroxidases are thought to inhibit cell expansion by catalyzing cross-links be-
tween some polysaccharides or proteins, thereby tightening the cell wall (Passardi
et al., 2004, Wolf et al., 2012). To test the hypothesis that –Pi induced peroxidase activ-
ity would cause cell wall stiffening at the root tips, we used a pharmacological ap-
proach to inhibit peroxidase activity. Salicylhydroxamic acid (SHAM), a peroxidase
inhibitors (Rich et al., 1978, Balazs et al., 1986), treatment restored the WT root growth
under –Pi condition and significantly increased the root epidermal cell length
(Figure 6.11.5A). Consistent with the cell wall elongation restoration, we discovered
that SHAM strongly decreased cell wall stiffness in –Pi (Figure 6.11.5B). These observa-
tions support the view that peroxidase activity catalyzes crosslinks in some cell wall
components, thereby reducing cell expansion by chemical modification in the cell wall.

Recently, we demonstrated that in growth conditions with limited Pi allowing
to distinguish the effect of Fe from the –Pi condition, Fe triggers the accumulation
of STOP1 in the nucleus and increases the expression of ALMT1 (Godon et al., 2019).
In our previous work (Balzergue et al., 2017), we showed that in –Pi condition with-
out Fe addition, root cell expansion is not restrained, and the root growth is compa-
rable to seedlings growing on +Pi (Figure 6.11.6). Cell wall stiffness was measured
in –Pi condition, with or without Fe addition, and results reveal a reciprocal rela-
tion between increased cell stiffness in the root transition zone and increased iron
quantity in the medium. This suggests that Fe triggers cell wall stiffening to restrict
cell elongation.

All the above experiments demonstrated that after the transfer of seedlings from
the condition for which the Fe had no effect on root cell elongation (+Pi + Fe or –Pi–
Fe) to a condition for which the Fe has an effect (–Pi + Fe), the cell stiffness increased
rapidly (Balzergue et al., 2017). To evaluate the operational impact of our protocol
(Azimzadeh et al., 1992, Godon et al., 2017, Teulon et al., 2019), it was decided to

Figure 6.11.4: Seedlings of the indicated genotype were transferred to +Pi or –i medium for 30 min
prior to measuring by AFM the stiffness of the cell surface in the transition zone of the primary root
(median +/– interquartile, Mann–Whitney’s test; **** P < 0.0001; ns, not significant (P > 0.05)).
Figure adapted from Balzergue et al. (2017).
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measure the stiffness on seedlings that have grown continuously in the (–Pi + Fe)
medium, and not after a transfer. WT seeds were sown on –Pi plates containing 0,
8, 10, or 12 µM Fe, and they were grown for 4 or 7 days. We observed that after
4 days on plates containing 10 or 12 µM Fe, the primary root growth was strongly
reduced, compared to lower concentrations of Fe, whereas the seedlings on 8 µM Fe
were as long as those on the control plate without Fe (Figure 6.11.7A). Interestingly,

Figure 6.11.6: WT (Coler105) seedlings were transferred to –Pi or –Pi + Fe (10 µM FeCl2) medium for
30 min prior to measuring by AFM the stiffness of the cell surface in the transition zone of the
primary root (median +/– interquartile, Mann–Whitney’s test. **** P < 0.0001; ns, not significant (P
> 0.05)). The experiment was performed twice with consistent results, and one representative
experiment is shown. Fe10 means the presence of 10 µM FeCl2. –Pi indicates the absence of added
Pi to the culture medium. Figure adapted from Balzergue et al. (2017).

A B

Figure 6.11.5: Effect of SHAM on root epidermal cell length. (A) Three-day-old WT seedlings were
transferred for 7 days to + Pi or –Pi medium with or without 15 µM SHAM prior measuring the root
epidermal cell length. (B) Three-day-old WT seedlings were transferred for 30 min to +Pi or –Pi
medium with or without 15 µM SHAM prior to measuring by AFM the stiffness of the cell surface in
the transition zone of the primary root (median +/– interquartile; Tukey’s whiskers, Mann–Whitney’s
test: **** P < 0.0001, n= number of cells). Figure adapted from Balzergue et al. (2017).
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all the seedlings grown for 4 days with Fe showed the same increased stiffness,
compared to the control 0 Fe (Figure 6.11.7B). By letting seedlings grow for 3 more
days (7-day-old) we observe that those under 8 µM Fe condition are shorter than the
control 0 Fe, although not as short as those on 10 and 12 µM Fe. This shows that a
Fe-triggered stiffening of root cell surface occurs even without an immediate reduced
growth. These observations suggest that either the stiffening of internal cell walls
(not accessible with our AFM setup) is lower at 8 µM Fe than at 10 and 12 µM,
thus allowing the root to grow longer, or the stiffening is necessary to prevent
root growth and there is another Fe-dependent reaction inhibiting the growth.

In conclusion, a similar stiffening of plant roots has been observed, whether plants
were growing on iron-free medium (then transferred to Fe-rich medium before nano-
mechanical measurements) or on iron-containing medium until nanomechanical
measurements. The impact of nanomechanical measurements (implying a probing

Figure 6.11.7: (A) WT seeds were sown on –Pi agar medium containing 0, 8, 10, or 12 µM Fe, and
grown for four or seven days before taking the picture. (B) Stiffness of the root transition zone
surface from seedlings grown 4 days in conditions as in (A). The minimum and maximum scale of
red bar shows the interquartile region showing 50% of the data, whereas the middle red line
signifies the median. Y-axis shows the stiffness (kPa) and X-axis shows the different iron
concentrations. Sixty-one points are scattered outside the visible Y-scale.
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at the nm scale) with AFM is demonstrated by the ability to detect very early events
in plant root physiology, even before an observable phenotype. However, plants
growing continuously in the presence of iron show a relatively small growth in time,
whereas plants grown in the absence of Fe in agar and then transferred to a Fe-rich
agar show a strong growth arrest (data not shown). This indicates that plants behave
differently when they are sown under a stress condition, and they tend to counteract
and develop their own signaling pathway to overcome the stress.
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Outlook





Hans Oberleithner

7.1 Mechanics of Diseases: An Outlook

I would like to start this “Outlook” with a personal experience:
When, on a hot summer day in August 1992, I unleashed an “atomic force mi-

croscope” on living kidney cells in the Department of Cell and Molecular Physiology
at Yale Medical School, entering the previously unknown world of nanostructures
in living matter, I realized in a flash that I never wanted to leave that world again.

Almost 30 years have passed since then.
As the present work by nano-experts from all over the world impressively

shows, physicists in particular have brought new innovative techniques to the
nano-world and exported them to the life sciences, despite initial skepticism.

The skepticism existed on both sides. Here are the physicists who were used to
working “with the highest precision” on inanimate matter, and there are the biolo-
gists, physiologists, and physicians who were used to fishing in the cloudy waters
of animate matter.

Before I take a look into the future, I would like to turn the clock back half a cen-
tury, with the intention of pointing out some significant “quantum leaps” in the life
sciences that essentially took their starting point from the methods of physics and
that were only made possible by the close linking of the two broad areas of science.

From my personal perspective, I would like to divide the last 60 years – please
forgive the gross simplification – into four “quantum leaps”:

Around 1960: The electrical concept of cells
The electrical cell voltage as a fundamental life expression of a cell can be predicted
with almost physical/mathematical accuracy from the ion fluxes through the cell
membrane, although the molecular structure of the membrane proteins was still
completely unknown. The apparently “passive” protective shell of a cell turned out
to be the “crucial player” of all vital processes.

Around 1980: Molecular imaging
Driven by the exciting developments in molecular biology/genetics, physicists de-
velop methods for measuring/visualizing/manipulating cellular and macromolecu-
lar structures.

Nanotechnologies, originally reserved for the inanimate natural world, are in-
vading the life sciences on silent soles. A hitherto unknown world of molecular im-
ages emerges.
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Around 2000: Newton meets biology
Quantitative nanotechnologies discover the importance of cell mechanics. The possibili-
ties of precise force measurements in the nano- and pico-newtons open up a completely
new research perspective for bio-scientists – the possibility to explain cellular life pro-
cesses on the basis of mechanical interactions between organic macromolecules.

Around 2020: Newton meets medicine
The nano-world of life sciences is expanding. Nanotechnologies have long since
landed in the subfields of biomedical research. The mechanics of tissues, cells, and
their substructures provide novel clues to the physiology/pathophysiology of any
underlying life processes. As yet, it is still a “hunt and gather.” Physicists learn
from physicians, physicians learn from physicists; biologists learn from both.

Now comes my actual “outlook”

Around 2040: The mechanical concept of cells
As mentioned above, the decoding of the electrical cell voltage has led to fundamental
insights into the life of a cell, and ultimately to a deep understanding of the complex
organisms (man, animal, plant). The identification of myriad molecular structures in-
side and outside cells through the breakthrough advances in molecular biology/mo-
lecular genetics has made it possible to characterize nanomechanical properties
of organ-specific tissues, single cells, cellular substructures, and even intermolec-
ular forces. As can be seen from the various contributions in this volume, the ever-
expanding arsenal of innovative nanomethods is currently being applied to many
medical questions. It is becoming increasingly apparent that nanomechanics could
possibly play a key role in attempting to explain the fundamental processes of life.
Just as it was possible to unify the electrical phenomena of living cells into a generally
valid concept (membrane concept) in the past, it may become possible in the upcom-
ing years to derive from the mechanical phenomena, a generally valid principle for
the life processes of cells.

In other words

While, in the course of many years, the analysis of individual components (mem-
brane channels, ion pumps, etc.) had led to an overall concept of cell function, the
basis of which was the biophysical measurement of electrical voltage (volts), an-
other (alternative or complementary) overall concept of cell function may soon de-
velop. It will emerge from the nanomechanical properties of individual components
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of a cell (plasma membrane, cytoskeleton, nucleus, etc.), and the basis of which
will be the biophysical measurement of mechanical force (newtons).

From the various chapters of the present volume, it is clear that nanotechnolo-
gies – originally accessible mainly to physicists – have gained a foothold in the
broad field of life sciences, so that a wealth of valuable data on the mechanics of
individual components (tissues, extracellular and intracellular cell structures) al-
ready exists. The more information becomes available about the mechanical proper-
ties of whole cells and their substructures, the more rapidly a generally applicable
concept for nanomechanics of living matter will emerge.

The focus will be on quantitative force measurements, in the order of nano- and
pico-newtons. Due to the enormous progress in the development of high-end nano-
techniques (atomic force microscopy, laser tweezers, fiber optics, etc.), intermolecu-
lar constellations can be simulated in vitro and systematically characterized via
differentiated force measurements (viscoelasticity, frictional forces, electrostatic
forces, tension forces, etc.).

It is likely that the current trend in the life sciences, particularly in biomedi-
cine, will continue in looking at physiological as well as pathophysiological pro-
cesses under well-defined, controlled conditions (in vitro) and only then cautiously
increasing the complexity of experiments in tissues (in situ) to whole organism ex-
periments (in vivo).

Despite all the euphoria about the great advances in molecular biology, the key
role of electrolytes (inorganic ions) in generating cellular electricity should not be
pushed to the background. Without inorganic ions, life would not exist. The physio-
logical interaction of macromolecular structures can only function in a well-defined
ionic environment. Therefore, it will be of great importance not only to have any
conceivable macromolecule available, but also pay strict attention in experiments
with living matter to whether force measurements in the broadest sense can be
made under conditions that reflect the natural environment of a cell. This involves
not only the quality/quantity of the electrolyte composition, but also parameters
such as osmolality, molecular crowding, and many others.

However, if in the coming years we succeed in unifying the mechanical proper-
ties of specific cell structures – whether from humans, animals, or plants – in a
generally valid concept, this could create fertile grounds that would enable cell re-
search in a completely new light.
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